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ABSTRACT 

Nanomaterials have versatile applications in a variety of fields, including water 

treatment applications in environmental engineering and delivery of active ingredients 

for biomedical or agricultural applications. To explain, predict, and improve the 

functionality of nanoparticles for these applications, it is essential to provide a detailed 

and robust characterization of their surface and molecular level interactions. However, 

the characterization of these nanoscale systems is often challenging. This dissertation 

contributes toward developing new approaches to characterize and predict the surface 

chemistry and release behavior of nanomaterials. Specifically, the first section of the 

dissertation focuses on measuring and predicting competitive adsorption of proteins and 

natural organic matter onto titanium dioxide nanomaterials for water treatment. This 

research identified that intermolecular interactions and the kinetics of adsorption are 

critical to predict the adsorbed layer composition in complex environmental matrices. 

The following sections focus on developing advanced multi-detector asymmetric flow 

field – flow fractionation (AF4) methods to characterize the release of active ingredients 

from polymeric nanoparticles. This research demonstrated that, along with providing 

more robust and rapid analysis of drug release compared to conventional methods, the 

unique capability of the AF4 analysis to acquire size-resolved release profiles enables 

an improved understanding of release mechanisms that is not achievable in bulk time-

resolved assays. Overall, the new methods and modeling approaches developed here 

can be broadly applied to evaluate the surface and molecular interactions of 

nanomaterials and thereby better predict their functionality and design improved 

nanomaterials for environmental and health applications.   
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CHAPTER 1. INTRODUCTION 

1.1 Overview of Nanotechnology Applications and Characterization Needs  

Engineered nanoparticles (NPs), including metal oxide and polymeric NPs, have 

versatile applications in various fields, such as environmental fields for water treatment 

or pharmaceuticals for drug delivery purposes.1 To fully characterize and predict the 

NPs behavior for water treatment applications, it is critical to investigate their properties 

under conditions that mimic the actual environments. Natural and engineered systems 

contain various types of macromolecules, such as proteins, polysaccharides, and humic 

substances. Once NPs are exposed to the environmental matrix, the interaction of 

macromolecules with different physicochemical properties and their possible adsorption 

on the NP surface can significantly change the NP properties (e.g., charge, surface 

chemistry, etc.) and hence affect the fate, transport, and functionality of the NPs.2-4 

Therefore, the investigation of the adsorption process and molecular-level 

characterization of the NPs is essential to predict the change in the dissolution, 

reactivity, or aggregation state of the NPs and understand their likely functionality 

during realistic application scenarios such as water treatment.  

In addition to metal and metal oxide nanomaterials, polymeric nanoparticles are 

of growing interest as biodegradable or biocompatible materials for both biomedical 

and environmental (e.g., agricultural) applications. In these applications, the 

nanoparticle is often intended to serve as a carrier for an active ingredient. Hence, in 

addition to characterization of the NP itself, it is essential to understand the release 
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profile of active ingredients from the NPs and identify the mechanisms to predict the 

release behavior under any relevant application conditions (e.g., temperature, pH, etc.).  

In this chapter, we provide a short literature review and discuss current research 

gaps in evaluating and predicting the surface transformations on metal oxide NPs in 

complex matrices and active ingredient release from polymeric nanocarriers.  

1.2 Current Research Gaps 

1.2.1 Surface Transformations of Metal Oxide Nanoparticles in Complex Matrices  

Metal and metal oxide nanoparticles (NPs) have many applications in water 

treatment, for example, as adsorbents for removal of contaminants in drinking water or 

wastewater 5-8 or for removal of natural organic matter (NOM) from drinking water to 

reduce disinfection by-product formation,9 or as reactive materials to degrade 

contaminants. Hereafter, we discuss challenges in predicting the surface transformations 

of NPs in environmental matrices, with a specific focus on titanium dioxide (TiO2) NPs 

as photocatalytic nanomaterials of wide interest for the degradation of emerging 

contaminants.10-13 

Evaluating adsorption from more complex mixtures can be hindered by the 

challenging nature of separation and selective detection. Furthermore, during the 

adsorption process, the compounds adsorb from a bulk mixture of macromolecules; 

therefore, the interactions of free molecules in both the solution phase and at the 

interface (with the adsorbate species) should not be neglected. Additionally, in multi-

component systems, compounds with similar or different adsorption affinity might 

exist. Therefore, in addition to the adsorption process for each individual compound, 
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other simultaneous processes such as co-adsorption, displacement of the adsorbed 

species by solution-phase species, or multi-layer adsorption need to be considered.  

The majority of the prior literature on corona formation has considered 

simplified systems with only one single class of compound under fixed or varying 

environmental conditions. For instance, adsorption of different amino acids14 (each 

individually) or an organic acid (i.e., citric acid15) onto TiO2 at different pH were 

investigated. Some studies also considered the effect of different classes of 

macromolecules adsorption (in single-component solution) to TiO2 NPs and their 

subsequent effect on NPs functionalities. During a recent study, Wu et al. investigated 

the effect of bovine serum albumin (BSA) or fulvic acid (FA) coatings on 

photoreactivity properties of TiO2 NPs16 but had not considered the system containing 

both BSA and FA. Even adsorption from a single class of components, such as humic 

substances or natural organic matter (NOM), can be complicated to measure and predict 

given the broad range of individual components included in the classification.17, 18 For 

example, NOM adsorption might vary based on the NOM origin,19, 20  properties of the 

NOM (e.g., functional groups, molecular weight),21, 22 the NPs (e.g., size, charge),11 or 

environmental conditions (e.g., pH, ionic strength, types of ions).11, 21 23 The competitive 

adsorption between different fractions of the NOM, and higher affinity for species with 

higher aromaticity and molecular weight has been reported in a number of studies.11, 24, 

25  

In environmental applications, the NPs can be expected to encounter not only 

NOM but even more complex mixtures of biomolecules and NOM. However, few prior 

studies have considered systems containing NOM with other types of compounds like 
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proteins or other biomolecules. Prediction of competitive adsorption could be relatively 

simple if equilibrium can be assumed. However, recent studies have demonstrated the 

importance of the kinetics or order of interactions in multicomponent adsorption.26-28 29 

For TiO2 specifically, a recent study by Wu et al. investigated the ability of humic acid 

to displace pre-coated species on TiO2 particles in sequential adsorption experiments. 

Their findings suggest the displacement of weekly bound smaller organic acids (i.e., 

ascorbic acid and citric acid) by humic acid, and co-adsorption of a protein (bovine 

serum albumin (BSA)) and humic acid.30 Another related study evaluated the 

competitive adsorption and sequential adsorption of BSA and oxalate (representing 

dissolved organic carbon) onto TiO2 NPs.31  To better evaluate the surface coating of 

the NPs in more realistic conditions, considering the simultaneous exposure of the NPs 

to different types of the macromolecules as well as the sequential adsorption can be 

more informative.  

Often, the full suite of potential intermolecular interactions (in solution or at the 

surface) is not explicitly investigated, and hence predicting the adsorption process and 

resulting corona composition might be more challenging if such interactions are 

important. This research gap contributes to uncertainty in the prediction of the NP 

surface chemistry behavior in natural environments and water treatment systems. 

1.2.2 Characterization of Active Ingredient Release from Nanocarriers 

The use of nanocarriers for applications in drug delivery and agrochemical 

delivery has gained wide attention due to the utility of the nanoparticle to shield against 

drug degradation and control the amount and release of the administrated drug, which 
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facilitates targeted drug delivery.32, 33 In this application, it is required to have a robust 

and reliable method to detect and quantify the drug loading inside the matrix and 

subsequently obtain an accurate in vitro drug release profile. The majority of the 

conventional approaches require a separation step for the isolation of unentrapped active 

ingredients from the nanocarriers, and a subsequent method for quantification of the 

unentrapped/entrapped compounds. Additionally, these approaches are bulk release 

assays that do not provide additional information on the particle transformation or 

release mechanisms. The challenges of conventional approaches and the use of AF4 as 

a potential solution are further elaborated below.   

1.2.2.1. Isolation of the Nanocarriers for Drug Quantification 

Conventional methods to obtain release profiles based on the separation of 

particles from free drugs prior to quantification can result in increased time consumption 

and low sample recovery and may be applicable to drug release investigation solely in 

simple media (e.g., buffer). Additionally, the information obtained regarding the release 

behaviors (extent and rate of release) might be inaccurate; for example, during dialysis, 

an unavoidable lag time for dissolved drugs to diffuse through the dialysis membrane 

might be introduced; if this lag time is the limiting rate (i.e., slower than the NP release 

rate), then the release rate from the NPs can be underestimated. Additionally, 

centrifugation approaches that apply extensive forces during the NPs separation might 

also result in underestimating the actual drug loading. Moreover, in these approaches, 

the indirect quantification of drugs in dialysates or supernatants might not be possible 

due to sample loss (e.g., adsorption onto centrifuge tubes or the dialysis device). 
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To address these limitations in dissolution/release investigations, a few studies 

have proposed new approaches in which the need for particle separation is eliminated. 

For instance, the applications of drug selective electrodes were demonstrated for 

investigating the release profile of procaine hydrochloride from microgel,34 

electrochemical probes for detection of doxorubicin release from nanocarriers,35 or 

potentiometric sensors for monitoring the dissolution of hydrophobic compounds.36 

Additionally, some studies also applied different spectroscopy or imaging techniques 

such as attenuated total reflection Fourier transform infrared (ATR-FTIR) 

spectroscopy,37 near infrared spectroscopy,38 Raman spectroscopy,39 FTIR imaging,40-

42 or UV imaging43 to monitor the real-time drug release/dissolution from tablets/solids 

and to investigate further near-surface phenomena in the release process.  

Overall, these approaches were able to eliminate the need for separation of the 

free drug from the particles for further quantification; however, these methods are only 

applicable to a limited range of studies due to the unavailability of a drug selective 

electrode/probe/sensor or interference of the NP matrix or biological matrix with the 

drug quantification.  

1.2.2.2. Limited Characterization Information 

Common bulk release assays are typically used for studying time-dependent 

drug release profiles but are not easily able to provide information regarding the size-

dependent drug release, the NPs transformations during the release process (e.g., 

swelling, degradation), or other phenomenological insights regarding the drug release 

mechanism. One approach that can be applied to investigate the size-dependent release 

process is to synthesize various batches of the particles with different size distributions. 
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By comparing the drug release data obtained for each batch, detailed information 

regarding the size-dependent release behavior and the drug release mechanisms can be 

obtained. For instance, Berkland et al. studied the release of three model drugs with 

various hydrophobicity from poly(sebacic anhydride) (PSA) microparticles and 

concluded that depending on the drug properties by decreasing the size of the 

microsphere, different size-dependent release rates, ranging from almost no size-

dependent release to a slower release, are observed.44 However, for poly(lactide-co-

glycolide) (PLGA) microspheres, an increase in the release rate with decreasing size of 

the microparticles was reported and attributed to an increase in surface area to volume 

ratio.45 Other studies involving the synthesis of different size ranges of β-carotene in 

zein protein,46 or Rhodamine B loaded nanocapsules,47 reported a faster release for 

smaller nanocarriers. In another study, the change in the lysozyme release mechanism 

(for copolymer microspheres) from zero-order kinetics to Fickian diffusion was 

reported with a change in particle size.48  

Overall, to observe size-dependent release behavior, an extensive amount of 

measurements and sample preparations would usually be required. Therefore, 

development of an approach that can perform these analyses on a single batch of 

polydisperse NPs would be novel and valuable.  One possible solution to overcome the 

mentioned limitations (i.e., separation of free drug and no size information) is the 

coupling or hyphenation of fractionation methods such as asymmetric flow field-flow 

fractionation (AF4) or capillary electrophoresis (CE) with characterization of the size 

fractions by various online/offline detectors. For instance, a number of studies have 

demonstrated the use of separation techniques such as capillary electrophoresis (CE), 
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coupled to online detectors for investigation of drug encapsulation in liposomes.49-53 In 

the next section, we will provide the current state-of-the-art for the use of the AF4 

approach for drug release investigations.  

1.2.2.3. AF4 and Current State-of-the-art for AF4 

Asymmetric flow field-flow fractionation has shown promising results for 

successful size separation of nanoformulations.54-56 After separation of the nanocarriers, 

the drug distributions can be measured ex situ by collecting NPs fractions, followed by 

offline HPLC or liquid chromatography-mass spectroscopy (LC-MS) analysis.55-57 For 

example, in a recent study by Hu et al., in addition to evaluation of NP size and 

morphology, drug distribution across different NP size fractions was achieved by 

fraction collection from the AF4 followed by offline HPLC analysis.58 Ansar et al. also 

applied the AF4 separation technique to doxorubicin liposomal formulations and 

analyzed the collected fractions at different time intervals for their size distribution, lipid 

composition, and the ratio of drug to lipid.57  

In another approach, by coupling AF4 to various online detectors (e.g., UV-Vis, 

fluorescence detection (FLD)), the separation and characterization of the 

nanoformulation can be performed simultaneously. For example, Hinna et al. and 

Fraunhofer et al. investigated the coupling of AF4 with online UV-Vis analysis to probe 

loading or transfer from liposomal and gelatin NPs, respectively.59-62 Wankar et al., also 

by the use of AF4 with an online UV-vis spectrophotometer, confirm the antibiotic 

loading inside the nanocarriers.63 The main challenges in the use of UV-vis detection 

techniques might be the interference of the particle scattering with the UV-Vis 

measurements for drug detection.59, 64 Fluorescence detection (FLD) can be used for 
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detection of the fluorophore compounds and as a substitute for UV detection, providing 

higher sensitivity and selectivity. However, to our knowledge, the applications of AF4-

FLD analysis for nanomedicines have been limited to qualitative studies, e.g., by 

Iavicoli et al. for the binding of fluorophore-tagged peptides to liposomes,65 de Oliveira 

et al. to evaluate drug transfer to proteins,66 or Pound-Lana et al. to investigate the 

aggregation of the nanoparticles and to monitor the release of lipophilic dye from 

polymeric nanospheres67 without detailed quantitative analysis of release profiles.  

The other advantage of using size-separation techniques such as AF4 is that by 

coupling the instrument to online light scattering detectors, the obtained high resolution 

size-resolved information can enable investigation of phenomena such as degradation 

or swelling of the particles. This method was previously used for monitoring nanogel 

degradation during the time under different conditions,68, 69 investigating the 

erosion/swelling of thermoresponsive microgels,70 or self-degradation of drug-loaded 

polymeric nanoparticles.71  

Overall, coupling separation techniques with multi-detector analyses for direct 

quantification of the drug inside the particle can enable rapid generation of “high 

information” data to overcome limitations of the conventional methods. The 

sensitive/selective detection of active ingredients directly inside the particles and 

simultaneous size analysis can enable the size-dependent release analysis and further 

investigation of the release mechanism and drug distribution by conducting 

measurements on one polydisperse sample rather than the need for the synthesis of 

several batches with different sizes.   
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1.3 Dissertation Overview 

This dissertation reports the development of advanced characterization 

techniques to characterize the surface transformations and molecular release from 

nanomaterials and the application of these methods to predict competitive adsorption 

and identify release mechanisms. Three specific research projects are presented with the 

following objectives: (1) predicting the composition of mixed coronas (protein and 

NOM) on the surface of TiO2 NPs for water treatment applications; (2) developing and 

validating a multi-detector AF4 method for direct monitoring of drug release from 

polymeric NPs for drug delivery applications; and (3) extending the AF4 method to 

evaluate formulation purity and NP transformations and to identify release mechanisms 

via size-dependent release analysis.   

The first project is presented in Chapter 2 and investigates the adsorption of two 

different classes of macromolecules, a protein and natural organic matter (NOM), with 

titanium dioxide (TiO2) NPs under competitive and sequential exposure conditions. By 

fundamentally considering the physicochemical properties of the macromolecules (i.e., 

size, diffusion coefficient, adsorption affinity) and NPs (i.e., size), the competitive 

adsorption behavior and, therefore, the composition of the mixed corona can be 

predicted. Moreover, in this study, the effect of all possible interactions between the 

macromolecules and the NPs on the adsorption process will be considered. This study 

will contribute to predict the surface chemistry of the NPs exposed to different 

macromolecules in more complex environments like water treatment facilities. This 

chapter of the dissertation is published in Environmental Science & Technology.72  
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The second project is presented in Chapter 3 and aims to demonstrate the 

development of asymmetric flow field-flow fractionation (AF4) coupled with 

fluorescence detection and multiple other detectors as a novel approach for direct and 

near-real-time monitoring of fluorescent drug release from polymeric NPs. This new 

approach can help us to obtain useful information regarding the temperature- and size-

dependent release behavior of NPs that can be challenging to measure with conventional 

methods (e.g., NPs with a high amount of unincorporated drug and with low loading). 

Overall, this study contributes to providing a new and more robust method to obtain the 

release profile of small fluorescent molecules from polymeric NPs for drug delivery 

purposes. This chapter of the dissertation has been submitted for publication.  

The third project is presented in Chapter 4 and extends the multi-detector AF4 

approach with online total organic carbon (TOC) detection, as well as demonstrates the 

full capabilities of the approach to distinguish drug release mechanisms. We 

demonstrate the advantages of TOC over alternative detection techniques such as UV 

detection for quantification of the NPs as well as free polymers in the matrix. The bulk 

release profile obtained by the AF4 approach will be validated by solvent extraction 

techniques. Moreover, by investigating the size-dependent release behavior of a 

lipophilic dye from polymeric NPs, as well as the drug-loaded NPs (Chapter 3), we will 

identify the location of the active ingredient carried by the particles (near/at the surface 

or entrapped inside the particles) to better identify the release mechanism. This chapter 

is under preparation for submission as a manuscript.  
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CHAPTER 2. ADSORPTION OF MACROMOLECULE 

MIXTURES ONTO METAL OXIDE NANOPARTICLES 

2.1 Introduction 

Engineered nanoparticles (NPs) have gained attention for applications in myriad 

fields such as water treatment and drug delivery, while concerns for potential 

environmental risks have also arisen.73-75 The adsorption of macromolecules to form a 

coating or corona on the NP surface significantly changes the environmental fate and 

biological interactions of the NPs,2, 3, 76-87 and hence surface chemistry is a critical 

property of the NP. In complex matrices, the corona composition is difficult to 

characterize or predict. For example, natural organic matter (NOM) or humic substances 

can show adsorptive fractionation, such that the composition of the adsorbed layer 

differs from that of the bulk solution,88-94 and extensive studies on protein corona 

formation in physiological media have highlighted the dynamic nature of the adsorption 

process.82-87 To our knowledge, few studies are available for NPs in environmental 

media comprising multiple classes of macromolecules, including not only NOM but 

also proteins, polysaccharides, and other biomolecules.17, 18 This research gap 

contributes uncertainty in interpreting NP behavior in complex environmental matrices, 

when the ultimate NP surface composition is unknown.  

Here, we investigate the competitive adsorption of NOM and a protein, bovine 

serum albumin (BSA), onto titanium dioxide (TiO2) NPs as a model system to identify 

the mechanisms controlling corona formation on NPs in complex environmental 

mixtures. TiO2 NPs are photoreactive and hence of interest for water treatment 
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applications,13, 95-98 but surface fouling (or corona formation) can modify the 

effectiveness of the NPs.99-101 Our long-term goal is to predict the photoreactivity of 

TiO2 in complex media. To do so first requires a thorough understanding of the corona 

formation. To our knowledge, only single-component adsorption of NOM22, 102-104 or 

BSA104-107 onto TiO2 NPs has previously been evaluated. Adsorption of NOM and 

protein together has primarily been studied in the soil sciences, where zonal organic 

matter structures proposed by Kleber et al.108 were attributed in part to multilayers that 

form upon sequential adsorption of pure proteins over NOM coatings on mineral 

surfaces.109-111 However, in these studies, the influence of solution-phase interactions 

that can occur between NOM and protein (prior to adsorption) has not yet been fully 

explored. A recent study by Schmidt et al. identified that solution-phase complexation 

of BSA onto DNA reduces repulsive interactions to enhance DNA adsorption to goethite 

surfaces.112 As proteins also complex with NOM,113-119 we hypothesize that 

complexation can influence adsorption from mixtures of NOM and protein onto NPs. A 

comprehensive understanding of the adsorption process must therefore consider all 

possible interactions between NOM, protein, and TiO2 NPs, including those between 

the uncoated NPs and macromolecules, between NOM and protein in solution (e.g., 

complexation114-118), and between adsorbed and dissolved macromolecules (e.g., 

displacement120-122 or multi-layer adsorption109-111).  

The objective of this study is to achieve a mechanistic understanding of the 

fundamental processes controlling the adsorption of mixtures of NOM and BSA onto 

TiO2 NPs, by investigating solution and surface interactions, as well as the kinetics and 

history of these interactions. Batch adsorption experiments were evaluated against 
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theoretical equilibrium and kinetic adsorption models. We then focus on the influence 

of NOM-protein complexation on the adsorption process, using size exclusion 

chromatography (SEC) to identify complexation and in situ attenuated total reflectance 

– Fourier transform infrared (ATR-FTIR) spectroscopy to probe competitive 

adsorption, co-adsorption, or multilayer adsorption phenomena under different NP 

exposure conditions. We expect this fundamental knowledge will be useful to identify 

the range of processes that can affect corona formation on NPs in complex 

environmental media.  

2.2 Materials and Methods 

2.2.1 Materials 

Titanium dioxide (TiO2) NPs (Standard Reference Material (SRM) 1898) were 

obtained from the National Institute of Standards and Technology (NIST, Gaithersburg, 

MD), Suwannee River NOM (Cat. No. 1R101N) from the International Humic 

Substances Society (IHSS, St. Paul, MN), and bovine serum albumin (BSA, reagent 

grade pure powder) from Sera Care Life Sciences (Milford, MA). Other reagents are 

specified in the Appendix A. BSA (1 g/L) and NOM (1 g/L) stock solutions were 

prepared in Milli-Q water, adjusted to pH 7 using (0.1 or 1) M HCl or NaOH, and 

allowed to equilibrate overnight to dissolve. Stock solutions were filtered through 0.22 

µm polyethersulfone membranes (EMD Millipore, Burlington, MA). Filter loss (to 

correct subsequent concentrations) was determined against unfiltered stocks for BSA 

by absorbance at 280 nm on a UV-2600 spectrophotometer (Shimadzu, Columbia, MD) 

(< 5% filter loss), and for NOM by total organic carbon (TOC) analysis (Xenco 
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Laboratories, Houston, TX) or SEC with refractive index (RI) detection, described in 

the Appendix A (8% to 10% filter loss). Subsequent samples containing NOM or BSA 

were prepared in an aqueous buffer of 1.2 mM NaHCO3 and 0.85 mM CaCl2 (pH 7 to 

7.5), representing a simplified Environmental Protection Agency (EPA) moderately 

hard water123 (matching the total monovalent and divalent cation concentrations using 

only NaHCO3 and CaCl2), and provides similar pH, bicarbonate, and calcium 

concentrations to those reported in freshwater systems.124  

2.2.2 Preparation and Characterization of TiO2 Suspensions 

Stock suspensions of TiO2 NPs (2 g/L in Milli-Q water) were dispersed using an 

ultrasonication probe (TM250B Tekmar Sonic Disruptor, Cincinnati, OH) at a measured 

power125 of (20 ± 3) W for three 5-min intervals, immediately prior to use. The NPs 

have reported crystallite particle diameters of (19 ± 2) nm for anatase (comprising 76% 

of the sample) and (37 ± 6) nm for rutile (comprising 24%).126 Dynamic light scattering 

(DLS) measurements (Zetasizer Nano, Malvern Instruments, Westborough, MA) were 

taken to determine the hydrodynamic size as the z-average diameter of (155 ± 11) nm, 

intensity-average diameter of (182 ± 14) nm, or volume-average diameter of (118 ± 8) 

nm for stock suspensions diluted to 0.2 g/L TiO2 NPs in 1 mM NaCl (pH 5.6 ± 0.5), 

confirming good dispersion of the NPs compared to the reported volume-mean diameter 

in the NIST SRM 1898 Certificate of Analysis (CoA).126 After each adsorption 

experiment, DLS size was also measured directly on samples containing 0.5 g/L NPs in 

the buffer stated above. A specific surface area of 54 m2/g reported in the NIST CoA 

(from Brunauer–Emmett–Teller (BET) analysis) was used to calculate adsorbed masses.  

https://en.wikipedia.org/wiki/Worcestershire
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2.2.3 Characterization of BSA and NOM Solutions by SEC 

Solutions of BSA and NOM and their mixtures were prepared in the 

CaCl2/NaHCO3 medium noted above, fixing one species’ concentration at 100 mg/L 

and varying the other from (10 to 200) mg/L. SEC analysis was performed using a 

Superdex 75 10/300 GL analytical SEC column (GE Healthcare, Chicago, Illinois) on 

an Agilent 1290 Infinity system comprising a binary pump, degasser, and autosampler 

(Agilent, Santa Clara, CA). 100 μL of sample was injected. The eluent was 4 mM 

phosphate (pH 7) with 25 mM NaCl at a flow rate of 0.7 mL/min.127 128 Similar results 

were observed in eluent matching the sample buffer (Figure A.2), but column fouling 

by NOM occurred in Ca2+-containing media. A UV-vis diode array detector (Agilent 

1260 UV-DAD), fluorescence detector (Agilent 1260 FLD), and refractive index (RI) 

detector (Wyatt, Optilab T-rEX) were situated in-line after the SEC column. The DAD 

monitored absorbance across (200 to 500) nm in 2 nm increments. The FLD monitored 

the fluorescence of BSA at excitation/emission wavelengths of (295/345) nm.129 

Complexation of NOM onto BSA was evaluated within 1 h of mixing, based on the 

change in UV and FLD peak areas across the BSA elution time and depletion in RI peak 

area across the NOM elution time, on duplicate samples. The complexation kinetics of 

BSA (100 mg/L) and NOM (100 mg/L) were also evaluated.  

2.2.4 Batch Adsorption Isotherms 

Adsorption isotherms onto TiO2 NPs (0.5 g/L) were obtained in triplicate. 

Single-component isotherms were collected for initial concentrations of BSA from (60 

to 250) mg/L or NOM from (10 to 200) mg/L in the CaCl2/NaHCO3 buffer. The buffer 
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and adsorbates were mixed, followed by NP addition within 1 h. Samples were covered 

with aluminum foil and rotated end-over-end at 25 rpm at room temperature for 

approximately 24 h. Then, 1.5 mL of sample was centrifuged in an Eppendorf Protein 

LoBind centrifuge tube at 13000 rpm (12641×g) for 23 min (MiniSpin Plus, Eppendorf, 

Hamburg, Germany). Supernatant was collected to quantify unadsorbed species. Batch 

adsorption samples for mixtures of BSA and NOM onto TiO2 (0.5 g/L) were prepared 

following the same procedures, fixing the concentration of one species at 100 mg/L 

while the other was varied from (10 to 200) mg/L. 

The adsorbed mass of BSA or NOM was determined by solution depletion, i.e., 

subtracting the remaining from the initial concentration, and dividing the depleted mass 

by the estimated TiO2 surface area from the NIST CoA. BSA was quantified by the 

Bradford assay (Appendix A);130 for binary-component solutions, corrections for 

interferences in the presence of NOM131 were applied (Figure A.1). NOM was analyzed 

by SEC with refractive index (RI) detection (method description in Appendix A) to 

quantify solution depletion and identify adsorptive fractionation of NOM onto TiO2. 

Spectral analysis of the NOM by batch- and SEC-UV-vis analysis132-135 was also 

performed to evaluate adsorptive fractionation (Appendix A). 

2.2.5 Kinetic Adsorption Experiments  

In situ ATR-FTIR spectroscopy was used to semi-quantitatively evaluate the 

kinetics of adsorption, displacement of adsorbed species, and multilayer adsorption 

processes. A Nicolet iS50 FTIR spectrometer (ThermoFisher Scientific, Waltham, MA) 

was equipped with a diamond/ZnSe single reflection ATR crystal (PIKE Technologies, 

https://www.bing.com/search?q=waltham+massachusetts&filters=ufn%3a%22waltham+massachusetts%22+sid%3a%229ab6edbf-73c4-a900-b366-f55561bbe95f%22&FORM=SNAPST
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Fitchburg, WI). Spectra were collected from (800 to 4000) cm-1 with a resolution of 2 

cm-1 and averaged over 200 scans. 5 μL of TiO2 (10 g/L in Milli-Q water) was dried 

onto the ATR crystal, and a flow cell (PIKE Technologies) was attached. Because the 

background solution chemistry and pH are important,23, 107, 136 buffer solution with the 

same composition used in the adsorption experiments was flowed over the NPs to 

equilibrate the surface chemistry and also remove loosely attached NPs. 

Adsorption experiments were conducted separately with pure NOM, pure BSA, 

or mixtures. For pure NOM or BSA, 100 mg/L solutions in the buffer were flowed over 

the NPs, and spectra were collected every 10 min and reprocessed using a background 

spectrum of macromolecule-free buffer over the TiO2 film. We performed the same 

experiment for NOM-BSA mixtures (100 mg/L of each species), injected after almost 

1 hour mixing. To compare relative adsorbed amounts of NOM and BSA from the 

mixtures, spectra across (1300 to 1800) cm-1 were modeled as a linear combination of 

the single-component adsorbed NOM and BSA spectra to obtain fitted coefficients, 

𝐴NOM
′  and 𝐴BSA

′  (details in Appendix A). For this analysis, 1800 cm-1 was largely free of 

NOM or BSA absorbance and selected as a base point to vertically align the spectra 

before fitting. The ATR-FTIR analysis is only semi-quantitative because of the variable 

TiO2 film deposited between experiments; hence, fitted coefficients are not compared 

directly. Only ratios of coefficients, e.g., 
𝐴BSA

′ (𝑡)

𝐴NOM
′ (𝑡)

, were compared between samples, 

normalizing the TiO2 surface area and sample volume probed, roughly analogous to the 

use of internal standards for quantitative FTIR analysis.137 

Sequential adsorption experiments were performed to evaluate interactions 

between adsorbed and dissolved macromolecules. Fresh TiO2 NP films were prepared 
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and equilibrated in buffer, followed by equilibration in NOM (100 mg/L), which was 

identified in batch experiments to preferentially adsorb. In one experiment, pure BSA 

(100 mg/L) was then injected over the NOM-coated TiO2 to identify displacement or 

overcoating. In other experiments, a mixture of BSA and NOM was injected over the 

NOM-coated TiO2, followed by a solution of pure BSA, to distinguish the role of 

solution-phase mixture interactions on BSA adsorption to NOM-coated TiO2. Three 

mixtures were evaluated, BSA (50 mg/L) with NOM (100 mg/L), BSA (100 mg/L) with 

NOM (200 mg/L), and BSA (200 mg/L) with NOM (100 mg/L). 

2.3 Results and Discussion 

2.3.1 Batch Single-component Adsorption of BSA and NOM onto TiO2 NPs 

Batch adsorption experiments were performed at pH 7 to 7.5, where the TiO2 

NPs have a || < 20 mV,126, 138 and both BSA and NOM are negatively charged 

(isoelectric point of BSA ≈ 5.1;139 zeta potential for NOM at pH 7 ≈ -40 mV).102 The 

adsorption behavior will be determined by attractive forces, including Van der Waals 

forces, hydrophobic interactions, hydrogen bonding, and Ca2+ bridging in our media, as 

well as repulsive electrostatic and hydrophilic forces. While uncoated TiO2 NPs 

aggregate rapidly in this medium, increasing concentrations of BSA and NOM provided 

steric/electrosteric colloidal stability,140, 141 as observed by DLS (Figure A.3). 

Aggregation at lower adsorbate to NP ratios could reduce the available surface area for 

adsorption, but we obtained similar BSA adsorption isotherms at different TiO2 

concentrations, (0.5 and 1) g/L, suggesting the effect may be minimal. To obtain the 

entire isotherm with measurable solution concentrations, the initial concentrations of 
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adsorbate used were higher than typical environmental concentrations, particularly for 

proteins which represent a small percent of dissolved organic carbon (DOC) in surface 

waters.18, 142 However, the lower extent of our remaining (equilibrium) solution 

concentrations (≈ 4 mg/L) is within the range of higher concentrations observed (e.g., 

up to 40 mg/L of DOC in wetlands,18 or (1 to 50) mg/L protein in urban watersheds and 

wastewater effluents143-145). 

 

 

Figure 2.1. Batch adsorption isotherms onto TiO2 NPs for the single-component (SC) 

solution and binary-component (BC) mixtures of NOM and BSA. Error bars 

represent the standard deviation of n = 3 samples. 

 

 

A Langmuir adsorption isotherm (Equation A.2) was able to fit the single-

component adsorption of BSA and NOM (Figure 2.1), with saturation adsorbed masses, 

qmax, of (2.6 and 0.90) mg/m2, respectively, fitted by nonlinear regression. These values 

are higher than other reports, e.g., 1.7 mg/m2 for BSA at pH 7.3,146 and ≈ 0.2 mg/m2 for 

NOM at pH 7,94 and likely attributable to the presence of Ca2+ which enhances both 

albumin and NOM adsorption to TiO2 by bridging.147-150 Therefore, we caution 

extrapolation of results to media lacking Ca2+. The Langmuir isotherm constant, K, for 
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BSA (1.1 L/mg) was higher than that for NOM (0.051 L/mg). We interpret K only as an 

empirical fitting parameter indicative of the steeper slope of the BSA isotherm and also 

note wide 95% confidence intervals on the fitted K for BSA (Table A.1). 

We investigated the NOM adsorption in further detail, considering the 

heterogeneity of the NOM itself. Batch UV-vis absorbance data showed a decrease in 

the spectral slope of the NOM after adsorption (Figure A.4), indicative of preferential 

adsorption of higher molar mass species with “activated” aromatic groups (i.e., those 

with polar ring substitutions, e.g., carbonyl, carboxyl, and ester groups).134 The SEC 

analysis (Figure A.5), along with providing adsorbed mass of NOM, confirmed 

preferential adsorption of higher molar mass NOM, consistent with prior studies.88-90 

The direct relationship between spectral slope and molar mass was also verified by SEC-

UV-DAD analysis133, 135 (Figure A.6). Finally, ATR-FTIR analysis showed that the non-

adsorbing, lower molar mass fraction contained higher amounts of functional groups at 

1120 cm-1 (Figure A.7), which are observed in hydrophilic NOM fractions and attributed 

to the C-O stretch of alcohol or carbohydrate species.151, 152 The preferential adsorption 

was used to inform the properties of adsorbing NOM when parameterizing the 

competitive adsorption models hereafter.  

2.3.2 Batch Competitive Adsorption from Mixtures of NOM and BSA is 

Kinetically-determined and Monolayer-limited 

Adsorption from mixtures of NOM and BSA onto TiO2 was measured in two 

sets of batch experiments, varying the concentration of BSA in the presence of 100 mg/L 

NOM, and vice versa (Figure 2.1). NOM largely outcompetes BSA for adsorption, 
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contrary to expectations from the single-component isotherms. To further explore this 

phenomenon, experimental observations were compared to two theoretical models, an 

equilibrium Langmuir adsorption model, and a kinetic adsorption model. Our goal is to 

identify a simple analytical model capable of describing the competitive adsorption 

when parameterized using only the single-component Langmuir parameters and known 

or measured properties of the macromolecules and NPs. 

 The binary-component Langmuir adsorption model is presented in Equation 

2.1153,   

 

𝑞𝑖 =
𝑞max,𝑖𝐾𝑖𝐶f,𝑖

1 +  ∑ (𝐾𝑗𝐶f,𝑗) 𝑛
𝑗=1

 , (2.1) 

 

where qi (mg/m2) is the adsorbed mass of species i, and Cf,i (mg/L) is the final solution 

concentration of i at the end of the adsorption experiment. qmax,i (mg/m2) and Ki (L/mg) 

are the maximum monolayer adsorbed capacity and the Langmuir isotherm constant, 

respectively, from each single-component isotherm. This equilibrium model was not 

capable of predicting adsorption from the mixtures (Figure 2.1), significantly 

overestimating the adsorbed mass of BSA relative to NOM. A key assumption of the 

Langmuir model is that adsorption is reversible, and compounds with higher affinity 

will displace others to achieve equilibrium. Contrarily, the observed data suggest that 

our system does not meet Langmuir assumptions.  

The alternative limiting case is a kinetic adsorption model in which NOM and 

BSA adsorb irreversibly. Irreversible attachment has been modeled by random 

sequential adsorption (RSA) models154, 155 or analogously by colloid deposition 
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models.156 For adsorption onto NPs in suspension, the depletion rate of adsorbate from 

solution, 
𝑑𝑁∞

𝑑𝑡
, can be described by the Smoluchowski equation157 with a dynamic site 

blocking function, B(),156 

𝑑𝑁𝑖,∞

𝑑𝑡
= −𝛼[4𝜋𝐷(𝑅1 + 𝑅2)𝑁TiO2

]𝑁𝑖,∞𝐵(𝜃) = −𝛼𝑘𝑓𝑁∞𝐵(𝜃),  (2.2) 

where Ni,∞ is the number concentration of macromolecules in bulk solution at time t, D 

is the summed diffusion coefficients for the macromolecule and NP, R1 and R2 are the 

hydrodynamic radii of the macromolecule and NP, 𝑁TiO2
 is the number concentration 

of TiO2 NPs,  is the attachment efficiency, and  represents the fractional surface 

coverage. The diffusion-limited rate coefficient for favorable attachment (no energy 

barrier) is represented by kf. Notably, this model will always predict the same final 

surface coverage at infinite time, regardless of solution concentration. Hence, this model 

is incapable of predicting the observed concentration-dependent single-component 

adsorption isotherms without incorporating additional conditions, such as spreading of 

macromolecules upon adsorption.158, 159 The paradoxical nature of observing both 

irreversible and concentration-dependent adsorption has been discussed in the protein 

adsorption literature.155, 160 

We do not propose to provide the most complete model to address this scenario 

but rather to obtain a simple kinetic model capable of explaining our experimental data 

on final adsorbed layer composition. We proceed by simplifying Equation 2.2 to 

eliminate the site-blocking function and assume favorable attachment (or equivalent 

attachment efficiencies for NOM and BSA). Incorporating site blocking requires a 

numerical solution and will not change the final adsorbed layer composition predicted, 
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since the adsorption rates of all adsorbates are affected equally. Obtaining attachment 

efficiencies would require kinetic data or otherwise treatment of the attachment 

efficiencies as fitting parameters in the model. 

For favorable attachment without site blocking, integrating Equation 2.2 yields 

Equation 2.3,  

ln (
𝑁𝑖,∞

𝑁𝑖,0
) = −4𝜋𝐷(𝑅1 + 𝑅2)𝑁TiO2

𝑡 = −𝑘𝑓𝑡,  (2.3) 

where Ni,0 is the initial concentration of species i. The depleted concentration and 

adsorbed mass of each species at each time t is then obtained by a mass balance. Having 

eliminated the site blocking function, a stopping criterion is needed to end the adsorption 

of each species. In defining this criterion, we incorporate concentration-dependent 

adsorption (i.e., the possibility for undersaturation) by specifying that the adsorption of 

each species ends when it has reached equilibrium with the surface sites that are 

unoccupied by the competing species, as defined in Equation 2.4,  

𝑞𝑖(𝑡) =
𝑞max,𝑖𝐾𝑖𝐶𝑖(𝑡)

1 +  𝐾𝑖𝐶𝑖(𝑡)
(1 − ∑

𝑞𝑗≠𝑖

𝑞max,𝑗≠𝑖

𝑛

𝑗=1

). (2.4) 

Equations 2.3 and 2.4 are solved together to obtain different stopping times, 

tstop,i, for each adsorbate. Importantly, the adsorption is made irreversible by holding the 

adsorbed mass of faster-adsorbing species fixed at qi(tstop,i) for all t ≥ tstop,i. Thereafter, 

the slower-colliding species can continue adsorbing to any remaining available sites 

until reaching its own stopping time. The final state is at disequilibrium compared to 

Equation 2.1. Note that if the irreversibility criterion is eliminated and q and C are taken 
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at equilibrium, Equation 2.4 becomes equivalent to the binary-component Langmuir 

equation (Equation 2.1). 

Overall, this kinetic model predicts the experimental data for the final adsorbed 

layer composition significantly better than the equilibrium Langmuir model across all 

mixtures (Figure 2.1). The smaller size (higher diffusion coefficient) and higher number 

concentration of NOM relative to BSA results in a higher adsorbed mass for NOM than 

predicted by the Langmuir equilibrium model. Because of the high K parameter for 

BSA, the model predicts > 80% overall surface saturation for any initial BSA 

concentration > 1 mg/L (in the presence of 100 mg/L of NOM). The key assumptions 

of irreversible and monolayer-limited adsorption in this model were then directly tested 

in ATR-FTIR experiments. 

2.3.3 Multilayers Form Upon Sequential Exposure of TiO2 NPs to Pure NOM and 

Pure BSA 

In situ ATR-FTIR spectroscopy has previously been applied to evaluate the 

adsorption of BSA,105, 107, 136, 161 NOM,23 polymers,162 and other compounds163-165 onto 

TiO2 and other surfaces.165-168 This method allows semi-quantitative analysis of the 

kinetics and extent of adsorption onto NPs. First, individual spectra of adsorbed NOM 

or BSA were collected during adsorption to the TiO2 NP film from 100 mg/L solutions 

(Figure A.8). The strong peaks at (1410 and 1570) cm-1 for adsorbed NOM are likely 

attributable to deprotonated carboxyl groups (–COO-)169 170 and also include 

contributions from aliphatic hydrocarbons152, 171 and aromatic alkenes,152, 171 

respectively, that absorb in these regions. Consistent with our batch fractionation results 
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(Figure A.7), the peak at 1125 cm-1 (C-O stretch of carbohydrates) in the < 10 kDa NOM 

fraction was not observed in the adsorbing NOM. For BSA, the two main peaks 

correspond to amide I at (1600 to 1700) cm-1 for C=O stretching, and amide II at (1500 

to 1600) cm-1 for N-H bending and C-N stretching.171,172  

Then, a sequential adsorption experiment was performed in which the surface of 

the deposited NPs was equilibrated with NOM (100 mg/L) as the kinetically-favored 

adsorbate, followed by pure BSA (100 mg/L). To quantify adsorption of multiple 

species, previous studies used peak heights when peaks did not overlap significantly for 

adsorbed protein173 and other compounds.112 Here, the broad bands for NOM and BSA 

overlap extensively, but peak locations did not shift significantly in mixed layers 

compared to the single-component adsorption. Hence, the mixed layer spectra were 

successfully modeled as a linear combination of the single-component adsorbed BSA 

and NOM spectra in the range of (1300 to 1800) cm-1 (Equation A.6, Figure A.9). The 

fitted coefficients, 𝐴BSA
′  and 𝐴NOM

′ , are only semi-quantitative but can be evaluated for 

trends in the adsorbed mass of each species within each experiment or when ratioed to 

normalize for TiO2 surface or sample volume probed.  

While in other cases, surface ligands with low affinity have been found to be 

displaced by higher affinity species,171 results here agree with adsorption irreversibility, 

the adsorbed amount of NOM remained nearly constant during the subsequent 

adsorption of BSA (Figure A.9). More notably, the extensive BSA adsorption suggests 

that pure BSA significantly overcoats adsorbed NOM, similar to other sequential 

adsorption experiments reporting multilayer formation of pure proteins onto humic-

coated minerals.109-111  
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Comparing the batch (mixture) and in situ ATR-FTIR (sequential) adsorption, 

the formation of NOM-protein coronas on TiO2 NPs then appears to be fundamentally 

different when the NPs are exposed to a mixture (monolayer restriction) versus 

sequential exposure to pure solutions (multilayer adsorption). To explain these 

contradictory behaviors, we hypothesize that intermolecular complexation between 

humic substances and proteins in solution, well-known to occur,114-118 changes 

adsorption from mixtures compared to pure substances. Hence, we investigated the role 

of intermolecular interactions through additional SEC and in situ ATR-FTIR 

experiments. 

2.3.4 Solution-Phase Complexation Occurs Between BSA and NOM 

SEC experiments were performed to evaluate complexation interactions 

between NOM and BSA in the solution phase. BSA elutes from the SEC column from 

≈ (11 to 18) min as two peaks, corresponding to BSA dimer and monomer, which were 

considered together in the analyses. NOM elutes primarily as a broad peak from ≈ (15 

to 26) min. Upon increasing the ratio of NOM to BSA in solution, UV absorbance and 

RI in the BSA region increase significantly (Figure 2.2), indicating attachment of 

aromatic NOM species onto BSA. Complexation also quenches the BSA fluorescence, 

consistent with previous reports174 and possibly indicative of binding of the NOM with 

fluorescent tryptophan residues in BSA or a change in BSA conformation. As with 

adsorption to the TiO2 NPs, NOM with higher molar masses have slightly higher affinity 

to complex with BSA. The amount of NOM attached to the BSA estimated by SEC-RI 
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analysis showed increasing complexation with the ratio of NOM:BSA, and 

complexation was observed to proceed over ≈ 5 h before equilibrating (Figure A.10).  

 

Figure 2.2. SEC-UV280 chromatograms (a) and normalized RI and FLD peak area to 

injected BSA mass for BSA-NOM mixtures (b). The chromatograms were 

collected for BSA, NOM (20, 50, 80, 100, 150, 200 mg/L), and their mixtures.  

 

2.3.5 Co-adsorption is Followed by Suppressed Multilayer Formation in 

Simultaneous Adsorption from NOM-BSA Mixtures onto TiO2 NPs 

In situ ATR-FTIR was used to investigate the simultaneous adsorption of NOM 

and BSA onto TiO2 NPs and evaluate the effects of complexation in solution on the 

adsorption from NOM-BSA mixtures onto TiO2 NPs. First, simultaneous adsorption of 

BSA (100 mg/L) and NOM (100 mg/L) onto the uncoated TiO2 was evaluated. While 

both species increasingly adsorb over time, the ratio of adsorbed BSA to NOM 

decreases over the first hour (Figure 2.3). This trend can be explained either by a lower 

affinity of BSA to adsorb upon complexation, or increasing co-adsorption of NOM with 

BSA as it complexes to BSA over ≈ 5 h at the concentrations used here. Batch adsorption 

experiments using isolated NOM-protein complexes suggested that complexation does 
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not largely suppress BSA adsorption onto uncoated TiO2 (Figure A.11); hence, co-

adsorption of NOM complexed with BSA may contribute more to the results observed 

in the initial stage of adsorption to the uncoated TiO2 NPs. 

 

Figure 2.3. In situ ATR-FTIR experiment for simultaneous adsorption from mixtures 

of BSA (100 mg/L) and NOM (100 mg/L) onto TiO2 NPs in the same buffer as 

the batch adsorption experiments.   

 

The larger picture from the mixture experiment is that the overall BSA 

adsorption does indeed appear to be suppressed in the mixture relative to pure BSA, 

specifically, BSA adsorption begins to plateau within 1 h in the mixture (Figure 2.4), 

but remains nearly linear over 1 h when adsorbing from pure solution even after NOM 

has pre-adsorbed (Figure A.9). We hypothesize that over longer time scales, 

complexation of NOM onto dissolved BSA hinders the ability of BSA to overcoat 

adsorbed layers after the TiO2 surface has been saturated. To test this hypothesis, 

adsorption from NOM-BSA mixtures onto NOM-coated TiO2 NPs was evaluated 

(Figure 2.4 and A.12) and compared to subsequent adsorption of the pure BSA for 

various concentrations of BSA and NOM. In all cases, after providing adequate 

opportunity for adsorption from the NOM-BSA mixtures, subsequent injection of pure 
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BSA led to further protein adsorption beyond that in the mixtures. Hence, adsorption 

sites must be available to pure BSA that are not available to the complexed BSA. We 

propose that the complexed BSA fills remaining bare TiO2 sites (since NOM is not 

completely saturated from 100 mg/L starting conditions), but has little affinity to 

overcoat the adsorbed NOM after complexing with NOM in solution. On the contrary, 

the pure BSA is capable to attach onto the adsorbed NOM to form an overcoating. While 

modeling this behavior without more quantitative kinetic data is outside the scope of 

this study, possible extensions to the kinetic model are discussed in the Appendix A that 

could describe this multilayer formation. 

 

Figure 2.4. In situ ATR-FTIR experiment for the sequential adsorption of a mixture of 

BSA and NOM, followed by pure BSA, onto NOM-coated TiO2 NPs (a) and the 

proposed conceptual model (b).  

 

In summary, the complexation interaction between NOM and BSA is a critical 

process leading to the occurrence of fundamentally different adsorption phenomena 

under different NP exposure conditions and time scales, as depicted in Figure 2.5. 

Multilayer formation occurs upon sequential exposure to pure solutions of NOM and 

BSA. In mixtures, BSA-NOM complexes can co-adsorb to the uncoated TiO2 at short 
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time scales. However, after the TiO2 surface is saturated, the complexation of NOM to 

BSA in solution ultimately hinders any further development of NOM/protein 

multilayers on the TiO2 NPs, such that monolayer restrictions are reasonable when 

modeling batch adsorption from mixtures (Figure 2.1). Notably, in this system, all 

possible mixture interactions (macromolecule–NP, macromolecule–macromolecule, 

and macromolecule–adsorbed layer) and their kinetics are important. 

 

Figure 2.5. Conceptual model for competitive adsorption of NOM and BSA onto TiO2 

NPs, accounting for the critical role of dynamic intermolecular interactions.  

 

2.4 Conclusions and Implications 

This study has presented a thorough investigation of the fundamental 

mechanisms involved in the competitive adsorption of NOM and proteins (with BSA as 

a model protein) onto TiO2 NPs, using both modeling and experimental methods to fully 

evaluate the adsorption process under a range of possible NP exposure conditions. The 
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behaviors observed here further expand our understanding of the role of mixture 

interactions and kinetics on corona formation in environmental media. Just as protein 

corona formation in biological systems is well known to be a dynamic process, so will 

prediction of heterogeneous corona formation in environmental systems require 

knowledge of not only the matrix and NP composition, but also the intermolecular 

interactions in solution and at the NP surface, and the kinetics and history of these 

interactions. 

To our knowledge, this study is the first to directly identify the roles of both 

dynamic complexation in solution and the history of the NP surface on the competitive 

adsorption process in environmental matrices containing mixtures of NOM and protein. 

The influence of sequential exposure observed here will be most relevant during 

transport of NPs between environments, e.g., from surface water to a biofilm layer 

concentrated in proteins, or bio-uptake, where an NOM-coated NP can obtain a protein 

corona. Diurnal or seasonal patterns also produce fluctuations in the composition of 

organic matter in natural and engineered water treatment systems. 

Additional research is needed to evaluate generalizability from the single 

solution chemistry and high adsorbate and NP concentrations in this study. The presence 

of Ca2+ in our samples likely enhanced the adsorption of both proteins and NOM onto 

TiO2, and hence the adsorbed masses and adsorption irreversibility may change in media 

lacking Ca2+. pH and ionic strength also change the NP surface charge or screens 

charges, affecting adsorption. Using our simple kinetic model to extrapolate to lower 

mixture concentrations (e.g., < 10 mg/L of both adsorbates), NOM is still predicted to 

outcompete such that the BSA adsorbed mass is relatively sensitive to the NOM 
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concentration, whereas NOM adsorption is relatively insensitive to the presence of 

BSA. However, experiments are needed to confirm. Such studies should address 

whether long-term conditioning of NPs in lower, environmentally relevant 

macromolecule concentrations (but relatively high concentrations compared to relevant 

NP concentrations, i.e., minimal solution depletion) would result in similar adsorbed 

layers to those measured at high concentrations. True adsorption irreversibility would 

suggest that the final corona should not depend on absolute concentrations given 

sufficient time for adsorption. 

We anticipate systematic investigations for mixtures of macromolecules 

covering a range of physicochemical properties (e.g., humic substances, proteins, 

polysaccharides, lipids, DNA, etc.) will enable elucidation of overarching rules to 

predict competitive adsorption onto NPs and other surfaces in complex environmental 

media. Future studies are needed to evaluate how the corona compositions and 

structures formed under different conditions will affect subsequent NP behavior in the 

environment. Most notably, we identified that exposure of the NP to a homogeneous 

mixture of NOM and proteins that have already undergone complexation will produce 

only a thin monolayer coating, whereas sequential or alternating exposures of the NP to 

different ratios of NOM and protein can result in multilayer coatings. The corona 

thickness and adsorbed mass are known to dominate the steric or electrosteric repulsion 

between NPs,81, 175 and hence our study suggests that the details of the history of NP 

exposure to various macromolecules can be important to the overall fate and transport 

of the NPs. Corona composition, structure, and thickness are also likely to change the 

reactivity of NPs, including photoreactive TiO2 NPs,99-101 where the adsorbed 
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macromolecules will interact with both organic pollutants and reactive oxygen species. 

Finally, the degradation of the corona and transformation of the NP itself can also vary 

with corona composition, leading to longer-term differences in NP fate and transport.176-

178 The thoroughly characterized system presented here will be useful to investigate the 

effect of the composition and structure of NOM/protein coronas on the photoreactivity 

of TiO2 NPs and reactive transformations of the corona. 

 

 

  



 

35 

CHAPTER 3. NOVEL METHODS FOR CHARACTERIZATION 

OF DRUG RELEASE FROM POLYMERIC NANOPARTICLES 

3.1 Introduction 

Drug entrapment in polymeric nanoparticles (NPs) is a well-known approach to 

enhance drug efficiency by controlling the drug transport, uptake, and release.4, 179-181 

Potential benefits conferred by drug entrapment include reduction in drug 

administration frequencies, decreased toxicity to cells, and targeted delivery.182-186 

Accurate characterization of the drug distribution (entrapped versus dissolved) and 

release profile is crucial to understand or predict the performance of drug-loaded NPs, 

with release profile being one of the key quality attributes specified in U.S. Food & 

Drug Administration (FDA) guidelines for evaluation of nanomaterial-based drugs. 187 

The shape of the release profile also provides critical insight into the mechanism of 

release, for example by diffusion or swelling.188 Finally, the dependence of the release 

behavior on the environmental conditions such as pH, temperature, or media 

composition provides insight into the material properties and interactions.189, 190 For 

example, heating a polymeric nanoparticle beyond its glass transition temperature (Tg) 

is expected to result in higher diffusion and release rates of drugs from the polymeric 

matrix.189, 191, 192 Methods to obtain release profiles should hence be robust to accurately 

evaluate drug release across a variety of release conditions. 

Direct measurements of the drug entrapped within the NPs (Figure 3.1a) can be 

advantageous to monitor drug loading and release over conventional dialysis 

experiments (Figure 3.1b), in which the dissolved drugs are quantified in the dialysate, 
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e.g., by high performance liquid chromatography (HPLC), or the total drug in the 

retentate (dissolved and entrapped) is measured by extracting or dissolving the NPs in 

an organic solvent for drug quantification. Dialysis introduces an unavoidable lag time 

for dissolved drugs to diffuse through the dialysis membrane; if this lag time is the 

limiting rate (i.e., slower than the NP release rate), then the release rate from the NPs 

can be underestimated. For example, using a drug-selective electrode to eliminate the 

dialysis lag time found a faster release from microgels than dialysis.34 Furthermore, a 

“burst” release of unincorporated or loosely-bound drugs is commonly noted, 

particularly for poly(lactic-co-glycolic acid) (PLGA) nanomedicines.193 The diffusion 

profile of the “burst” drugs from the dialysis bag will be superimposed over that of the 

entrapped drugs, obscuring both the extent and rate of release from within the NPs. 

Methods to directly probe only the entrapped drug in the NPs in “real time” (i.e., without 

any separation lag) would be advantageous to eliminate these artifacts.  
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Figure 3.1. Schematic comparing asymmetric flow field–flow fractionation (AF4) (a), 

and dialysis (b). AF4 provides in situ purification of unentrapped drugs, 

followed by size separation and direct characterization of NPs.  

  

Asymmetric flow field–flow fractionation (AF4) is proposed here to provide 

real-time separation of entrapped and dissolved drugs and direct analysis of only the 

entrapped drugs (Figure 3.1a). The principle of AF4 is discussed in previous texts; 194-

200 briefly, injected particles are first “focused” toward an ultrafiltration membrane. 

Then, an applied crossflow establishes a force field, in which smaller particles (with 

higher diffusion coefficient) equilibrate toward the middle of the AF4 channel (with 

maximum velocity) and elute sooner than larger particles. AF4 hence provides 

immediate washing of dissolved species through the membrane during focusing, in 

addition to NP size separation. NP sizes, compositions, and concentrations can then be 

characterized by coupling AF4 to various detectors.54, 201 In the vast majority of 

applications, AF4 has been coupled with light scattering to obtain size distributions of 
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polymeric NPs202-208 or with inductively coupled plasma mass spectrometry (ICP-MS) 

for inorganic NP speciation.209-214 Few studies have applied AF4 to assess the loading 

of organic drug molecules in polymer NPs. Drug distributions can be measured ex situ 

by collecting AF4 fractions, followed by offline HPLC or liquid chromatography-mass 

spectroscopy (LC-MS) analysis.55-57 For direct drug detection, Hinna et al. and 

Fraunhofer et al. investigated the coupling of AF4 with online UV-Vis analysis to probe 

loading or transfer from liposomal and gelatin NPs, respectively.59-62 In these UV-Vis 

measurements, particle scattering prevents a severe and unavoidable interference to 

drug detection.59, 64 Hence, drug can only be observed if it is present in high 

concentrations or has a unique absorbance feature (e.g., in the visible light region). For 

quantitative analysis, corrections must be made to subtract the particle scattering 

interference; these corrections are unreliable when the drug signal is low relative to the 

particle scattering background (Figure 3.1), making drug quantification infeasible by 

UV-Vis detection for NPs that are large (i.e., high scattering intensity) and have low 

drug loading 59. Furthermore, the light scattering contribution depends on the particle 

size and concentration (which can vary across the chromatographic peak and between 

samples), adding further uncertainty to the interference correction. 

Fluorescence detection (FLD) is a more sensitive and selective alternative to UV 

detection for fluorescent or fluorescently-labeled compounds.215-217 Notably, of the 12 

currently FDA-approved liposomal and protein-based nanoparticles for drug delivery, 

11 of the drug compounds are inherently fluorescent and could be amenable to AF4-

FLD analysis.218 However, while AF4 has been coupled with FLD to characterize 

macromolecules219 such as humic substances,220-223 proteins,215, 216, 224 and 
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biopolymers,225 it has not yet been used to quantify drug release from nanomedicines. 

Applications of AF4-FLD analysis for nanomedicines have been limited to qualitative 

studies, e.g., by Iavicoli et al. for the binding of fluorophore-tagged peptides to 

liposomes65 or by de Oliveira et al. to evaluate drug transfer to proteins66, without 

quantitative analysis of release profiles. In addition to applying AF4-FLD for 

quantification, we further propose that combining AF4 for NP size separation with FLD 

for drug quantification can enable unique measurements of size-resolved drug release 

profiles that would be impossible to achieve with AF4-UV detection, where different 

size particles would contribute different scattering interferences in the drug 

quantification. 

The objective of this study is to demonstrate the novel development of an AF4-

FLD method for the acquisition of direct, real-time, size-resolved release profiles of 

fluorescent drugs from polymeric NPs. Here, enrofloxacin-loaded poly lactic-co-

glycolic acid (PLGA) NPs are evaluated as a model system,186 where PLGA is one of 

the most common polymers for drug delivery systems,182, 183, 226 and enrofloxacin is a 

fluoroquinolone antibiotic with inherent fluorescence. First, method development is 

demonstrated on coupling AF4 with FLD and UV detection to selectively quantify the 

entrapped drug by FLD and the overall PLGA NP concentration by UV (and hence 

quantify the drug loading), along with online multi-angle light scattering (MALS) and 

dynamic light scattering (DLS) detectors to acquire NP size distributions and shape 

factors. Then, the AF4 method is applied to evaluate the size- and temperature-

dependent drug release from the NPs, and the AF4 results are compared and validated 

against conventional dialysis experiments. A diffusion model is applied that explicitly 
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considers both diffusion barriers (through the polymeric matrix, and across the dialysis 

membrane) to integrate the AF4 and dialysis data and quantify release rates. This study 

ultimately demonstrates the first proof of concept of AF4-FLD to monitor drug release 

from polymeric NPs and the significant and unique advantages achieved over alternative 

methods. 

3.2 Materials and Methods 

3.2.1 Materials 

Poly lactic-co-glycolic acid (PLGA, 50:50 lactide:glycolide, 38 to 54 kDa), poly 

(vinyl alcohol) (PVA, 31 to 50 kDa), Tween 80, and enrofloxacin from Sigma Aldrich 

(Millipore Sigma, St Louis, MO, USA), as well as ethyl acetate (ACS grade, 99.5%, 

Fisher Scientific Co, Hampton, NH, USA) and trehalose dihydrate (98%, Fisher 

Scientific Co, Hampton, NH, USA), were used in the NP synthesis. Enrofloxacin (Alfa 

Aesar, Ward Hill, MA, USA) was used as the model fluorescent drug. Enrofloxacin is 

only moderately hydrophobic, with a solubility limit of 145.8 mg/L and 181.9 mg/L in 

water and 0.1 M phosphate buffer (pH 7.4),227 respectively, and reported octanol-water 

partitioning coefficients (log P) of 0.24 to 1.1.228  

Potassium phosphate monobasic anhydrous, sodium phosphate dibasic 

heptahydrate (both ACS grade, Amresco, Solon, OH, USA), sodium chloride (> 99.0%, 

ACS grade) from Sigma Aldrich (Millipore Sigma, St Louis, MO, USA), and potassium 

chloride (99.999%, trace metal basis, Acros Organics, Morris Plains, NJ, USA) were 

used to prepare phosphate buffered saline (PBS, 137 mM NaCl, 2.7 mM KCl, 10.1 mM 

Na2HPO4, 1.8 mM KH2PO4, pH 7.4). Phosphoric acid (85%, ACS grade, Ricca 
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Chemical Company, Arlington, TX, USA) and acetonitrile (Chromasolv Plus, for 

HPLC, >99.9%, Honeywell Riedel-de Haen, Seelze, Hanover, Germany) were used for 

HPLC mobile phase preparation.  

3.2.2 NPs Synthesis  

The NPs were synthesized by emulsion evaporation similarly to our prior work 

except substituting the PVA surfactant with Tween/PVA.186, 229 Briefly, for the 

enrofloxacin-loaded PLGA NPs (denoted hereafter as “PLGA-Enro NPs”), the organic 

phase was prepared by dissolving 420 mg of PLGA and 39 mg of enrofloxacin in 10 

mL of ethyl acetate under stirring (400 to 500 rpm) for 30 minutes. The aqueous phase 

was prepared by dissolving Tween 80 in 110 mL of low resistivity water to obtain a 

final concentration of 5 mg/mL. Next, the organic phase was poured into the aqueous 

phase under stirring (400 to 500 rpm), and the emulsion was passed four times in a 

microfluidizer (M 110P, Microfluidics, Westwood, MA, USA). Next, the organic 

solvent was evaporated in a rotavapor (Buchi R-300, Buchi Corp., New Castle, DE, 

USA) under vacuum at 32 C for 70 minutes. Then, the polymeric NP suspension was 

mixed with 9 mL of 2.0% (w/v) of PVA solution prepared in advance with water of low 

resistivity. Finally, the suspension was mixed with trehalose in a mass ratio of 1 to 1 

and freeze dried (FreeZone 2.5, Labconco Corp., Kansas City, MO, USA) at -80 C for 

two days. The samples were stored at -20 C for testing and characterization purposes. 

“Empty” PLGA NPs were synthesized following the same method with the exclusion 

of enrofloxacin. The mixtures did not undergo purification steps prior to lyophilization, 

and hence the total concentration of enrofloxacin in the lyophilized PLGA-Enro powder 
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was 1.64% (w/w). The NPs were synthesized as three separate batches. The NPs 

synthesis were performed by Dr. Carlos E. Astete and Dr. Cristina M. Sabliov.  

3.2.3 NPs Characterizations  

Transmission electron microscope (TEM) images of PLGA-Enro and empty 

PLGA NPs were obtained using a JEOL JEM-1400 series 120kV (JEOL USA Inc., 

Peabody, MA, USA). The NP sample was mixed with a contrast agent (uranyl acetate) 

before placing one droplet over a carbon copper 300 grid. The sample was dry before 

placing in the microscope chamber. TEM images are presented in the Appendix B 

Figure B.1. TEM measurements were conducted by Dr. Carlos E. Astete.  

Attenuated total reflectance – Fourier transform infrared (ATR-FTIR) spectra of 

the NPs and their individual component materials were collected on a Nicolet iS10 FTIR 

spectrometer (ThermoFisher Scientific, Waltham, MA, USA). Each material was 

applied onto the surface of a Ge ATR crystal. Spectra were collected as the average of 

96 scans from 800 cm-1 to 4000 cm-1 with a resolution of 4 cm-1, with the clean ATR 

crystal spectrum background subtracted from each sample spectrum (Figure B.2). 

The glass transition temperature (Tg) of the NPs was measured by modulated 

differential scanning calorimetry (MDSC). The measurements were obtained on a TA 

Instruments DSC (model Q200, TA Instruments, New Castle, DE, USA). The DSC 

experiments were performed with 5 to 10 mg of sample using standard aluminum pans. 

The sample compartment was purged with nitrogen (gas flow 50 mL/min) during the 

experiment. The procedure was as follows: (1) cool down sample to -40 °C; hold 

isothermal at this temperature for 5 min; (2) modulate +/- 0.80 °C every 60 seconds; (3) 
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hold isothermal for 5 min; and (4) ramp 5.00 °C/min to 80.00 °C. The Tg and onset and 

offset points were calculated using the inflection point method using the Reverse Heat 

Flow Signal (Figure B.3).  

Finally, batch DLS and electrophoretic light scattering measurements of size and 

zeta potential, respectively, were collected on a Malvern Zetasizer Nano ZS instrument 

(Malvern Panalytical Inc., Malvern, UK). In addition to measurements of the initial NP 

suspensions, the PLGA-Enro NPs were evaluated for any changes over the release 

experiments by collecting NPs dialyzed in PBS at 37 °C (see Section 3.2.5). Zeta 

potential measurements were conducted in folded zeta capillary cells (DTS 1070, 

Malvern Panalytical Inc., Malvern, UK) and computed from the electrophoretic 

mobility using the Smoluchowski model. The average and standard deviations across 

five measurements are reported. To reduce electrode corrosion in the presence of PBS 

during the zeta potential measurements, the applied voltage was set to 100 V and the 

PBS suspensions of the NPs were diluted to 0.5 g/L NPs in deionized water for the batch 

measurements (no significant difference in zeta potential was observed if NPs were 

diluted into PBS).  

3.2.4 Enrofloxacin Entrapment Efficiency  

Centrifugation and centrifugal ultrafiltration methods were compared to separate 

entrapped and dissolved drug to calculate the entrapment efficiency of drug in the 

PLGA-Enro NPs. In the first approach, samples were centrifuged for 15 min at 13000 

rpm (maximum relative centrifugal force (RCFmax) = 11337g, MiniSpin Plus, 

Eppendorf, Barkhausenweg, Hamburg, Germany), and the supernatants were collected 
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and filtered through 0.22 m polytetrafluoroethylene (PTFE) membranes (MicroSolv 

Technology, Leland, NC, USA).  In the second approach, the samples were filtered in 

pre-washed 100 kDa Amicon Ultra-4 centrifugal filters (EMD Millipore, Burlington, 

MA, USA) at 4500 rpm (RCFmax = 4415g) for 8 min (Sorvall Legend XTR 

Centrifuge, ThermoFisher Scientific, Waltham, MA, USA), and the filtrate was 

collected for analysis. The entrapped drug concentration was obtained by subtracting 

the supernatant or filtrate concentration (measured by HPLC analysis, Section 3.2.7) 

from the total concentration of enrofloxacin. In both methods, control experiments 

(enrofloxacin only in PBS) were performed to assess losses during the sample 

preparation. For the NP samples, standard additions were performed in which 1 mL of 

dissolved enrofloxacin (at different concentrations) was added to 3 mL of the 

lyophilized powder dispersed in PBS at a concentration of 0.5 g/L of PLGA-Enro NPs 

(1 g/L of total powder including trehalose) to further assess and correct for matrix effects 

due to the NPs and other excipients in the nanoformulations. 

3.2.5 Release Experiments  

Release experiments were conducted using a stock suspension of PLGA-Enro 

NPs, prepared at 7.5 g/L of NPs (15 g/L of powder including trehalose) in PBS (pH 7.4) 

with bath sonication for 10 seconds (Branson 1800, Emerson, St. Louis, MO, USA). 1 

mL of the NP suspension was added to a 1 mL dialysis device (Spectra/Por Float-A-

Lyzer G2, molecular weight cut-off (MWCO) 100 kDa, cellulose ester), which was 

prewashed following the manual. The MWCO was chosen to be much higher than 

enrofloxacin to improve drug diffusion from the dialysis device into the reservoir.34, 230 
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No significant loss of the enrofloxacin to the dialysis device was observed. Release 

experiments were conducted at three different temperatures, (20 ± 1) °C (i.e., room 

temperature), (30 ± 1) °C, and (37 ± 1) °C. The room temperature was measured by a 

thermometer held inside the water bath, and the higher temperatures were achieved in a 

heated bath sonicator (Branson 1800, Emerson, St. Louis, MO, USA) without 

sonication. The dialysis device was floated in a closed (screw-cap) reservoir containing 

120 mL fresh PBS preheated and equilibrated for 24 h in advance. At each time point, 

for AF4 measurements, 20 L of NPs from inside the dialysis device was diluted with 

280 L PBS to obtain a final concentration of 0.5 g/L of NPs (1 g/L of powder including 

trehalose), then immediately injected to the AF4 instrument (Section 3.2.6). 

Simultaneously, for HPLC measurements, 0.4 mL of liquid from the reservoir was 

collected and substituted with 0.4 mL fresh PBS and held refrigerated for further 

quantification by HPLC (Section 3.2.7). Because samples were removed from inside 

and outside the dialysis device for analysis, the mass of NPs and drug in the system is 

depleted between each measurement. As such, the released concentration obtained by 

HPLC was corrected to account for sample removal (details in the Appendix B). All 

results reported are the average and standard deviation of experiments on three 

independently synthesized NP suspensions. 

 Because a burst release is expected to significantly impact measurements of free 

drug appearing in the dialysate but not the entrapped drug measurement by AF4-FLD, 

release measurements were also performed on purified PLGA-Enro NPs at 30 °C to 

validate this hypothesis and interpretation of the results, with purified NPs prepared by 

dialyzing the NPs at room temperature as described in the Supporting Information. 
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Finally, control release experiments were performed for enrofloxacin alone (249 mg/L) 

in PBS, as well as a mixture of empty PLGA NPs (7.5 g/L as NPs) and enrofloxacin 

(249 mg/L) in PBS, at the three temperatures above to obtain the diffusion rates of the 

dissolved drug from the dialysis device. 

3.2.6 AF4 Method for Direct Analysis of NPs  

The AF4 module (Eclipse AF4, Wyatt Technology, Santa Barbara, CA, USA) 

was integrated with an Agilent 1290 Infinity HPLC system (Agilent Technologies, 

Santa Clara, CA, USA) comprising a binary pump, degasser, and autosampler. The 

Eclipse AF4 short channel was prepared with a spacer height of 250 m and 10 kDa 

regenerated cellulose (RC) membrane. The full AF4 method is presented in the 

Appendix B Table B.1. Briefly, the mobile phase was the same PBS as the dialysis 

media, detector flow rate was 0.5 mL/min, and total run duration was 100 min. The 

injection volume was 50 L (injection flow rate of 0.2 mL/min). The focus flow rate 

and duration were optimized to 1.5 mL/min and 4 min, respectively, to achieve both 

good separation and high entrapped drug recovery as discussed in the Results.  

Online detectors included an Agilent 1260 Infinity UV-Vis diode array detector 

(DAD) and fluorescence detector (FLD), as well as a Wyatt DAWN HELEOS II multi-

angle light scattering (MALS) detector and Wyatt dynamic light scattering (DLS) (or 

quasi-elastic light scattering) detector. The DLS detector was located at the 140° 

scattering angle, and measurement duration was 5 s. The optimization of the detector 

setup and data analysis approach to quantify enrofloxacin release from the NPs are 

discussed in detail in the Results and the SI.  Briefly, careful selection of the FLD and 
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UV wavelengths allows independent, selective quantification of the entrapped 

enrofloxacin and the overall polymer matrix of the NP, respectively. The UV DAD was 

set to monitor the 400 nm wavelength as the PLGA NP signal (UVNP) without 

enrofloxacin interference, with full spectra collected from wavelengths 190 nm to 600 

nm (step size 2 nm). The FLD was used to quantify the entrapped enrofloxacin at its 

optimal excitation and emission wavelengths of 280 nm and 420 nm, respectively 

(FLDdrug). Emission spectra were also collected at each time point at a fixed excitation 

wavelength (280 nm) with emission wavelength varying from 300 nm to 540 nm (5 nm 

step size), and the photomultiplier tube (PMT) gain was set to 13. The FLDdrug/UVNP 

ratio represents the drug loading (i.e., ratio of enrofloxacin/polymer) in the NPs and can 

be used to quantify drug release over time.  

3.2.7 HPLC Method for Analysis of Dissolved Enrofloxacin 

Dissolved enrofloxacin was quantified on the Agilent 1290 Infinity HPLC 

system noted above, using a ZORBAX Eclipse Plus C18 HPLC column (4.6 × 150 mm 

dimensions, 5 µm particle size). Isocratic elution was performed with phosphate buffer 

(0.02 M, pH 3) (82%) and acetonitrile (18%) as the mobile phase,231 flow rate of 1 

mL/min, and run duration of 10 minutes. The injection volume was 10 µL. The UV 

DAD was set to monitor the 280 nm wavelength (UVdrug) and collect full spectra from 

190 nm to 600 nm (step size 2 nm). Note while HPLC-FLDdrug data were also acquired, 

HPLC-UVdrug was used here for quantification of dissolved enrofloxacin because of the 

wider linear calibration range to measure high unentrapped drug concentrations in the 

drug loading measurements (Section 3.3.1).  
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3.3 Results and Discussion 

3.3.1 Loading and Entrapment Efficiency of the PLGA-Enro NPs  

Before initiating the AF4 analysis, the initial concentration of entrapped 

enrofloxacin in the unpurified PLGA-Enro NPs was estimated by subtracting the 

dissolved drug from the total drug concentration after removing the NPs by centrifugal 

ultrafiltration or centrifugation. While adsorptive loss of drug was observed to the 

ultrafiltration device in control samples of enrofloxacin without NPs (Figure B.4a), 

standard additions of known enrofloxacin concentrations to the NP samples (spiked 

prior to separation and sample processing) showed no significant loss of the spiked drug 

(Figure B.4b), suggesting excipients in the formulation can coat adsorptive sites on the 

ultrafiltration membrane to minimize drug losses. 

These analyses found that a high proportion of the total drug from the synthesis 

(≈ 94%) was unincorporated or rapidly desorbed. The low drug entrapment efficiency 

is consistent with the relatively low hydrophobicity of the enrofloxacin (log P of 0.24 

to 1.1).228 The drug loading, i.e., entrapped drug, was determined to be (2.0 ± 0.4) g 

enrofloxacin/mg NPs or (1.2 ± 0.5) g enrofloxacin/mg NPs (n = 3 replicates) by 

ultrafiltration or centrifugation, respectively, using the standard addition approach. We 

also applied a two-stage dialysis method (discussed in Section 3.3.5) to measure both 

the burst and entrapped drug concentrations, which yielded a drug loading of (1.9 ± 0.3) 

g enrofloxacin/mg NPs, close to that obtained by ultrafiltration. The lower drug 

loading measured by centrifugation compared to the gentler ultrafiltration and dialysis 

methods may be attributable to strong centrifugal forces inducing additional release of 
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drug from the NPs. 

3.3.2 Proof of Principle for Analysis of Drug Loading in PLGA-Enro NPs by Multi-

detector AF4  

AF4 method development includes optimization of the AF4 flow parameters and 

the detector settings on the UV, FLD, MALS, and DLS detectors used for 

characterization. For clarity, we first present the results of the optimized AF4 method, 

then discuss the detector and flow optimization in Section 3.3.3. Figure 3.2 shows the 

optimized AF4 chromatograms with UV, FLD, and LS detection for both PLGA-Enro 

and empty PLGA NPs, as well as the hydrodynamic radius (Rh) obtained by online DLS. 

Satisfactory size separation of the NPs was achieved, with elution of smaller NPs 

followed by larger NPs. The PLGA-Enro NPs showed complete elution with minimal 

loss to the membrane, discussed in Section 3.3.3. Although the empty PLGA NPs have 

a similar size distribution (with Rh directly measured by the online DLS detector), peak 

broadening and delayed elution were observed, suggesting NP interactions with the AF4 

membrane and highlighting the need for online DLS analysis to obtain accurate size 

distributions.  
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Figure 3.2. AF4 chromatograms with UVNP, FLDdrug, and LS detection and 

simultaneous Rh analysis by online DLS for PLGA-Enro NPs (a) and “empty” 

PLGA NPs (b).  

 

The key proposed advantages of AF4-FLD for drug loading analysis over 

alternative separation and detection schemes are (1) the rapid in situ removal of 

dissolved drug during the AF4 focus step, followed by (2) the selective and sensitive 

quantification of entrapped drug by FLD, with minimal interference from the polymer 

matrix. The successful separation of the NPs from unincorporated drug was confirmed 

by injecting a sample containing a physical mixture of empty PLGA NPs with 

enrofloxacin to the system (Figure B.5), no apparent difference in the FLD signal was 

observed in the mixture compared to the empty PLGA NPs. Furthermore, the FLD and 

UV-Vis spectra of the empty PLGA NPs, unpurified PLGA-Enro NPs (with ≈ 94% free 

drug), and PLGA-Enro NPs purified in situ in the AF4 analysis were compared (Figure 

B.6). These spectra show that the high burst release of dissolved enrofloxacin is indeed 

eliminated in AF4, while only the NPs and entrapped drug are retained in the channel 

for analysis.  



 

51 

Regarding the selectivity and sensitivity issues, prior AF4 methods utilized UV-

Vis detection for entrapped drug quantification.59-62, 65
 However, here the spectral 

analysis (Figure B.6a) shows that UV-Vis is not suitable to quantify enrofloxacin in the 

purified PLGA-Enro NPs because the peak absorbance attributable to the drug (at ≈ 280 

nm) is very low relative to the NP scattering, which was further confirmed in the release 

experiments (Section 3.3.4). Therefore, subtraction corrections to eliminate NP 

scattering contributions from the drug absorbance are not feasible. However, we noted 

that because all NPs (PLGA-Enro and empty PLGA) show a UV signal attributable to 

the light scattering and absorbance by the PLGA, a judicious selection to monitor the 

UV signal at 400 nm (UVNP) attributable only to the NPs (no enrofloxacin interference) 

can provide the PLGA NP concentration. On the other hand, setting the FLD 

excitation/emission wavelengths to those specific to the enrofloxacin (FLDdrug, 

excitation/emission at 280 nm/420 nm) enables a highly sensitive and selective 

detection of the entrapped drug with minimal contributions from the PLGA matrix 

(Figure 3.2 and Figures B.5 and B.6). 

The selectivity of the FLDdrug signal for the entrapped enrofloxacin and UVNP 

signal for the PLGA NPs is then exploited to achieve independent, distinct 

quantification of the entrapped drug versus the overall NPs, respectively. The ratio of 

the FLDdrug signal to the UVNP signal for the NPs is then representative of the drug 

loading (mass of drug/mass of NPs). To obtain release profiles over time, we assume 

FLDdrug/UVNP to be linearly proportional to the drug loading and evaluate the percent 

decrease relative to the FLDdrug/UVNP measured at time zero (immediately upon 

dispersing the NPs in solvent). Normalizing FLDdrug to UVNP also corrects for any 
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inconsistencies in NP concentrations across measurements, either because of changes 

to the sample (e.g., solvent evaporation or losses of NPs) or variability in recovery of 

NPs from the AF4 channel during the measurement. Hence, while the use of FLD to 

evaluate peptide binding to liposomes was previously reported to show poorer 

reproducibility and linearity than UV detection,65 here we achieve a relative standard 

deviation of 6% on the raw FLDdrug peak areas and 3% on the ratio of FLDdrug/UVNP 

peak areas (n = 16 replicates), whereas the UV detector (at any wavelength) is unsuitable 

to monitor changes in the entrapped enrofloxacin because of the low drug absorbance 

relative to NP scattering interference in the UV detection. 

We also explored use of the raw FLDdrug signal to quantify the enrofloxacin 

inside the NPs against external calibration standards of dissolved enrofloxacin (injected 

into the AF4 without crossflow), but the entrapped drug showed a shift in the peak 

fluorescence emission wavelength relative to the dissolved drug, suggesting a strong 

interaction between the enrofloxacin and PLGA matrix (Figure B.6b). Evaluating the 

raw FLDdrug intensity against external (dissolved) standards also suggested a higher 

loading of (4.0 ± 0.1) g/mg (n = 16 replicates) than that obtained in Section 3.3.1, 

suggesting fluorescence enhancement in the PLGA matrix. Because calibration against 

external standards was not possible, a separate measurement of entrapment efficiency 

is first required to determine the initial drug loading, and FLDdrug/UVNP can 

subsequently be used to evaluate the relative proportion of drug loading remaining in 

the NPs.  
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3.3.3 Optimization of AF4 Flow Parameters for Optimal Separation and Drug 

Recovery  

Optimization of the duration and flow rates of each step in the AF4 method 

typically revolves around achieving good size separation (by adjusting the focus flow 

rate or duration to focus the NPs into a narrow band against the accumulation wall and 

adjusting the crossflow rate in the elution step to achieve good resolution of different 

NP sizes) and good overall recovery with minimal perturbation of the NPs (for example, 

deformation of fragile NPs).194 However, for entrapped drug quantification, the 

potential for drug washout from the NPs during the focus step must also be 

considered.196, 232, 233 Here, three focus flow rates (0.5 mL/min, 1.5 mL/min, and 2.0 

mL/min) and two focus durations (4 min and 8 min) were compared (Figure B.7 and 

Table B.2). The lowest focus flow rate (0.5 mL/min) showed a large initial “void” peak 

eluting immediately after the focus step, which likely represents incomplete NP 

relaxation in the AF4 channel and is unsuitable for the NP analysis. Comparing the 1.5 

mL/min and 2.0 mL/min focus flow rates, higher focus flow rates resulted in both lower 

NP recovery (evaluated from the UVNP peak area). Furthermore, higher flow rates and 

longer focus durations may induce drug washout (evaluated from the FLDdrug/UVNP 

ratio, representing drug loading). Hence, a moderate focus flowrate (1.5 mL/min) and 

shorter focus duration (4 min) were selected as the optimal conditions. 

In the optimized conditions, we achieved a NP recovery of 90% ± 6% (n = 16 

replicates), as determined by comparing the UVNP peak area in the main peak (eluting 

from ≈ 13 min to 60 min) to that for a NP injection without any applied focus or cross 

flow. Although the FLD spectra show that the small void peak contains some 
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enrofloxacin, it is excluded from further analysis since the identity of this peak (excess 

polymer or NPs) is not clear; however, including this peak did not significantly change 

the conclusions of the analyses (data not shown). A rinse peak associated with the final 

rinse through the injection port at the end of each measurement (Figure B.7), 

representing NPs adsorbed in the system (e.g., the injection tubing), is also excluded 

from analysis. We note that some entrapped drugs may still be washed out from the NPs 

in the optimized AF4 method, but we assume the fraction of washout is consistent across 

all measurements (with consistent AF4 settings) and hence that the semi-quantitative 

analysis of drug loading relative to the time zero measurement is valid. 

3.3.4 AF4 Measurements Show Temperature-dependent Release Profiles 

The optimized AF4 method was applied to acquire direct release profiles on the 

PLGA-Enro NPs and compared to a conventional, indirect approach (dialysis with 

quantification of drug release to the dialysate). Temperature is well known to influence 

drug release rates from polymeric NPs; notably, an increase in temperature above Tg 

results in the transition from a glassy to rubbery state, and faster release is expected with 

the increased relaxation of the polymer chains 192
. The measured Tg of the PLGA-Enro 

NPs was 32.9 ± 0.8 °C (n = 3 replicates on independently synthesized NPs), with an 

onset point of (28.5 ± 0.3) °C and offset point of (37.67 ± 0.09) °C (Figure B.3). Hence, 

temperatures below (20 °C), near (30 °C), and above (37 °C) the Tg were applied to 

evaluate the capability of the AF4 and dialysis approaches to capture the expected 

temperature-dependent release behavior.  

Figure 3.3 presents the AF4-UVNP and AF4-FLDdrug chromatograms, as well as 
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the FLDdrug/UVNP ratio normalized to the initial FLDdrug/UVNP at each individual elution 

time point, representing the fraction of entrapped enrofloxacin remaining in each size 

fraction of NPs. The unique applications of this size-specific loading data, together with 

the DLS and MALS data, are discussed in Section 3.3.6. Spectral analysis of the NPs 

over the duration of the release again demonstrated that the FLD detector is critical to 

quantify the drug loading, as the UV absorbance of the drug is very small relative to the 

NP scattering signal (Figure B.8). 

 

Figure 3.3. AF4-UVNP (a, solid traces, left axis) and AF4-FLDdrug (b, solid traces, left 

axis) chromatograms, Rh (a, scatter points, right axis), and normalized 

FLDdrug/UVNP ratios (b, scatter points, right axis) of PLGA-Enro NPs. 
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Here, the overall drug release is assessed by integrating FLDdrug and UVNP peak 

areas across the entire NP sample (elution time 13 min to 60 min), taking the ratio of 

FLDdrug/UVNP peak areas as the drug loading, and dividing by the peak area ratio for the 

initial sample (0 h release), to obtain the fraction of entrapped drug remaining over time 

(Figure B.9a). Given the initial amounts of entrapped and free drug (Section 3.3.1), the 

percent release relative to the total drug in the system was then computed (Figure 3.4a). 

The AF4 measurements clearly show a strong temperature dependence of enrofloxacin 

release from the PLGA NPs, with minimal enrofloxacin release at 20 °C, slow release 

at 30 °C (near Tg), and rapid release at 37 °C (above Tg). Fitting the release profiles to 

first-order kinetics gives apparent rate constants, kapparent,AF4, of (0.0010 ± 0.0005) h-1, 

(0.06 ± 0.01) h-1, and (1.0 ± 0.1) h-1  (n = 3) at 20 °C, 30 °C, and 37 °C, respectively 

(model fits shown in Figure 3.4a and Figure B.9a).  

It is noted that the UVNP peak area increased over time at 37 °C (Figure 3.3a), 

likely due to solvent evaporation from the 1 mL dialysis device leading to concentration 

of the NPs over time. Hence, the FLDdrug/UVNP normalization is important to correct 

for NP concentration and appropriately compare enrofloxacin loading in the NPs across 

multiple samples. We also note the same trends are clearly observed for the raw FLDdrug 

peak over time (Figure 3.3b) as in the FLDdrug/UVNP peak area (Figure B.9a), supporting 

the reliability of the analysis (i.e., the decreasing FLDdrug/UVNP ratio is not an artifact 

of changing UVNP peak areas). 
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Figure 3.4. Release profiles of PLGA-Enro NPs by multi-detector AF4 (a) and dialysis 

(b).  

3.3.5 Conventional Dialysis Measurements are Poorly Sensitive to the Release of 

Entrapped Drugs in the Presence of a High Burst Release or Rapid Release 

The AF4-FLD approach was compared to dialysis as a conventional method to 

acquire release profiles, in which the concentration of drugs in the dialysate at each time 

point was measured by HPLC (Figure B.9b). The overall release profiles obtained by 

dialysis appear to contradict the AF4 measurements. For example, AF4 showed a rapid 

release of enrofloxacin at 37 °C within < 4 h (Figures 3.3 and Figure 3.4a), whereas 

dialysis suggests a slower release over 10 h, similar to that at the lower temperatures 

(Figure 3.4b). At 20 °C, AF4 showed no significant release of the entrapped drugs, 

whereas dialysis results appear to indicate a similar extent of release to the higher 

temperatures. Fitting the dialysis release profiles to first-order kinetics gives apparent 

rate constants, kapparent,dialysis, of (0.45 ± 0.01) h-1, (0.48 ± 0.06) h-1, and (0.55 ± 0.02) h-1  

(n = 3) at 20 °C, 30 °C, and 37 °C, respectively (model fits shown in Figure 3.4b). 

Overall, the dialysis results would suggest minimal differences in either the rates or 
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extent of release, regardless of temperature. In contrast, AF4 clearly distinguishes the 

expected temperature dependence in both the rate and extent of drug release from the 

NPs.  

 These seemingly inconsistent results can be attributed to the difference in the 

principle of each method and the presence of a high proportion of burst release of 

unincorporated or loosely bound drugs (≈ 94% of the total enrofloxacin) in the PLGA-

Enro NPs, which can obscure quantification of the entrapped drug. The dialysate 

includes the total dissolved enrofloxacin (from both the burst release and subsequent 

release of entrapped drugs). Hence, distinguishing the release of specifically the 

entrapped drugs by dialysis is challenging whenever a burst release occurs. 

Furthermore, the dialysis membrane introduces a lag time to equilibrate the dissolved 

drug inside and outside the dialysis device. Hence, obtaining an accurate release rate of 

the entrapped drugs via dialysate measurements would require both a low background 

of burst release drug and a slow release rate from the NPs relative to the dialysis kinetics.  

 Three different approaches were taken to test these hypotheses: (1) a “two-stage” 

dialysis experiment to confirm the burst amount and the amount of entrapped drug 

release; (2) theoretical modeling to affirm the proposed roles of diffusion of entrapped 

drug from the NPs versus diffusion of the burst drug through the dialysis bag; and (3) a 

release experiment using purified PLGA-Enro NPs to validate the AF4 measurements 

against dialysis in a low burst, slow release scenario. 

Approach 1 (Two-Stage Dialysis) If the AF4 results for the entrapped drug release 

extent are valid, there should be a difference in the enrofloxacin concentrations 

appearing in the dialysate after equilibration at 37 °C and 20 °C, representing the release 
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of total drug (entrapped + burst) and unincorporated drug (burst), respectively. Direct 

subtraction of the dialysate measurements in Figure 3.4b yields an entrapped drug 

concentration of (1.2 ± 2.3) g enrofloxacin/mg NPs (n = 3 replicates). The high relative 

standard deviation is attributable to the low entrapment, together with the propagation 

of uncertainty in the two concentrations being subtracted. To validate the AF4 results 

while minimizing these errors, an additional dialysis experiment was designed in two 

stages; first, the NPs were dialyzed at 20 °C for 26 h to measure the burst release 

(assuming negligible release from the NPs); then, the dialysis device was transferred to 

a reservoir with clean PBS media at 37 °C for another 26 h to measure the subsequent 

release of the entrapped drug without interference of the burst release. Following this 

method, the burst release was determined to be (29 ± 1) g enrofloxacin/mg NPs and 

drug entrapment was (1.9 ± 0.3) g enrofloxacin /mg NPs (i.e., entrapment efficiency 

of 6.0% ± 1.0%) (n = 6, duplicate experiments on three NP batches), consistent with 

that determined by ultrafiltration in Section 3.3.1. 

Approach 2 (Diffusion Model) If the AF4 measures the entrapped drug release while 

dialysis measures both the burst and entrapped drug release, we expected these results 

could be reconciled through a diffusion model that explicitly accounts for the two 

distinct diffusion rates from the polymeric NPs (kp) and across the dialysis membrane 

(kd), while tracking the entrapped drug in the NPs, the dissolved drug in the dialysate, 

and the dissolved drug inside the dialysis bag. The model diagram, equations, 

implementation details, and results are presented in the Appendix B (Figure B.10 and 

Equations B.2 to B.6). In brief, the diffusion model is derived from Fick’s first law 

assuming homogeneous drug concentrations within each compartment (as previously 
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presented for drug diffusion from liposomal carriers and across a dialysis membrane;234-

236) here, the model is adjusted from prior references to account for accumulation of 

drug in the dialysis reservoir (i.e., perfect sink conditions are not assumed). The kd value 

at each temperature was measured in independent dialysis experiments to minimize the 

number of fitting parameters and hence uncertainty in the model fits, with kp as the only 

fitted parameter. Comparison of measured kd values for dissolved enrofloxacin alone or 

spiked into suspensions of empty PLGA NPs (Figures 3.5 and B.11) showed the 

nanoformulation excipients slowed the dialysis rate; hence, the spiked release rates were 

used in the models for the PLGA-Enro NPs. 

 

Figure 3.5. Rate constants for drug diffusion from PLGA NPs fitted from the diffusion 

model (kp,model), and “apparent” rate constants from AF4 alone or dialysis alone, 

considering only one single release process (Figure 3.4).  

 

 

The model was successfully able to fit the experimental data (Figure B.12), 

supporting the proposed explanation for the differences in the AF4 and traditional 

dialysis measurements. The results for the fitted kp are summarized in Figure 3.5 and 

Table B.3 and compared to the “apparent” rate constants (kapparent) fitted to the AF4 and 

dialysis data, assuming only one single release process (Figure 3.4). At all temperatures, 
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kapparent,dialysis is primarily influenced by the large burst release and reflects the release 

rate of the dissolved drug through the dialysis bag (kd), whereas kapparent,AF4 reflects the 

release rate of the entrapped drug from the NPs (kp). The diffusion lag imparted by 

dialysis can also be important at 37 °C, where the dialysis rate of enrofloxacin in the 

presence of the NPs (kd = (0.39 ± 0.02) h-1) is slower than the NP release rate (kp = (1.2 

± 0.2) h-1); hence, dialysis becomes the limiting rate for drug appearance in the dialysate. 

The trend in rate constants with temperature also supports the proposed physical 

explanations for kd versus kp, according to the Stokes-Einstein law, the drug diffusion 

coefficient should be linearly related to temperature, assuming no change in other 

factors such as viscosity. Indeed, kapaprent,dialysis and kd across the dialysis membrane show 

a relatively linear relationship with temperature. On the other hand, kapaprent,AF4 and kp 

for release from the NPs show a sharp increase above Tg, indicating that the rapid release 

is not attributable purely to increasing thermal energy but rather to the glassy to rubbery 

transition of the polymeric matrix above Tg.  

Approach 3 (Purified PLGA-Enro NP Release) To more definitively validate the AF4 

results and the hypothesized influence of the burst release, we also conducted release 

experiments with purified PLGA-Enro NPs, where much of the dissolved drug is 

removed, and at 30 °C, where the release of entrapped drug is expected to be slower 

than that through the dialysis bag (Figure 3.5). To purify the NPs, 1 mL of PLGA-Enro 

NPs (7.5 g/L NPs) were dialyzed against 120 mL of PBS at room temperature for 26 h 

without buffer change to remove unentrapped drug. The remaining concentration of 

dissolved drug is calculated to be 11% of the total remaining drug (entrapped + 

dissolved) in the dialysis bag, based on the entrapment efficiency and dilution factor in 
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the dialysis reservoir. Then, the dialysis device was transferred to a preheated PBS 

reservoir at 30 °C, and samples were collected and analyzed following the same 

procedure as release experiments for unpurified NPs.   

The equilibrium extent of release determined by dialysis and AF4 was 94% and 

80%, respectively, of the calculated total drug (entrapped + dissolved) in the purified 

NPs (Figure 3.6), consistent with the expected 11% dissolved drug remaining after 

purification. Furthermore, fitted release rate constants were more similar on the purified 

NPs (kapparent,AF4 = 0.09 ± 0.01 h-1 and kapparent,dialysis = 0.19 ± 0.02 h-1) than the unpurified 

NPs (0.06 ± 0.01 h-1 by AF4 and 0.48 ± 0.06 h-1 by dialysis), with the rate measured in 

the dialysate still somewhat higher due to the contribution of the remaining 11% free 

drug in the purified NPs. Overall, these results are consistent with our justification that 

the higher extent and rate of release measured in the dialysate at 30 °C is attributable to 

the burst release obscuring the quantification of the entrapped drug. 

 

Figure 3.6. Drug release profile obtained by AF4-FLD and dialysis for the purified 

PLGA-Enro NPs, obtained following the same procedure as Figure 3.4. The raw 

AF4 chromatograms are presented in Figure B.13.   

 

 

In summary, measurements of drug in the dialysate are strongly influenced by 
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the presence of any burst release, which are often unavoidable in nanoformulations.193 

AF4-FLD resolves this issue by (1) providing rapid separation of the NPs from the 

dissolved background and (2) enabling direct, real-time characterization of the 

enrofloxacin entrapped in the NPs, thereby eliminating the interference of dissolved 

drugs in the measurement as well as the dialysis lag time. Hence, both the extent and 

rate of release of entrapped drugs are selectively probed, without requiring additional 

control experiments on dissolved drug release or modeling analyses that would be 

needed to correctly interpret the conventional dialysis results.  

3.3.6 AF4-FLD-LS Measurements Yield Size and Shape Data and Size-dependent 

Release Profiles for Mechanistic Interpretation of Release Results 

Coupling AF4 with online DLS and MALS detectors produces additional useful 

information regarding the size and shape of the NPs. The online DLS results showed no 

significant change in the Rh of the NPs, consistent with batch DLS measurements 

(Figure B.14a). Additionally, using the MALS detector to obtain the radius of gyration 

(Rg), the shape factor Rg/Rh was determined to be 0.76 ± 0.03 at time zero (n = 9 

replicates), suggesting a homogenous sphere shape for the NPs,237 and also did not vary 

significantly over time (Figure B.14b). We also did not observe any significant changes 

in the zeta potential (Figure B.15). Overall, the direct size analysis by online DLS and 

MALS shows that the PLGA-Enro NPs were physically stable during the drug release, 

and hence changes in swelling or degradation of the polymeric NPs are not involved in 

the higher release with temperature. 

The combined simultaneous collection of FLDdrug, UVNP, and DLS data across 
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the entire continuous size distribution of NPs eluting from the AF4 channel enabled 

size-resolved drug release profiles to be evaluated with remarkable resolution by 

evaluating the FLDdrug/UVNP ratio at each individual chromatographic time point 

(Figure 3.3b). For example, an elution time of 21 min corresponded to Rh = 65 nm, and 

the relative fraction of entrapped enrofloxacin remaining in this specific size fraction of 

NPs over the release experiment can then be monitored as the FLDdrug/UVNP signal 

eluting at 21 min, distinctly from the release from other size fractions of the NPs (Figure 

3.7a). Release rate constants were thereby fitted at every chromatographic time point 

(representing different size NPs) to obtain individual release rates at high size resolution 

(Figure B.16). A more rapid decrease in the FLDdrug/UVNP ratio is clearly observed for 

smaller NPs (eluting earlier) than for larger NPs. Furthermore, the relationship between 

the release rate constant and NP size, k ∝ 1/Rh
2 (Figure 3.7b) is consistent with that 

predicted across the given NP size range by radial diffusion models that explicitly 

account for spatial variation in the drug concentration during the release.238, 239 

Obtaining these size dependent release profiles would typically require tedious labor to 

synthesize different NPs with different average Rh or separate a polydisperse NP sample 

into size fractions, then perform separate release experiments on each sample. Hence, a 

limited set of data are typically available to test models for the size dependence of the 

release rate. These results demonstrate that AF4-FLD can be an extremely powerful tool 

to distinguish drug release from polydisperse NPs or several different NP populations 

within one single release experiment, providing detailed information to achieve a better 

understanding of the release mechanism.  

 



 

65 

 

Figure 3.7. Size-dependent release rates were analyzed across the AF4 chromatograms 

for the PLGA-Enro NPs at 30 °C (Figure 3.3). Fitted release rate constants were 

evaluated for all chromatographic time points from 21 to 30 min. 

 

3.4 Conclusion 

This research demonstrates AF4-FLD as a novel approach that successfully 

overcomes limitations of traditional dialysis methods (notably, lag time and 

susceptibility to interferences from the burst release background) to obtain overall 

release profiles of enrofloxacin from PLGA NPs with minimal sample preparation, 

while also enabling fully size-resolved release profiles to be simultaneously acquired. 

A complete AF4-FLD method development was provided that explicitly addresses the 

optimization of the focus step to balance drug recovery and separation efficiency. The 

AF4-FLD approach showed highly promising results over traditional dialysis methods 

to reliably distinguish the extent and rate of the entrapped drug release, particularly 

under circumstances with any background of burst release drug. The direct entrapped 

drug measurement was crucial here to identify the influence of NP transformations (i.e., 

crossing Tg) on the drug release rate. Furthermore, considering that NPs in real 
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applications will not be applied in a dialysis device and that the entrapped drug 

concentration can be more important in targeted delivery than the burst release (which 

may occur far from the ultimate delivery site), the direct measurement of the entrapped 

drug release by AF4 is purported to be more useful than dissolved drug analysis by 

dialysis. Additional advantages of AF4 demonstrated here include the capability to add 

online DLS and MALS detection to simultaneously monitor the stability of the NPs 

during the drug release, and the ability to distinguish release rates from different NP 

size populations, providing critical data to deduce the release mechanisms. 

The AF4-FLD method is expected to be broadly applicable to characterize the 

release of fluorescent or fluorescently-tagged drugs from polymeric NPs and other 

“soft” NPs, with fluorescent drugs representing the vast majority of drugs that are 

currently FDA-approved for nanomedicines (e.g., liposomal and albumin-based drugs). 

The method is expected to be facile and robust to characterize drug release and NP 

stability while eliminating errors in release measurements due to drug interactions with 

devices used in typical release experiments (e.g., the dialysis membrane). In future 

studies, we will validate this method for different fluorescent dyes and will also explore 

the unique capabilities of AF4 to separate NPs from other constituents (e.g., 

biomolecules) in order to acquire release profiles and drug distributions in complex 

matrices. These measurements can lead to better design of drug-loaded NPs and yield 

high value in reducing time and costs to characterize nanodelivery systems before 

initiating in vivo experiments.  
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CHAPTER 4. SIZE-DEPENDENT ANALYSIS TO DISTINGUISH 

MECHANISMS OF RELEASE FROM POLYMERIC 

NANOPARTICLES 

4.1 Introduction 

Polymeric nanoparticles (NPs) and other nanomaterials such as liposomes or 

micelles have versatile applications in biomedicine and broader fields as carriers for 

drugs or other active ingredients. Along with size distribution and surface chemistry, 

the release profile is a critical parameter to control, as a slow or triggered release is often 

essential to ensure the nanoparticle carries and releases the active ingredient at the 

desired rate or under desired conditions. The release mechanism is fundamentally 

determined by the localization of the drug (e.g., entrapped, encapsulated, or surface-

bound) and the properties and transformations of the particle (e.g., particle structure, 

glassy or rubbery state, shrinking or swelling, degradation or erosion). Hence, to predict 

drug release or transfer from the NPs, it is critical to understand the drug localization 

and identify the primary release mechanisms. Direct measurement of the nanoscale drug 

localization in polymeric NPs is often highly challenging, with state-of-the-art methods 

only recently being developed and demonstrated, such as coupled atomic force 

microscopy – infrared spectroscopy (AFM-IR or “nanoIR”).240 Hence, release assays 

are typically conducted to attempt to deduce the release mechanism. 

In a standard drug release study, release is evaluated either as the total drug 

concentration appearing in solution (i.e., the released drug) over time, or the total drug 

depleted from the NPs over time; that is, the drug is quantified in bulk. A number of 
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release models, including dissolution models, radial diffusion models, and the 

Korsmeyer-Peppas model, are commonly applied to fit time-resolved release profiles to 

deduce the release mechanism. However, such release profiles may not contain 

sufficient information to confidently deduce the initial drug distribution or the release 

mechanism, given that several models can produce similar time-resolved release 

profiles despite being derived using completely different assumptions and conceptual 

model formulations. In principle, introducing size as a second dimension to the release 

profile would enable a more definitive distinction of release mechanisms by imposing 

additional constraints. For example, radial diffusion models predict a strong influence 

of particle size on the release rate, which could be tested given size-resolved 

experimental release data. However, measuring size-resolved release rates is 

challenging in practice when standard release assays only separate dissolved drugs from 

bulk NPs. Hence, acquiring release profiles on different sizes of NPs would require 

tedious labor to synthesize batches of NPs with different sizes or separate a polydisperse 

sample of NPs into discrete size fractions, then conduct a separate release study on each 

batch of NPs.238 The size resolution achievable is then severely limited by the number 

of size fractions that can be prepared. 

Our recent research presented the development of multi-detector asymmetric 

flow field-flow fractionation (AF4) to rapidly acquire size-resolved release profiles at 

high size resolution. Prior applications of AF4 to evaluate drug release or transfer have 

been limited to bulk analysis across the entire NP peak,59, 61, 62, 66, 241, 242 or performed 

size-resolved evaluations via fraction collection and offline analysis of each fraction.57, 

243 Our study demonstrated the ability to achieve release profiles at high size resolution 
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by taking full advantage of the continuous size separation provided by AF4, together 

with online fluorescence detection (FLD), UV detection, and dynamic light scattering 

(DLS) to evaluate drug loading, NP concentrations, and NP sizes at every 

chromatographic time point across the size distribution. When applied to poly (lactic-

co-glycolic) acid (PLGA) NPs loaded with enrofloxacin, a relatively hydrophilic 

antibiotic (octanol-water partitioning coefficient, log P, of 0.24 to 1.1228), the method 

revealed size-dependent release rates consistent with that predicted by a radial diffusion 

model. Further advantages included in situ removal of an immediate burst release of the 

hydrophilic enrofloxacin, which produced a strong interference in release evaluation by 

dialysis. 

This study further develops the multi-detector AF4 method to evaluate the 

product purity, transformations, and release mechanisms of PLGA NP formulations 

with the introduction of online total organic carbon (TOC) detection for polymer 

quantification (Figure 4.1a). A robust method to quantify the PLGA NPs is particularly 

critical to evaluate drug loading (i.e., the mass/mass concentration of drug to polymer). 

UV-vis detection can be poorly suited to obtain mass concentrations as the measured 

transmittance is influenced severely by light scattering,244 which is not proportional to 

mass concentration across a NP size distribution or if the NP size changes over time 

(e.g., because of shrinking, swelling, or degradation). Refractive index (RI) is sensitive 

to changes in pressure (and hence flow rates) during the AF4 measurement, as well as 

the compression or density of the polymer,245 resulting in uncertainty or variability in 

the RI increment (dn/dc) to relate RI to concentration. Here, TOC analysis is proposed 

to provide more universal detection and unambiguous, mass-based quantification of 
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polymer concentrations, both in the NP population as well as dissolved polymer (i.e., 

excess surfactant). 

The extended AF4 method is applied to PLGA NPs loaded with coumarin 6 

(C6), a lipophilic fluorescent dye (log P) of 5.6.246 As with other lipophilic dyes,247-251 

C6 has been used as a model representation of lipophilic drugs to better understand their 

release behavior, or alternatively as a fluorescent tag to track NP distributions in 

biological samples (where the dye ideally remains within the particles).252 Prior 

literature on the synthesis and release behavior of C6-loaded PLGA NPs show a wide 

range of extents and rates of C6 release, as summarized in the Appendix C, Table C.1. 

Notably, these studies report the possibility for both a slow “burst” release of the 

lipophilic C6 from the NP surface, slower release of entrapped C6 via degradation of 

the PLGA NPs, and enhanced rates and extents of transfer when the NPs are exposed to 

liposomes. An understanding of C6 distribution in the NP hence may be important to 

predict the release or transfer behavior. Here, the size-resolved AF4 analysis is proposed 

to provide evidence of the release mechanisms of C6 from PLGA NPs.  

In summary, the main objectives of this study are to develop the novel coupling 

of AF4 with online TOC detection to quantify polymeric NP concentrations and 

evaluate product purity, and to apply the AF4 method to evaluate the size-resolved 

release of C6 from PLGA NPs. Bulk release profiles are validated against liquid 

chromatography LC) analysis to quantify C6 extracted from the NPs (Figure 4.1b), and 

AF4 analyses of the overall PLGA NP size and concentration are complemented with 

LC – quadrupole time-of-flight (QTOF) analysis of small polymer residues identified 

in the NP extracts (Figure 4.1b). Finally, the size-resolved release profiles acquired by 
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AF4 for the C6-loaded PLGA NPs are contrasted to that previously acquired on 

enrofloxacin-loaded PLGA NPs to distinguish release mechanisms and deduce 

differences in drug distribution in the NPs. 

 

Figure 4.1. Schematic of the experimental approaches to investigate the drug release 

behavior by using AF4 (a) or organic solvent extraction and LC-QTOF. 

4.2 Materials 

For the NP synthesis, 3-(2-Benzothiazolyl)-7-(diethylamino)coumarin 

(coumarin 6, laser grade, 98%) and poly (vinyl alcohol) surfactant (PVA, 88% 

hydrolyzed, molecular weight (MW) of 85120 kDa) were purchased from Acros 

Organics (Morris Plains, NJ, USA). Poly(lactic-co-glycolic acid) (PLGA, 50:50 lactide: 

glycolide, MW of 3854 kDa), and dichloromethane (DCM) (anhydrous, ≥99.8%, 

contains 40-150 ppm amylene as a stabilizer) were purchased from Sigma Aldrich 

(Millipore Sigma, St Louis, MO, USA). For the release experiments, potassium 

phosphate monobasic anhydrous (KH2PO4, ACS grade, Amresco, Solon, OH, USA), 
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sodium phosphate dibasic heptahydrate (Na2HPO4•7H2O, ACS grade, Amresco), 

sodium chloride (> 99.0%, ACS grade, Sigma Aldrich), and potassium chloride 

(99.999%, trace metal basis, Acros Organics) were used for the preparation of phosphate 

buffered saline (PBS, 137 mM NaCl, 2.7 mM KCl, 10.1 mM Na2HPO4, 1.8 mM 

KH2PO4, pH 7.4). For AF4 mobile phase preparation, KH2PO4, Na2HPO4•7H2O, and 

sodium sulfate decahydrate (Na2SO4•10H2O, Acros Organics) were used for the mobile 

phase preparation. LC-MS grade acetonitrile (≥ 99.9%, OmniSolv LC-MS, EMD 

Millipore, Burlington, MA, USA and ≥ 99.9%, Baker Analyzed for LC-MS, J.T. Baker, 

Phillipsburg, NJ) and LC-MS grade water (Baker Analyzed for LC-MS, J.T. Baker, 

Phillipsburg, NJ), as well as formic acid (ACS reagent, Honeywell, Charlotte, NC, 

USA) were used for LC-QTOF mobile phase preparation.  

4.3 Methods 

4.3.1 Synthesis of Polymeric Nanoparticles 

Coumarin 6 loaded PLGA NPs (PLGA-C6) were synthesized with some 

modifications to a previously reported emulsion evaporation technique.253 To prepare 

the aqueous phase, PVA was initially dissolved at 1.5 % (w/w) in deionized water 

(DIW) under constant magnetic stirring (600 rpm) with heating at 90 °C for ≈ 3 hours.  

The solution was filtered through a 0.22 m polyethersulfone (PES) membrane (EMD 

Millipore) to remove undissolved or aggregated PVA, then diluted to a final 

concentration of 0.3 % (w/w) in DIW. A stock solution of C6 was prepared by 

dissolving 4 mg of C6 powder in 4 mL of DCM, then diluted 20 times in DCM to a final 

concentration of 0.05 g/L. The organic phase for the NP synthesis was then prepared by 
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dissolving 12.5 mg of PLGA powder in 1 mL of DCM, followed by adding 0.25 mL of 

C6 solution (0.05 g/L in DCM). The organic phase was slowly added to 12.5 mL of 

PVA solution (0.3 % (w/w)) under constant stirring (660 rpm), followed by 10 minutes 

of probe sonication at an amplitude of 100 % and pulse of 2 s on / 2 s off (Fisherbrand 

Model 120 Sonic Dismembrator, Fisher Scientific, Waltham, MA, USA), then stirred 

for another 4 hours to evaporate the remaining DCM under a fume hood. The total 

concentrations of material in the remaining aqueous phase are 1 mg/L of C6, 1 g/L of 

PLGA, and 3 g/L of PVA. 

To purify the NPs, 8 mL of the synthesized NPs suspensions were distributed 

among eight Eppendorf Protein LoBind centrifuge tubes and centrifuged at 13000 rpm 

(12641g) for 23 min (MiniSpinPlus, Eppendorf, Hamburg, Germany), followed by two 

washes with DIW. The supernatants from each centrifugation step were collected and 

held refrigerated and in the dark for further quantification of the C6 and PVA by LC-

QTOF and batch TOC analysis, respectively. Separate batches were prepared for each 

release experiment; hence, error bars in all analyses include batch-to-batch variability 

along with variability in the experiments and measurements. 

4.3.2 Characterization of Synthesized Particles 

4.3.2.1. Batch DLS and zeta potential measurements 

Batch hydrodynamic size and zeta potential were measured by DLS and 

electrophoretic light scattering, respectively, on a Malvern Zetasizer Nano ZS 

instrument (Malvern Panalytical Inc., Malvern, UK). Measurements were taken on the 

unpurified NPs (before washing) and purified NPs at the beginning and end of the 
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release experiments (i.e., 0 h and 96 h). DLS measurements were taken on the sample 

as collected (0.25 g/L of NPs in PBS). For zeta potential measurements, the NPs were 

centrifuged and resuspended in DIW to avoid rapid corrosion of the electrodes on the 

folded zeta capillary cell (DTS 1070, Malvern) used for the measurement. The applied 

voltage was set to 100 V, and the Smoluchowski model was applied to convert 

electrophoretic mobility to the apparent zeta potential. Reported values are the average 

and standard deviation from four independently synthesized batches of NPs with five 

measurements per sample.  

4.3.2.2. Transmission electron microscopy (TEM) imaging 

Transmission electron microscope (TEM) images of PLGA-C6 were obtained 

by a JEOL JEM-1400 series 120kV (JEOL USA Inc., Peabody, MA, USA). The NPs 

were mixed with a contrast agent (uranyl acetate) before placing one droplet over a 

carbon copper grid. The sample was dry before placing in the microscope chamber 

(Appendix C, Figure C.1).  

4.3.2.3. Differential scanning calorimetry (DSC) 

A portion of the NPs was lyophilized for DSC analysis by adding trehalose 

dihydrate (Sigma Aldrich) as a cryoprotectant to the purified PLGA-C6 NP suspension 

in a ratio of 1 g trehalose dehydrate to 1 g PLGA NPs, then lyophilizing on a Freezone 

4.5 L benchtop freeze drier at -84 °C (Labconco, Kansas City, MO, USA). 

The glass transition temperature (Tg) of the NPs was measured by modulated 

differential scanning calorimetry (MDSC) The measurements were obtained on a TA 

Instruments DSC (model Q200, TA Instruments, New Castle, DE, USA). The DSC 

experiments were performed with 5 to 10 mg of sample using standard aluminum pans. 
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The sample compartment was purged with nitrogen (gas flow 50 mL/min) during the 

experiment. The procedure was as follows: (1) cool down sample to -40 °C; hold 

isothermal at this temperature for 5 min; (2) modulate +/- 0.80 °C every 60 seconds; (3) 

isothermal for 5.00 min (4) Ramp 5.00 °C/min to 80.00 °C. The Tg and onset and offset 

points were calculated using the inflection 188 point method using the Reverse Heat 

Flow Signal. (Appendix C, Figure C.2).  

4.3.2.4. Quantification of dye loading and entrapment efficiency 

To evaluate the dye loading and entrapment efficiency, the dissolved 

(unentrapped) C6 from the synthesis was measured in the aqueous supernatants 

collected during the NP purification procedure. The entrapped C6 was also measured 

on the first NP sample collected in the release experiments (0.25 g/L NPs, time 0) after 

centrifugation to pellet the NPs and remove supernatant, followed by extraction of the 

pellet into acetonitrile, as described in Section 4.3.4. All samples were diluted by a 

factor of two to achieve a background solution of 50 vol % acetonitrile / 50 vol % DIW 

for measurement by LC-UV-QTOF with C6 quantification against external standards in 

the same background solution, as described in Section 4.3.6. The mass of C6 measured 

in the extracted NPs was divided by the mass of PLGA NPs to compute the C6 loading 

(g C6/mg NPs). The entrapment efficiency is also reported as the ratio of the entrapped 

C6 to the total measured amount of C6 (sum of the entrapped C6 and supernatants from 

the NP purification steps).  
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4.3.3 Batch TOC Analysis for Quantification of PLGA NPs and PVA Surfactant 

Batch TOC measurements of the polymeric materials were conducted using a 

portable TOC detector (Sievers M9-SEC Portable TOC Analyzer, Suez, Trevose, PA, 

USA) configured in batch analysis mode. Acid (6 M phosphoric acid) and oxidizer (15% 

ammonium persulfate) cartridges were obtained from Suez (Trevose, PA, USA), and 

flow rates were set to 2 L/min and 4 L/min, respectively. The instrument was 

operated with inorganic carbon removal enabled. The organic carbon is then oxidized 

by a UV/persulfate-catalyzed reaction to CO2, which is transferred across a permeable 

selective membrane into water to form bicarbonate ions, which is quantified by a 

conductivity detector. Calibration was verified against potassium hydrogen phthalate 

(KHP) standards. More details about the selection of TOC instrument are provided in 

the Appendix C. 

 The purpose of the batch TOC measurements was to determine the PVA and 

PLGA oxidation efficiency on known samples, which were then applied as correction 

factors to all reported TOC values (including those taken in online measurements using 

the same TOC instrument settings). All samples were diluted to a target concentration 

of ≈ 10 mg C/L. For PVA, the oxidation efficiency was calculated by comparing the 

measured TOC (g C/L) to the theoretical carbon concentration on PVA standards of 

known mass concentration dissolved in DIW, where C represents 54.5 % (w/w) of the 

total PVA mass. Preparing PLGA standards in aqueous media was not feasible because 

of its poor aqueous solubility. Therefore, the PLGA oxidation efficiency was computed 

indirectly by measuring the TOC on unpurified NPs (where the concentrations of both 

PVA and PLGA are known from the synthesis), then subtracting the contribution of the 
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PVA to the TOC signal (considering the known PVA concentration as C and its 

oxidation efficiency) to obtain the measured C concentration for PLGA to compare 

against the expected theoretical value. For PLGA, C represents 46.2 % (w/w) of the 

total mass. 

4.3.4 Release Experiments 

To evaluate the dye release profile from the PLGA-C6 NPs, the purified NP 

stocks (1 g/L) were diluted in PBS (preheated to 37 °C) to obtain a final concentration 

of 0.25 g/L (as PLGA). The NP suspension was held in a 50 mL polypropylene 

centrifuge tube (Corning, Tewksbury, MA, USA) and maintained at 37 °C in a heated 

bath sonicator (Branson 1800, Emerson, St. Louis, MO, USA) without sonication. 

Dialysis was not used because our prior study showed evaporative losses from within 

the dialysis unit at 37 °C, which would complicate validation of C6 measured in the NPs 

over time. Notably, sorption to the polypropylene container was also observed and 

found to be important to maintain sink conditions, as discussed in the SI. 

To acquire samples to analyze using the multi-detector AF4 approach, 0.4 mL 

of the NPs were collected at different time intervals (0 h to 96 h) into HPLC vials with 

inserts and were injected immediately onto the AF4 instrument (Section 4.3.5) without 

further treatment. Samples of 1.5 mL of the NPs were also collected for LC-UV-QTOF 

analysis and immediately centrifuged in Eppendorf Protein LoBind centrifuge tubes at 

13000 rpm (12641g) for 23 min (MiniSpinPlus, Eppendorf, Hamburg, Germany). The 

aqueous supernatant was collected for analysis, and the remaining NP pellets were kept 

refrigerated in the dark for further until further processing. To extract the remaining 
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entrapped C6 and soluble portions of polymer from the NP pellets at each time point, 

1.48 mL of acetonitrile was added to each centrifuge tube to reach the initial sample 

volume. Then, the samples were vortexed for 10 s and rotated end-over-end at 25 rpm 

at room temperature for 1 h, followed by centrifuging at 13000 rpm for 23 minutes to 

pellet any undissolved material. 200 L of the acetonitrile extracts were mixed with 200 

L of DIW for LC-UV-QTOF analysis. (Note preliminary tests showed substantial filter 

loss of C6, so no further purification was performed beyond centrifugation.) The release 

experiments were performed on four independently synthesized batches of NPs. 

4.3.5 Multi-detector AF4-UV-LS-FLD-RI-TOC Analysis 

The multi-detector AF4 system for direct quantification of the C6-loaded PLGA 

NPs includes an AF4 module (Eclipse AF4, Wyatt Technology, Santa Barbara, CA, 

USA) with a short channel containing a spacer (height of 250 m) attached to an Agilent 

1290 Infinity LC system (Agilent, Santa Clara, CA, USA). The LC system includes a 

binary pump, degasser, and autosampler. The AF4 mobile phase was phosphate buffer 

(4 mM, pH 7) with Na2SO4 (25 mM). The Na2SO4 was selected for compatibility with 

the online TOC detector, as Cl- oxidation must be avoided. The AF4 sample injection 

and detector flow rates were set to 0.2 and 0.5 mL/min, respectively. The injection 

volume was 100 L with a total run duration of 100 minutes for each sample. The same 

setting and flow setup was used as optimized in our previous work for similarly sized 

PLGA NPs (Appendix C, Table C.2). Two ultrafiltration membrane types were 

evaluated for the accumulation wall, 10 kDa regenerated cellulose (RC) (Ultracel 

PLCGC, MilliporeSigma) were die-cut in-house from sheet membranes, and 30 kDa 
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polyethersulfone (PES) (Microdyn-Nadir, supplied by Wyatt Technology). The RC 

membrane resulted in higher recovery of the PLGA NPs. However, overall the results 

for loading and release were similar after normalizing the fluorescence signal for the C6 

to the NP concentration (either by UV, RI, or TOC detection), demonstrating the 

robustness of the data analysis approach. Therefore, results were averaged across four 

replicates using both membranes.  

Online detectors included an Agilent 1260 Infinity UV-Vis diode array detector 

(DAD) and fluorescence detector (FLD), Wyatt DAWN HELEOS II multi-angle light 

scattering (MALS) and dynamic light scattering (DLS) (or quasi-elastic light scattering) 

detectors, a refractive index (RI) detector (Wyatt, Optilab T-rEX), and total organic 

carbon (TOC) detector (Sievers M9-SEC portable TOC analyzer) configured in flow 

mode with turbo measurement to collect a TOC measurement every 4 s. Detectors were 

ordered as UV DAD  MALS/DLS  FLD  RI  TOC, with optical detectors 

ordered from highest to lowest flow cell pressure limit and TOC as the final detector 

given the destructive detection mode. The UV DAD was set to 350 nm wavelength as 

the primary wavelength for PLGA NP detection, with full spectra collected from 

wavelength 190 nm to 600 nm (step 2 nm). For FLD, the optimal excitation and 

emission wavelengths for C6 detection were set as 450 nm and 510 nm, respectively, 

with a photomultiplier tube (PMT) gain of 13. These wavelength settings minimized 

scattering interferences, with a fluorescence peak observed at 510 nm emission. 

Emission spectra were also collected from 460 nm to 890 nm (5 nm step size). The DLS 

detector was located at the 140° scattering angle, and the measurement duration was 5 

s. The MALS data were analyzed using the Berry formalism as the optimal selection for 
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the size range of NPs measured here.195, 254 For online TOC measurements, effluent from 

the RI detector was routed directly to the TOC analyzer, and the same acid and oxidizer 

flow rates were used as in the batch TOC setup. The hardware and software for data 

integration are described in the Supporting Information. 

4.3.6 LC-UV-QTOF Quantification 

LC-UV-QTOF analysis was performed on the supernatants from the purification 

steps after the NP synthesis, as well as supernatants and acetonitrile extracts of all NP 

pellets collected from the release experiments. The analysis was performed on an LC 

system (1260 Infinity II, Agilent Technologies) with binary pump and degasser, 

thermostatted autosampler (held at 4 °C, sample injection volume of 20 L, needle flush 

of 5 s in LC-MS grade methanol) with integrated column compartment (held at 40 °C), 

Zorbax Eclipse Plus C18 Rapid Resolution High Definition (RRHD) column (2.1 x 50 

mm, 1.8 µm), and UV-Vis DAD set to monitor the 449 nm wavelength for C6 

quantification. The mobile phase solvents were A, 0.1 % formic acid in water, and B, 

acetonitrile and total flow rate was 0.3 mL/min. A gradient elution was run, hold at 5 % 

B for 2 min, ramp to 40 % B from 2 to 5 min; ramp to 95 % B from 5 to 20 min; hold 

at 95 % B from 20 to 24 min; ramp to 5 % B from 24 to 25 min; and hold at 5% B from 

25 to 30 min to re-equilibrate. QTOF analysis was performed on an Agilent 6545 QTOF 

mass spectrometer with a dual Agilent jet stream (AJS) electrospray ionization (ESI) 

source in positive ion mode. The first two minutes of each sample run was diverted to 

waste, then the remainder of the run to ESI-QTOF analysis. Mass spectra were collected 

from 60 to 1700 m/z in full scan mode (no precursor selection or collision energy 
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applied). The ESI source settings and additional details are listed in the Supporting 

Information. Data were collected into MassHunter Acquisition B.09.00 and processed 

in MassHunter Qualitative Analysis 10.0 and MassHunter Mass Profiler 10.0.1. All LC-

UV-QTOF measurements were conducted by Dr. Stacey M. Louie.  

4.4 Results and Discussion 

4.4.1 Batch Characterization of PLGA-C6 NPs  

Batch measurements of the purified PLGA-C6 NPs yielded a z-average 

hydrodynamic radius (Rh) of 100 ± 2 nm and zeta potential of -4 ± 2 mV, respectively. 

TEM images showed a range of NP sizes, e.g., from 50 nm to 100 nm radius (Figure 

C.1), where the smaller sizes by TEM compared to batch DLS may be attributable to 

shrinking of the NPs under the vacuum, as well as the z-averaged weighting of the DLS 

size distribution toward larger NP sizes. DSC results yielded a Tg of 44.8 °C, similar to 

that reported by the manufacturer for the pure PLGA of 46 to 50 °C.255 The NPs are 

hence expected to be in the glassy state at the temperature of 37 °C used in the release 

experiments. 

Quantification of C6 by LC-UV analysis for both supernatants and the NP pellets 

from the synthesis resulted in an entrapment efficiency and dye loading of 60 ± 4 % and 

0.8 ± 0.1 g C6/mg PLGA (n = 4 replicates), respectively. These results are close to 

previously reported values of 70 to 80 % encapsulation efficiency and 0.1 % (w/w) C6 

loading in PLGA when using similar ratios of materials in the synthesis.256  
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4.4.2 AF4 with Online TOC Detection for Nanoformulation Purity Analysis 

Product purity is an important quality assurance measure for nanoformulations, 

along with the particle size distribution and aggregation state. Here, we report the first 

coupling of AF4 with online TOC detection for nanoformulation analysis, to our 

knowledge. Prior to coupling AF4 with TOC, batch TOC measurements were first 

conducted on known samples to determine oxidation efficiency of the two major 

components by mass (PVA and PLGA) used in the NP synthesis. An oxidation 

efficiency of 93 ± 4 % (n = 3 replicates) was determined on PVA standards. 

Furthermore, using the indirect approach presented in the Methods, an oxidation 

efficiency of 77 ± 7 % (n = 3 replicates) was determined for the PLGA NPs. 

To evaluate formulation purity, the unpurified PLGA-C6 NPs (containing 0.25 

g/L of PLGA along with all unincorporated C6 and a total of 0.75 g/L of PVA surfactant) 

and purified NPs (0.25 g/L of PLGA and any bound C6 and PVA) were evaluated by 

multi-detector AF4 analysis. For both samples, the online DLS measurements 

confirmed size separation of the polydisperse NPs, with the NPs eluting from around 20 

to 60 min with Rh ranging from 70 nm to 120 nm across the full width half maximum 

(FWHM) of the light scattering peak (Figure 4.2). A void peak also elutes around 10 to 

20 min that comprises materials such as excess PVA that are larger than the membrane 

pore size (10 to 30 kDa) but smaller than the NPs. Qualitatively, a clear difference is 

observed when comparing the chromatograms acquired by different online detectors, 

with the TOC and RI detectors much more sensitive than the UV detector to the excess 

polymer in the unpurified sample (Figure 4.2). 
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Figure 4.2. AF4-UV, AF4-RI, and AF4-TOC chromatograms and hydrodynamic radius 

(Rh) for purified and unpurified PLGA-C6 NPs (0.25 g/L as PLGA). 

 

One critical advantage of the online TOC detector is that the polymer and NP 

mass concentrations eluting in the AF4 analysis can be quantified unambiguously given 

knowledge of the chemical formula and hence % C by mass for the polymers in the 

samples. Hence, a mass recovery from the AF4 channel can easily be computed. Based 

on the sample injection volume (100 L), concentrations of PVA and PLGA in the 

syntheses, and the measured TOC oxidation efficiency from the batch analysis, we 

would expect measured masses of 0.038 mg C in PVA and 0.009 mg C in PLGA in the 
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injected samples. The actual TOC chromatograms show a recovery of 0.033 ± 0.003 mg 

C and 0.010 ± 0.002 mg C in the void peak (excess PVA) and main peak (PLGA NPs), 

respectively. That is, 93 ± 8 % C recovery across the entire peak area (both free PVA 

and PLGA NPs), and 87 ± 7 % and 120 ± 20 % for mass recovery of PVA and PLGA 

NPs, respectively, were obtained. The error in the separately evaluated peak recoveries 

may be attributable to the incomplete separation of PVA and PLGA peaks (Figure 4.2). 

The overall results demonstrate the suitability of TOC as an absolute and easily 

interpretable mass concentration detector. 

For comparison, mass concentrations can be challenging to interpret directly 

from the RI or UV signals. For RI analysis, dn/dc of both PVA and the PLGA NPs 

would need to be determined. While reference values are available for PVA (0.143 mL/g 

for 88% hydrolyzed PVA),257 dn/dc for PLGA is generally reported only for the 

dissolved polymer in organic solvent. The mass recovery on the PVA void peak in the 

unpurified samples was 130 ± 52 % by RI analysis. For UV analysis, a UV extinction 

coefficient is required to relate absorbance to concentration. For small molecules, such 

analysis is appropriate. However, for NPs, the measured transmittance becomes 

significantly impacted by light scattering, which has a strong size dependence and is 

hence not directly proportional to mass concentration across a range of NP sizes. Hence, 

the UV signal would suggest that only 3 ± 1 % of the unpurified sample consists of free 

polymer (as opposed to 76 ± 3 % by TOC analysis), because the UV signal is 

disproportionately weighted toward the large NPs. 

For the purified NPs, a mass recovery of 70 ± 5 % on the PLGA NPs was 

measured by AF4-TOC analysis using the 10 kDa RC membrane, or 44 ± 12 % using 
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the 30 kDa PES membrane, respectively. NP losses in the purified samples are 

attributable to attachment to different compartments of the instrument (i.e., the 

membrane, tubing, etc.) and are reasonably higher when the excess surfactant is not 

injected as in the unpurified sample. Note that a relative mass recovery analysis is 

possible using both UV and RI detection but again entails further complication beyond 

the absolute mass analysis by TOC. To evaluate NP recovery without a reliable dn/dc 

or UV extinction coefficient, injection of the NPs with no applied cross flowrate is 

necessary with an assumption that no losses are incurred. By comparing the peak areas 

with and without cross flow (for an equivalent injection volume), recoveries of 88 ± 10 

% and 48 ± 15 % were obtained for RC and PES membrane, respectively, using the UV 

detector. Overall, the results confirm the advantage of TOC over UV and RI detection 

as a universal, unambiguous detector for obtaining absolute mass concentrations of 

dissolved polymers and polymer NPs in the nanoformulations.  

4.4.3 AF4-TOC for Scattering-free PLGA NP Concentration Analysis  

As noted, UV transmittance is influenced both by true absorbance and light 

scattering away from the detector. The scattering from spherical particles and the 

dependence on size and scattering angle can be modeled by the Mie scattering function. 

Although true UV absorbance is theoretically proportional to mass concentration by the 

Beer Lambert law, the Mie scattering is not when comparing differently sized particles, 

with larger particles tending to scatter disproportionately greater light. Hence, we would 

expect the apex location in the UV chromatogram to be skewed toward larger particles. 

This expectation was confirmed experimentally, the peak shape and elution time for the 
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UV detector is more similar to that of the LS detector, whereas the RI and TOC detectors 

show peak apexes eluting at earlier times (Figure 4.3). These qualitative results support 

the expectation that the TOC signal is proportional to the mass of the particle; therefore, 

the peak location represents the sample fraction with higher concentration.  

 

Figure 4.3. AF4-UV-LS-FLD-RI-TOC chromatograms for purified PLGA-C6 NPs 

(0.25 g/L in PBS). All signals were normalized to their maximum value during 

the NP elution (18-50 min). 

 

The FLD signal is selective to the drug (see Figure 4.1 inset comparing FLD 

spectra for C6-loaded and “empty” PLGA NPs synthesized in the same manner except 

without C6). Hence, dividing the FLD signal by the NP signal (either by UV, RI, TOC) 

can be indicative of the loading. We explored the implications of having a “true” mass 

concentration versus scattering-impacted signal by evaluating the “apparent” dye 

loading profiles across the NP size distribution for both the PLGA-C6 NPs here, and 

enrofloxacin-loaded PLGA NPs synthesized in our prior AF4 method development 

study as a second case (Figure C.4). In brief, we observed opposite trends in apparent 

loading across the size distribution when using the raw UV signal versus the TOC signal 

to determine NP concentrations. The RI signal appears to confirm the reliability of the 
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TOC signal. In order to attempt to reconcile the observed difference of the UV signal, 

an approximation to the Mie scattering function across the NP size range of interest was 

determined and used to develop a correction factor to normalize for the influence of size 

to the scattering signal (details in Appendix C, Figure C.5). Applying this correction 

factor allowed the same trend to be recovered as for the TOC and RI detectors. The need 

to apply advanced Mie scattering corrections to the UV data emphasizes that UV 

detection would be poorly suited to monitor particle concentrations and hence drug 

loading in any samples where the particle is swelling/shrinking or degrading and thereby 

changing size. 

Overall, uncertainty persists in the use of the raw FLD signals to evaluate 

absolute drug loading. In particular, it is unclear whether the trend of increasing 

apparent loading with increasing size (Figure C.4) represents genuine differences in 

loading, or whether the results are influenced by any size-dependent quenching, inner 

filter, or scattering artifacts. Therefore, we suggest that the absolute FLDdrug/NP signal 

should not be interpreted directly as the absolute loading at each elution time, but rather 

as in our previous work, we only semi-quantitatively evaluate the FLDdrug/NP signal for 

samples collected at different release times relative to the initial FLDdrug/NP at time 

zero, thereby normalizing for any size-dependent differences in loading, fluorescence 

quenching, or other artifacts. Such approaches for fluorescence analysis are not atypical, 

for example, Carrillo-Carrion et al. investigated the loss of fluorescently-labeled 

polymer and protein from quantum dots and normalized all temporal data for each 

sample to the fluorescence of the same sample at time zero, hence allowing a semi-

quantitative analysis of changes in these complicated systems.258 
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4.4.4 Transformations of the PLGA NPs During the Release Experiments  

AF4 is most commonly used to measure size distributions and identify any 

changes in particle size (e.g., due to aggregation, degradation, shrinking, or swelling). 

Here, no significant change in the hydrodynamic size of the nanoparticles was observed 

over the duration of the 96 h release experiment by either batch DLS or AF4-DLS 

(Figure C.6), and furthermore, no significant change in the radius of gyration was 

observed, with the shape factor (Rg/Rh) remaining consistent over time (Figure C.7). 

Furthermore, the AF4-TOC results showed a consistent recovery of C from the injected 

NP samples. Therefore, no significant transformations of the PLGA NPs, such as 

degradation or swelling, occurred during the release experiment.  

 These measurements were complemented with LC-QTOF analysis after 

extraction of pelleted NPs in acetonitrile. In addition to validating the C6 release 

(discussed in Section 4.4.5), the LC-QTOF analysis revealed that small oligomeric 

PLGA species were separated on the HPLC column (chromatograms in Appendix C, 

Figure C.8). By analyzing PLGA standards of the stock material in acetonitrile, we 

confirmed that these low MW species are present in the stock PLGA and are not 

degradation products. Oligomeric species belonging to the polymer series, i.e., with 

various numbers of lactide or glycolide monomer units, were extracted from the data 

and plotted as MW versus retention time (RT), with both the composition (i.e., relative 

number of lactide and glycolide units) and abundance visualized in Appendix C Figure 

C.9. The data processing approach for the data visualization is described in the SI. The 

data analysis was applied on samples collected at all release times from 0 to 96 h to then 

identify trends in abundances of the oligomeric PLGA, with data for select release times 
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overlaid in Figure 4.4 and data for select species plotted in Appendix C,  Figure C.10. 

The PLGA NPs showed more rapid and extensive losses of the lower molecular weight, 

more hydrophilic species over time, with glycolide units being more hydrophilic than 

lactide units because of the methyl side chain on the lactide. In summary, the multi-

detector AF4 and LC-QTOF analyses serve complementary roles, with AF4 

demonstrating that the overall PLGA NP (including the bulk of the PLGA matrix) 

remains intact, whereas LC-QTOF analysis gives a detailed picture of the fate of the 

small oligomeric PLGA species.  

 

Figure 4.4. MW of the polymer versus the RT for acetonitrile extracted PLGA-C6 NPs 

released in PBS from 0 to 96 h at 37 °C. The size of each point represents the 

abundance of each polymer.  
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4.4.5 Measurement of Bulk Release Profiles by Multi-Detector AF4 Analysis and 

Validation Against LC Analysis 

Here, we apply the multi-detector AF4 method for direct evaluation of C6 

release from the PLGA NPs over time at 37 °C in PBS. All detectors were employed 

for all samples. Here, we focus primarily on release profiles acquired using FLD as the 

C6 detector and TOC as the NP mass concentration detector, with comparisons also 

made when using UV or RI detection for the NPs (Figure 4.5). To obtain the bulk release 

profile across the entire NP population, the integrated peak areas are used for the 

analysis. A slow release of up to ≈ 75% of the initial C6 loading is observed over 96 h. 

Importantly, because both the batch DLS and online AF4-DLS measurements showed 

no significant change in the PLGA NP size over time (Figure C.6, C.7); therefore, the 

UV signals can be appropriate to compare between time zero and later time points to 

obtain the relative drug loading, and hence the release profiles obtained by using either 

TOC or UV as PLGA concentration detector were similar (Figure 4.5). However, for 

any potential cases where the NP size changes over time, e.g., due to shrinking/swelling, 

degradation, or aggregation, we emphasize the necessity of the TOC detector over the 

UV detector as a true mass concentration detector for the PLGA NPs, regardless of their 

size or aggregation state. The RI detector was unreliable for NP concentration detection 

given the baseline issues and low signal (Figures 4.2b and 4.3); results when using RI 

for NP detection are displayed in Figure 4.5 for comparison, but RI was not used for 

further analysis. 
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Figure 4.5. Bulk release profiles of C6 from PLGA-C6 NPs obtained by multi-detector 

AF4 analysis and validated against LC analysis on acetonitrile extracts of the 

NPs.   

 

To validate the AF4 measurements, an acetonitrile extraction method was used 

to extract C6 from the NPs after pelleting by centrifugation and removing the 

supernatant. All LC-UV-QTOF measurements were conducted by Dr. Stacey M. Louie. 

As Figure 4.5 shows, both the AF4-FLD and solvent extraction technique consistently 

suggest that ≈ 75 % of the initial C6 loading is slowly releasing over 96 hours. Other 

indirect approaches to measure the dissolved C6 were not feasible because significant 

dye loss was observed when attempting to separate NPs from the dissolved C6 using 

several method, including filtration, ultrafiltration, and dialysis. Similarly in the 

experiments conducted here with the PLGA-C6 release performed in polypropylene 

tubes followed by centrifuging to separate the NPs, very low concentrations of C6 were 

measured in the supernatant, indicating the released dye sorbs to the plastic containers. 

Therefore, the multi-detector AF4 approach can be highly advantageous in this scenario 

because the NP-associated drug is directly evaluated, and NP recovery during the 
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release experiment does not suffer the same losses as the dissolved C6. Furthermore, no 

sample processing is required after sample collection at each time point.  

We attempted to fit the bulk release profiles with several commonly applied 

models, including first-order kinetics, radial diffusion,238 239 the Higuchi model,259 260 

the Korsmeyer-Peppas model,261 262 the Baker-Lonsdale model, and the Hixson-

Crowell263 or Hopfenburg model264, 265 (Appendix C, Table C.3, Figure C.11). The 

results show that nearly all of the models can produce reasonably good fits to the data 

despite having different assumptions and derivations, and hence different physical 

interpretations. For example, the first-order model assumes diffusion across a thin-film 

barrier from a depleting well-mixed source (the NP) to perfect sink conditions (or 

alternatively, dissolution from an infinite source with accumulation in the bulk media 

up to the solubility limit as the Noyes-Whitney model266). On the other hand, the radial 

diffusion model assumes the drug is initially evenly dispersed within a spherical NP but 

then accounts for spatial heterogeneity over time, with release slowing over time as drug 

depletes from the exterior and diffuses outward from the interior of the NP. The fitted 

Korsmeyer-Peppas exponents were not significantly different from the theoretical value 

of 0.43 suggesting Fickian diffusion.261, 267 Even more notable, models that are 

obviously irrelevant to the system, such as the Higuchi model for dissolution from a 

planar film, the Hixson-Crowell model for dissolution from a shrinking tablet, or the 

Hopfenburg model for release from erodible polymers, can also fit the release profiles. 

In short, the release mechanism is poorly identifiable when only considering the bulk 

time-dependent dye release, and it would not be possible to deduce the particle structure, 

the initial dye distribution, or the mechanism by which release is occurring. 
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4.4.6 Size-dependent Release Analysis by Multi-detector AF4 to Explore Release 

Mechanisms 

We propose that by taking full advantage of the high resolution size separation 

and online detection capabilities of the multi-detector AF4 system, size-dependent drug 

release can be analyzed by monitoring the drug loading at each eluting size fraction over 

time to more definitively narrow the possible number of theoretical release mechanisms 

that could be consistent with the experimental data. As opposed to using integrated peak 

areas across the entire NP population to obtain bulk release profiles (as in Figure 4.5), 

here the relative change in the ratio of FLD/TOC (or FLD/UV) over the release duration 

is monitored at each chromatographic time point corresponding to a different size of 

NPs (Figure 4.6a and Figure C.12). Again, consistent results were achieved regardless 

of the selection of TOC or UV for the NP detector because all data are normalized to 

time zero of the release experiment, and the NP size did not significantly change over 

the 96 h experiment duration.  

For simplicity, a first-order loss equation (C(t) = C∞ + C0 exp(-kt)) was fitted to 

the experimental data for drug remaining in each size fraction of NPs over time to 

estimate the drug transfer rate constant (k), remaining dye loading for any firmly 

entrapped dye (C∞), and C0 for the initial dye loading in the NPs at time zero. The results 

indicate that the C6 transfer rate is largely independent of the size of the PLGA NP 

(Figure 4.6a, Figure C.12). These results are particularly remarkable in contrast to our 

previous study, in which the same analyses performed on enrofloxacin-loaded PLGA 

NPs showed a clear linear relationship between k and 1/R2, consistent with radial 

diffusion of entrapped drug through the matrix (Figure 4.6b).  
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 Figure 4.6. AF4FLD chromatograms normalized to PLGA concentration, and size-

dependent analysis.  

 

Here, we propose that the underlying reason for the different size-resolved 

release profiles is a difference in drug localization in or on the NPs. If the C6 being 

released from the NPs were evenly distributed throughout the PLGA matrix, a strong 

size dependence should be observed, similar to the enrofloxacin release. Given that this 

is not the case, we hypothesize that the majority of the C6 must be precipitated at or 

near the surface of the particles. Therefore, dissolution occurs directly from the NP 

surface and no distance within the NP needs to be traversed to reach the interface and 

then dissolve in the media (Figure 4.7). As such, the first-order release model would be 

the most appropriate representation of this scenario, whereas other models for diffusion 

through a spherical matrix (e.g., radial diffusion, Baker-Lonsdale, and Korsmeyer-
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Peppas models) would not be suitable regardless of goodness of fit to the bulk time-

resolved data. 

 

 

Figure 4.7. Schematic of emulsion formed during PLGA-C6 or PLGA-Enro synthesis, 

as well as the proposed release mechanism 

 

The slow dissolution of a hydrophobic compound from the NP surface can be 

considered a “burst” release of surface-localized C6. This interpretation is consistent 

not only with other evidence in our studies, but also those reported in the literature. For 

example, the Tg measured for the PLGA NPs here (≈ 45 °C) is near that for the pure 

PLGA268, and also higher than the temperature of 37 °C used in the release experiments. 

Our prior study on enrofloxacin-loaded PLGA NPs showed a lower Tg of ≈ 32 °C and 

importantly, that the entrapped enrofloxacin only showed release at temperatures near 

or surpassing Tg. These results are consistent with enrofloxacin being mixed within the 

PLGA matrix, whereas C6 is not (and hence does not influence the Tg substantially and 

furthermore, can release by surface dissolution even at temperatures below Tg). It is 
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unclear whether the loss of the low molecular weight PLGA oligomers observed in the 

QTOF analysis can influence the C6 release or where these oligomers are distributed in 

the particle; however, the rate of loss of the oligomeric species (Figure C.11) generally 

do not appear to correspond to the rates of C6 release (Figure 4.6), suggesting a lack of 

correlation between oligomer and C6 loss. 

Secondly, the measured release appears to plateau at around 75 % of the total 

loaded drug (from fitting C∞ for the bulk release profile in Table C.3), consistent with 

the presence of two populations of C6, 75 % at the surface (the “burst” release) and 25 

% entrapped within the NPs. This drug distribution profile could be indicative of poor 

miscibility or solubility of C6 with the PLGA phase – such an issue has previously been 

modeled and experimentally demonstrated for tetracycline separating and precipitating 

in “islands” on the surface of PLGA films, rather than dispersing within the film.269 In 

this scenario, the amount of C6 that is truly “entrapped” during the synthesis should be 

related to its equilibrium solubility in the PLGA, and hence different proportions of 

entrapped and burst (surface) C6 would be expected depending on the ratio of C6 to 

PLGA, with higher ratios resulting in higher proportions on the surface that cannot 

dissolve into the PLGA. This expectation also appears to be consistent with a close 

inspection of the literature (Appendix C, Table C.1). Corrigan et al. used a lower C6 to 

PLGA ratio of 0.25 g/mg (as opposed to 1.0 g/mg here) and report only a minimum 

burst release of < 1 % in the first day, followed by a subsequent slow release of 

entrapped C6 due to degradation or erosion of the PLGA over 45 d.270 Qaddoumi et al. 

similarly used a lower C6 to PLGA ratio of 0.55 g/mg and reported only 0.32 % release 

over 24 h, suggesting most of the C6 is firmly entrapped in their NPs as well.271 On the 
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other hand, Pietzonka et al. prepared PLGA-C6 NPs with a similar loading (nominal 

0.1% or 1 g/mg) as used here, and show results that can be consistent with a higher 

percent of C6 at the surface.256 In particular, C6 release rates and extents were found to 

change from virtually no release within 3 h, to slow release up to > 25% at 3 h when 

liposomes were introduced to the media but separated from the NPs across a dialysis 

membrane, and then to rapid release up to 50% when the direct mixing and contact 

between the NPs and liposomes was allowed.256 The influence of the liposomes without 

direct physical contact can be consistent with uptake of the lipophilic C6 to maintain 

sink conditions and avoid reaching a solubility limit (as also reported in this study when 

testing different container materials), and the significant influence of liposome-PLGA 

contact would suggest a direct surface transfer of C6 from the PLGA NPs to the 

liposomes.  

Notably, many studies (Appendix C, Table C.1) synthesize PLGA-C6 NPs with 

much higher C6 to PLGA ratios than discussed in these release studies and aim to use 

the NPs to track NP uptake or distribution in biological systems by fluorescence 

imaging. As discussed by Pietzonka et al., caution must be applied in such studies 

because surface transfer of C6 to lipid membranes (rather than NP uptake) is likely to 

occur.256 Ideally, the fluorescent label should be fully entrapped within the NP to 

mitigate surface transfer. It may be the case that preferential localization of drugs near 

the NP surface may more common than generally acknowledged, with characterization 

tools only recently becoming available to identify such issues.240 This study 

demonstrates that size-resolved multi-detector AF4 analysis can be a valuable screening 
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tool to deduce localization and release mechanisms and evaluate whether a 

nanoformulation meets the desired design criteria. 

4.4 Conclusions 

This study demonstrates the first direct coupling of AF4 with online TOC 

detection to evaluate the purity and concentration of polymeric nanoformulations and 

the advantages of the TOC as a more robust, unambiguous detector for the quantification 

of polymeric NPs to evaluate changes in drug loading over time. Furthermore, the novel 

mechanistic value of acquiring size-dependent release profiles on top of the common 

time-dependent bulk release profiles was exemplified when comparing PLGA-C6 and 

PLGA-enrofloxacin NPs. The size-dependent data enables a clearer distinction of the 

dye distribution inside or on the particles and more detailed insight into the release 

mechanism. Based on the AF4 results, we would suggest that at sufficiently high C6 to 

PLGA ratios, the majority of the dye in the synthesized PLGA-C6 particles is 

precipitated near the surface and releases by dissolution rather than radial diffusion 

through the matrix. Overall, the analysis provided in this study is not only limited to C6 

release from polymeric NPs but can be extended to probe the release of any inherently 

fluorescent or fluorescently tagged compounds, both to investigate release mechanisms 

and to rapidly screen products for the desired behavior. This case study represents a 

major advancement in demonstrating the full power of multi-detector AF4 analysis for 

simultaneous investigation of NP size distributions, NP transformations, formulation 

purity, drug loading and release, and most significantly, to achieve fundamental insights 

into the release mechanism.  
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CHAPTER 5. FUTURE DIRECTIONS 

In this section, a brief description of the future direction and potential 

continuation of this work are provided. In the second chapter of the dissertation, the 

evaluation of the competitive adsorption of the macromolecules onto titanium oxide 

nanoparticles was achieved by utilizing various analytical techniques such as in situ 

ATR-FTIR and size exclusion chromatography coupled to UV-Vis, refractive index 

(RI), and fluorescence detection (FLD). As complementary measurements to the 

presented data, the characterization of the size of the particles as well as their surface 

chemistry can be monitored simultaneously by using separation techniques like 

asymmetric flow field flow fractionation (AF4) coupled to various light scattering and 

spectroscopy detectors. The application of this method was previously shown for 

nanoplastics,272 carbon nanotubes,272 and silver nanoparticles273 in media containing 

natural organic matter. However, the use of this novel method for surface 

characterization of the nanomaterials in more complex systems containing different 

types of macromolecules has not been demonstrated yet.  

Additionally, the subsequent effect of different surface chemistries, as a result 

of adsorption of macromolecules onto titanium dioxide (TiO2) nanoparticles, on the 

functionalities of the particles, such as photoreactivity for degradation of contaminants, 

needs to be further explored. The effect of adsorption of a protein,16 fulvic acid,16 natural 

organic matter274 onto TiO2 particles were reported in previous studies. By assessing the 

NPs reactivity in solutions containing various types of macromolecules, mimicking the 

water treatment environments, a better assessment of the actual NPs degradation 

efficiency in natural environments can be obtained.  
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In Chapter 3 and 4 of the dissertation, the use of asymmetric flow field-flow 

fractionation with multiple detectors, including FLD, was demonstrated for 

characterization of the NPs containing inherently fluorescent dye/drug. The concept of 

controlled release is not limited to drug delivery applications. It can also be extended in 

different fields such as pesticide/herbicide delivery in agriculture, and using 

nanocapsules for the controlled delivery of antimicrobial agents for food industry (food 

packing) applications. Therefore, we expect the characterization methods developed 

here to have a broad impact to characterize NPs for the controlled release of active 

ingredients. Additionally, by fluorescently tagging the non-fluorophore compounds, this 

method can be extended to even broader ranges of the active ingredients.  

Finally, to fully evaluate and predict the “actual” drug release behavior of drug-

loaded nanoparticles in the biological milieu, the adsorption of macromolecules onto 

their surface needs to be considered. The adsorption of the biological constituents can 

have different effects on that drug release behavior. For example, decrement in the drug 

release rates due to the formation of the surface coating (corona) (obstructing the 

available site for the drug to diffuse from the NP)275, 276 or acceleration in the drug 

release rates due to degradation of polymeric NPs can be expected. Additionally, 

depending on the amount of adsorbed proteins and the composition of the hard/soft 

corona, we might observe different drug release behaviors.275, 276 We believe that the 

demonstrated asymmetric flow field-flow fractionation coupled with various online 

detectors (e.g., UV, MALS, RI, TOC, FLD), can enable studying the effect of different 

interactions between small molecules, macromolecules, and nanoparticles on the drug 

release behavior by direct monitoring of the drug loading. Additionally, by monitoring 
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the particle size under different conditions (i.e., pH, exposure to various types of 

macromolecules), the release mechanisms (e.g., swelling, degradation, and diffusion) 

can be distinguished, which can help on further improvement of nanocarriers’ designs 

for more effective controlled drug release. 
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APPENDIX A. SUPPORTING INFORMATION FOR CHAPTER 2 

A.1 Chemical Reagents 

Potassium phosphate monobasic anhydrous and sodium phosphate dibasic 

heptahydrate (both ACS grade, Amresco, Solon, OH) were used for phosphate buffers. 

Sodium bicarbonate (> 99.7%, ACS grade), sodium chloride (> 99.0%, ACS grade), 

and calcium chloride (> 97.0%, anhydrous, ACS grade) were obtained from Sigma 

Aldrich (St. Louis, MO). Phosphoric acid (85%, ACS grade, Ricca Chemical Company, 

Arlington, TX), Coomassie Brilliant Blue (MP Biomedicals, Santa Ana, California) and 

ethanol (anhydrous USP grade, Decon labs, King Of Prussia, PA) were used for the 

Bradford assay.  

A.2 Bradford Assay  

For the Bradford assay, the Bradford reagent was prepared by dissolution of 100 

mg of Coomassie Blue in 50 mL of ethanol and 100 mL of 85% phosphoric acid, and 

the volume was made up to 1 L by adding Milli-Q water. During protein measurements, 

2 mL of Bradford reagent was added to 0.2 mL of solutions containing bovine serum 

albumin (BSA). The concentration of BSA was quantified using the absorbance at 595 

nm277 or, for pure BSA supernatants that included high concentrations (up to 200 mg/L), 

using the ratio of absorbances at (595 and 450) nm, which extends the range of linearity 

of the calibration curve.278 To further reduce variability in the spectrophotometric 

measurements, a single polystyrene cuvette was used for each set of measurements 

(calibration standards and samples). Between measurements, the cuvette was rinsed 

thoroughly with Milli-Q water, 50% ethanol, Milli-Q water, the Bradford background 

https://www.bing.com/search?q=st.+louis+missouri&filters=ufn%3a%22st.+louis+missouri%22+sid%3a%22e418c908-10a1-4800-815f-406c679d8e13%22&FORM=SNAPST
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solution (i.e., Bradford reagent without Coomassie Blue), and Milli-Q water. Each 

sample was prepared directly in the cuvette to avoid loss of dye by adsorption to external 

sample preparation containers. Blank checks were performed throughout each set of 

measurements to confirm cuvette cleanliness. The sample measurements were 

conducted by Dr. Stacey M. Louie.  

A.3 Interferences in Quantification of BSA in the Presence of Natural Organic 

Matter (NOM)  

To correct for interferences in the batch measurements of BSA and NOM in the 

mixtures, we prepared solutions containing both BSA and NOM, and after rotating for 

24 h at room temperature, we quantified the concentrations of BSA with the Bradford 

assay in duplicate. Figure A.1 shows that the assay initially underestimates BSA 

concentration (likely due to competition of NOM for dye binding sites on the protein); 

however, beyond an NOM:BSA ratio of ≈ 4, the trend reverses (likely due to absorbance 

contributed from the NOM itself). While a curve fit may be more appropriate, for 

simplicity, we estimate two linear fits through the two regimes of data and apply the 

percent correction to the BSA measurements for the mixture supernatants in the 

adsorption experiments. The correction was applied based on the initial NOM:BSA 

ratio, rather than the final supernatant concentrations, assuming that the complexation 

occurs more rapidly than adsorption (both possible approaches for the correction were 

tested and found to not affect the overall conclusions that NOM outcompetes BSA to 

adsorb). 
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Figure A.1. Determination of percent error in quantification of BSA by the Bradford 

assay after equilibration with NOM for 24 h in 1.2 mM NaHCO3, 0.85 mM 

CaCl2, pH 7.5.   

 

A.4 Size Exclusion Chromatography (SEC) in Mobile Phase of NaHCO3 and CaCl2  

To investigate the complexation of BSA and NOM by SEC, ideally the mobile 

phase should be chosen to match the sample solvent since species will transfer into the 

mobile phase during the SEC run. Preliminary SEC runs on solutions containing BSA 

(100 mg/L) and NOM ((20 to 200) mg/L) in a buffer of 1.2 mM NaHCO3 and 0.85 mM 

CaCl2 (pH 7) were injected onto a Superdex 200 Increase 10/300 GL SEC column (GE 

Healthcare, Piscataway, NJ) with a matching mobile phase. However, fouling of the 

SEC column by NOM occurred in the Ca2+-containing media, as identified by peak 

tailing and spurious results for mass recovery of BSA injected after NOM runs. 

Therefore, a mobile phase of 4 mM phosphate, 25 mM NaCl (pH 7) was used, where 

column fouling was not observed. The same trend was observed in both mobile phases 

for the UV350 and fluorescence peak areas (FLD, excitation/emission at 295/345 nm) of 
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BSA mixed with increasing concentrations of NOM (Figure A.2), demonstrating that 

the choice of eluent does not significantly change the extent of complexation measured.  

 

 

Figure A.2. Normalized BSA UV and FLD peak area for mixtures of NOM and BSA 

in a SEC mobile phase of 1.2 mM NaHCO3+ 0.85 mM CaCl2, pH 7 (a) or 4 mM 

phosphate+25 mM NaCl, pH 7 (b). Peak areas are normalized to mass of BSA. 

 

A.5 SEC-Differential Refractive Index (dRI) Method for Quantification of NOM 

 A method was developed to separate and quantify NOM by SEC with dRI 

detection for solution depletion experiments to obtain adsorbed masses on TiO2 NPs. 

Prior to sample analysis, both the UV extinction coefficient and RI increment (dn/dc) 

were needed, in order to evaluate recovery off the column as well as to calculate the 

mass of NOM depleted after adsorption to the NPs. The UV extinction coefficient at 

280 nm was determined to be 11.9 mL/(mg cm) by batch measurements on a UV-vis 

spectrometer (Shimadzu UV-2600) on unfiltered NOM calibration standards. The dn/dc 

was then determined by measuring an unfiltered 200 mg/L sample by SEC-dRI and 

determining the dn/dc value (0.146 mL/g) that gave the same mass recovery off the 

column for dRI peak area analysis compared to the UV280 peak area analysis. For this 
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analysis, the dRI peak should not elute with the negative solvent peak in the SEC-dRI 

measurement. To achieve this, the measurement was performed in 2 mM phosphate 

buffer without NaCl to reduce adsorption to the column and ensure nearly complete 

elution of the NOM prior to the negative solvent peak.128  

All samples were then run on a Superdex 75 column in a mobile phase of 4 mM 

phosphate and 25 mM NaCl at pH 7, where the higher salt concentration is needed to 

ensure good recovery of BSA from the column as well as separation of BSA and NOM 

on the column (for complexation analyses). Solution depletion in supernatants collected 

for adsorption experiments was calculated from the difference in the dRI peak areas for 

the initial NOM or NOM + BSA solution (calculated based on SEC-dRI calibration 

curves for pure NOM and BSA solutions) versus the supernatant (measured directly on 

each sample), using dn/dc, the flow rate, and the injection volume to convert the loss in 

dRI peak area to the mass or concentration depleted. In supernatants containing both 

BSA and NOM, the Bradford assay measurement provided the concentration of BSA. 

The contribution of the BSA to the measured dRI peak area could then be subtracted 

using the known BSA concentration and SEC-dRI calibration curve on pure BSA. 

Examples of chromatograms and difference chromatograms (showing the adsorbing 

species) are provided in Figure A.3. 
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Figure A.3. SEC-dRI and SEC-A280 chromatograms (top) for NOM before and after 

adsorption onto 500 mg/L of TiO2 NPs. The difference chromatograms (bottom) 

show adsorptive fractionation of the NOM.  

 

After obtaining the raw change in the dRI peak areas, the following corrections 

were applied consistently across all samples measured: 
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1. Mass recovery off the column was computed from the UV280 recovery across the 

entire peak area for unfiltered calibration standards, and then applied to correct the 

masses that were computed from the change in dRI peak area. The mass recovery 

was > 90% on all sample sets. 

2. Based on the calibration standards, ≈ 20% of the dRI peak for the NOM eluted over 

the negative solvent peaks and could not be analyzed directly, with peak limits set 

to (9 to 20.6) min for the dRI analysis. Because of the adsorptive fractionation of 

NOM favoring depletion primarily of the higher molar mass (faster-eluting) species, 

the missing peak area represents a relatively small portion of the adsorbed NOM. 

However, as the A280 difference chromatogram showed a similar shape to the RI 

chromatogram, the % depletion of UV area in the region eluting after 20.6 min was 

used to estimate the % mass depletion in that region. 

3. Complexation of NOM onto BSA resulted in imperfect additivity of the dRI from 

the pure calibration standards, such that the predicted peak area by addition of pure 

NOM and pure BSA calibration standards was ≈ 5.4% lower than the measured dRI 

peak area in mixtures of known concentrations. The degree of error in the 

supernatant samples for the NOM/BSA mixtures is challenging to estimate since the 

initial and final BSA concentration, as well as its interaction with NOM, will all 

affect the error. Instead, a correction factor of 2.7% on the measured dRI peak area 

(average between 0% and 5.4% error) was consistently applied across all samples 

containing BSA to account for the possible change in dn/dc in mixtures. 

The SEC-dRI method was tested against two independent measures of 

concentration. First, for single-component BSA adsorption, the method provided similar 
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results (average error of 4%) to the Bradford assay for the BSA supernatant 

concentrations, despite the appearance of BSA aggregates upon exposure to TiO2 NPs 

(e.g., see Figure A.11 hereafter) which strongly affected the UV and light scattering data 

but not the dRI data. For NOM, the unfiltered stock NOM, 0.22 m filtered stock, and 

two supernatants after adsorption to TiO2 were sent for TOC analysis to a commercial 

laboratory to compare against the SEC-dRI method. SEC-dRI and TOC measurements 

matched within 5% for the 0.22 m filter loss and adsorption from 200 mg/L of NOM, 

while 14% error was obtained for a second adsorption sample (from 80 mg/L of NOM). 

The source of the higher error in the one sample was not identified (samples for SEC-

dRI and TOC were not matched from an identical sample but were from two 

independently prepared samples). In both adsorption measurements, the measured 

NOM concentration by SEC-dRI analysis was intermediate between those determined 

by UV280 analysis and TOC analysis. 

A.6 Colloidal Stability of TiO2 NPs after Adsorption Experiments 

In the CaCl2/NaHCO3 buffer (pH 7 to 7.5) used here, the z-average diameter of 

the TiO2 NPs measured by dynamic light scattering (DLS) after adsorption experiments 

in suspensions with low concentrations of NOM or BSA shows severe agglomeration 

of the NPs (Figure A.4), at the two lowest NOM concentrations of (10 and 20) mg/L, 

the agglomerate size is > 1 m and outside the range of reliable DLS measurements. 

However, increasing the concentration of either NOM or BSA to ≈ 100 mg/L or higher 

for the high TiO2 concentrations tested here (0.5 g/L) significantly reduces the 

aggregation. The colloidal stabilization can be explained by electrostatic or electrosteric 
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repulsion.157 While other studies have observed enhanced aggregation of NPs due to 

bridging by NOM in the presence of Ca2+,279 it can be inferred that in our case there is 

no bridging at high NOM concentrations. At low concentrations, it is not possible to 

distinguish if NOM/Ca2+ participated in bridging since the NPs themselves agglomerate 

rapidly in the medium used. 

 

Figure A.4. DLS size measurements show colloidal stability imparted by NOM and 

BSA. Measurements were taken directly on the samples collected for the 

adsorption isotherms. Error bars represent the standard deviation over triplicate 

samples 

 

A.7 Change in NOM Spectral Properties after Adsorption 

 Higher aromaticity or higher molar mass NOM species are typically observed to 

adsorb preferentially to nanoparticles and other surfaces. The use of UV-vis absorbance 

would be a simple method to determine solution depletion in adsorption experiments 

but would require a proportionality factor between the change in UV absorbance and a 

more universal method for NOM detection, such as total organic carbon (TOC) or 
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refractive index (RI) analysis. Samples were analyzed to determine if such a correlation 

could be made confidently in our samples. 

Batch UV-vis absorbance spectra were collected on NOM samples (without 

BSA) before and after adsorption to TiO2 NPs and modeled as an exponential function 

that can be linearized to obtain a spectral slope parameter, S132,  

ln (
𝐴𝜆

𝐴𝜆0

) = −𝑆(𝜆 − 𝜆0), (A.1) 

where Ais the absorbance at wavelength , and  is a reference wavelength. As we 

observed different slopes in the < 350 nm and > 350 nm regions, we selected  = 350 

nm and calculated the slopes separately in the two regions. The slope S is typically 

correlated to the molar mass of the NOM.133, 134 For all samples except the lowest 

concentration (where competition among NOM species for adsorption is lowest), the 

slopes become steeper (S is higher) after adsorption relative to before adsorption (Figure 

A.5), consistent with prior studies investigating the use of spectral slope to identify the 

most active NOM species, e.g., in coagulation processes.133 (We explore this further 

below with SEC-UV-DAD analysis.) The change in spectral slope makes solution 

depletion by UV-vis absorbance difficult to correlate to other methods such as TOC 

analysis, and hence we used SEC-dRI for NOM quantification as described above.
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Sample 
S>350 

nm 

S<350 

nm 

200 mg/L Before Adsorption 0.0148 0.0117 

20 mg/L Supernatant 0.0141 0.0129 

50 mg/L Supernatant 0.0173 0.0121 

80 mg/L Supernatant 0.0207 0.0135 

100 mg/L Supernatant 0.0195 0.0135 

150 mg/L Supernatant 0.0180 0.0133 

200 mg/L Supernatant 0.0172 0.0128 

 

 

Figure A.5. Spectral analysis shows change in NOM spectral slope upon adsorptive 

fractionation. 

 

A.8 Spectral Analysis of NOM Fractions by SEC-UV-DAD 

Beyond the quantification of NOM adsorption, the UV diode array detector was 

set to collect full spectral data on the eluent from the SEC column, such that spectral 

slope (S) analysis can be performed at each time point in the SEC analysis (Figure A.6). 

The initial spectral data analysis was conducted by Luis R. Barco. The data for the initial 

NOM (before adsorption) provide a consistent explanation for the batch UV-vis 

observations, where the higher molar mass species that are depleted (Figure A.3) are 

those with lower S, leaving species in solution with higher S.  
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Figure A.6. SEC-UV-DAD chromatograms (a) used for spectral slope analysis (b). 

 

A.9 Analysis of NOM Fractions by ATR-FTIR Spectroscopy 

To further investigate chemical differences related to the adsorption 

fractionation observed, NOM species with molecular weights higher than ≈ 10 kDa were 

separated from lower molecular weight species in a pre-rinsed Amicon 10 kDa 

centrifugal ultrafiltration unit (Millipore Sigma, Burlington, MA). The molecular 

weight cutoff was selected by comparing the SEC chromatograms in Figure A.3 to those 

reported previously under the same conditions together with molar mass determination 

by online multi-angle light scattering (MALS).128 The > 10 kDa fraction of NOM was 

then confirmed by SEC (not shown) to correspond roughly to the adsorbing species 
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identified in the SEC difference chromatograms (Figure A.3). The separated fractions 

were analyzed by attenuated total reflectance – Fourier transform infrared (ATR-FTIR) 

spectroscopy, which shows that NOM species with molecular weight less than 10 kDa 

have a peak around 1125 cm-1 that is not present in the high molecular weight fraction 

of NOM (Figure A.7).  

 

 

Figure A.7. ATR-FTIR spectra of unfractionated NOM, and NOM fractions with MW 

< 10 kDa and >10 kDa. Samples were dried from solutions (pH ≈ 7) onto a 

diamond/ZnSe ATR. The ATR crystal spectrum was used for background 

subtraction. 
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A.10 Single-component Langmuir Adsorption Model 

 The Langmuir model assumes that adsorption is a reversible process that has 

reached equilibrium, the surface is homogeneous, all sites are equivalent and accessible 

to all molecules, only one molecule can occupy each site, and there is no interaction 

between two adjacent adsorbed molecules. Equation A.2,  

𝑞𝑖 =
𝑞max,𝑖 𝐾𝑖𝐶e,𝑖

1 + 𝐾𝑖𝐶e,𝑖
, (A.2) 

presents the Langmuir adsorption model for a single-component sample, where qi 

(mg/m2) and Ce,i (mg/L) are experimental data for the adsorbed mass and equilibrium 

concentration of species i, respectively. 

In this equation, Ki represents the Langmuir isotherm constant (L/mg), and qmax,i 

is the maximum monolayer adsorbed capacity (mg/m2). Table A.1 summarizes the fitted 

Langmuir parameters for BSA and NOM. Standard errors and 95% confidence intervals 

on the fitted parameters from nonlinear regression were estimated using the Excel tool 

presented by Bolster and Hornberger for Langmuir isotherm analysis.280 

Table A.1. Langmuir parameters for single-component BSA and NOM adsorption onto 

TiO2 

Parameter Fitted values 

Standard 

error 

Approx. 95% confidence 

limits 

Lower Upper 

KBSA (L/mg) 1.1 0.4 0.06 2.1 

qmax,BSA (mg/m2) 2.61 0.07 2.4 2.8 

KNOM (L/mg) 0.051 0.008 0.03 0.07 

qmax,NOM 

(mg/m2) 

0.90 0.04 0.81 0.99 
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A.11 Kinetic Competitive Adsorption Model 

To derive the kinetic adsorption model, we considered the collision rate of each 

macromolecule with the TiO2 NPs. The collision rate, Z, between the macromolecules 

and a single TiO2 NP was calculated using Equation A.3157,  

Z = 4πD(R1+R2)N∞,i , (A.3) 

where D is the summed diffusion coefficients for the macromolecule (D1) and NP (D2), 

and D1 and D2 were calculated by the Stokes–Einstein equation (Equation A.4). R1 and 

R2 are the radius of the macromolecule and the NP, respectively, and N∞,i is the number 

concentration of macromolecules in bulk solution.  The Stokes–Einstein equation is 

𝐷𝑖 =
𝑘B𝑇

6𝜋𝜇𝑅𝑖
,  (A.4) 

where kB, T, , and Ri are Boltzmann’s constant, temperature, dynamic viscosity of 

water, and the radius of species i, respectively.   

To consider all NPs instead of one, the number concentration of NPs in 

suspension was first estimated as  

𝑁TiO2
=

𝐶TiO2

(𝜌TiO2
) (

4
3  𝜋𝑅TiO2

3 )
,  (A.5) 

where 𝐶 TiO2
, 𝜌TiO2

, and 𝑅TiO2
 correspond to the mass concentration, density, and 

hydrodynamic radius, respectively, of the TiO2 NPs. The remainder of the model 

equations and the stopping criterion for adsorption are presented in the main text. 

The kinetic model was parameterized using the Langmuir single-component 

parameters (qmax,i) and values for the size and molar masses estimated from literature or 

experimental data. Table A.2 summarizes parameters used in this model. The radius and 
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MW of monomer BSA are assumed to be 3.48 nm281 and 66.5 kDa, respectively; BSA 

dimer is roughly estimated to have a hydrodynamic radius 1.3 times larger than the 

monomer (based on hard-sphere dimers)282 and MW twice that of the monomer; and the 

TiO2 radius is estimated as the volume-average hydrodynamic radius measured by DLS. 

The MW of only the adsorbing NOM was estimated by considering the fraction of the 

NOM that has higher affinity for adsorption, with a molar mass of ≈ 27.5 kDa reported 

by Louie et al.128 at the approximate peak elution location of the adsorbed fraction 

identified in Figure A3. The radius of NOM was estimated by comparing the peak 

elution time of the adsorbing NOM to that of BSA (3.48 nm)281 and Ribonuclease A 

(1.64 nm)283 as size standards for a universal SEC calibration curve, which assumes a 

linear relationship between elution time and the log (hydrodynamic diameter).284, 285 It 

is noted that the elution time of NOM is affected by the choice of eluent, which mediates 

the repulsive or adsorptive interactions between NOM and the SEC column used here. 

The SEC eluent used in this study was selected so that the molar mass determined across 

the elution time for the NOM sample roughly overlays the profile for the BSA and 

Ribonuclease A (with known molar masses and sizes). The density of TiO2 was 

computed as a weighted average of anatase and rutile densities based on the reported 

composition in the NIST SRM 1898 Certificate of Analysis.286 
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Table A.2. Parameters used in the kinetic competitive adsorption model 

 

Parameter Value 

T 298 K 

RBSA, monomer 3.48 nm 

RBSA, dimer 4.52 nm 

RNOM 2.0 nm 

RTiO2 60.5 nm 

MWBSA, monomer 66.5 kDa 

MWBSA, dimer 130 kDa 

MWNOM 27.5 kDa 

ρTiO2 4000 kg/m3 

 

A.12 In Situ ATR-FTIR Results for Single-component Adsorption to TiO2 NPs 

Figure A.8 shows the ATR-FTIR spectra for in situ adsorption of BSA and NOM 

onto deposited TiO2 NPs. For NOM, the non-adsorbing peak (1125 cm-1) that was 

identified ex situ in Figure A.7 was also confirmed to not adsorb in the in situ 

experiments. The negative peak in the BSA spectra is attributable to water loss as the 

protein displaces liquid water on the surface of the NPs.287 Further fitting of the ATR-

FTIR spectra in mixture and sequential adsorption experiments (vide infra) assumes that 

the water loss per adsorbed BSA remains constant in each experiment, i.e., no spectral 

processing for liquid water was performed. 
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Figure A.8. In situ ATR-FTIR spectra for 100 mg/L of BSA (a) and 100 mg/L of NOM 

(b) adsorbing onto TiO2 NPs,  and the kinetics of adsorption as monitored by the 

peak height for BSA at 1547 cm-1 (c) and NOM at 1573 cm-1 (d). 

 

A.13 ATR-FTIR Spectral Fitting for Adsorption from Mixtures onto TiO2 NPs 

During in situ experiments, baseline shifts can occur due to changes in the 

detector temperature or other conditions. To model the in situ ATR-FTIR spectra, all 

spectra were first shifted vertically to have a zero point at 1800 cm-1, which was found 

to have minimal contribution of absorbance from either BSA or NOM.  No further 

baseline corrections were applied.  Since BSA and NOM show peak overlaps, instead 

of using one specific peak for quantification, the entire wavenumber region from (1300 

to 1800) cm-1 was fitted as a linear summation of the pure adsorbed BSA and pure 

adsorbed NOM spectra (Figure A.8), as in Equation A.6,  

𝐴mixture(𝜐) = 𝐴′
BSA𝐴ref,BSA(𝜐) + 𝐴′

NOM𝐴ref,NOM(𝜐),    (A.6) 

where Amixture() is the absorbance at each wavenumber  in the mixed adsorbed layer. 

𝐴′BSA and 𝐴′NOM  are the BSA and NOM coefficients, respectively, representing the 
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signal strength of each species relative to Aref,BSA() and Aref,NOM() (the absorbance of 

pure BSA and pure NOM, respectively, adsorbed onto TiO2 NPs after 1 h which serve 

as “reference spectra” for the fitting). The sum of squared errors across the (1300 to 

1800) cm-1 range is minimized to obtain the best-fit BSA and NOM coefficients. We 

assume that the liquid water displacement per adsorbed BSA or NOM molecule in the 

reference spectra (Figure A.8) is consistent in the mixture spectra, such that no 

corrections for changes in adsorbed liquid water were made prior to the fitting analysis.   

A.14 In situ ATR-FTIR Results for Sequential Adsorption of Pure BSA onto NOM-

coated TiO2 NPs 

 The sequential adsorption of pure BSA over TiO2 NPs that were pre-coated with 

NOM was monitored by in situ ATR-FTIR spectroscopy. Minimal displacement of 

NOM by BSA was observed. Rather, the pure BSA overcoated the NOM layer, with the 

adsorption showing a nearly linear profile over the first 60 min (similar to BSA 

adsorption to uncoated TiO2 NPs in Figure A.8) and then beginning to plateau over the 

next several hours. 
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Figure A.9. In situ ATR-FTIR spectra for BSA (100 mg/L) adsorption over NOM-

coated TiO2. Spectra were reprocessed with the spectrum of clean buffer over 

TiO2.  

 

A.15 Quantification of NOM Complexation to BSA and Evaluation of 

Complexation Kinetics 

 NOM complexation onto BSA was estimated across a range of concentration 

ratios by SEC-dRI analysis of the depletion of the free NOM peak as NOM attached 

onto the BSA peaks, and the complexation kinetics were evaluated by monitoring the 

change in UV absorbance across the BSA peak over time for a mixture of BSA (100 

mg/L) and NOM (100 mg/L), as shown in Figure A.10. 
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Figure A.10. NOM complexation onto BSA was estimated across a range of 

concentration ratios by SEC-dRI analysis of the depletion of the free NOM peak. 

Error bars represent the standard deviation for n = 2 independently prepared 

samples. 

 

A.16 Isolation of BSA-NOM Complexes and Adsorption to TiO2 NPs 

BSA-NOM complexes were isolated from mixtures of 200 mg/L BSA and 100 

mg/L NOM in the same buffer as the batch adsorption experiments, using a 50 kDa 

Amicon centrifugal ultrafiltration unit to retain BSA-NOM complexes and remove free 

NOM. The Amicon filters were pre-rinsed by centrifuging clean buffer three times 

through the membrane at 4500 rpm (relative centrifugal force (RCF), RCFmin = 1879 g 

and RCFmax = 4415 g) for 10 min (Sorvall Legend XTR Centrifuge, Thermo Fisher 

Scientific, Waltham, MA), before adding the BSA-NOM mixture and centrifuging at 

the same conditions to separate. To thoroughly rinse free NOM from the retained 

complex in the filter, the retentate was washed with buffer until the filtrate had no visible 

color apparent. Minimal BSA loss in the filter (5%) was measured by the Bradford 

assay, and the persistence of NOM complexed to the BSA and removal of most (but not 

all) of the free NOM was confirmed by SEC-UV280 analysis (Figure A.11a).  
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Figure A.11. SEC-UV280 chromatograms (a) for BSA, NOM, the mixture, the isolated 

complex, and the supernatant of isolated complex (150 mg/L) adsorbing onto 

0.5 g/L of TiO2 NPs and (b) adsorption isotherm of BSA and complex. 
 
 

 

The adsorption of the isolated BSA-NOM complexes onto uncoated TiO2 NPs 

was measured by the solution depletion method (using the Bradford assay for BSA 

quantification) and compared to the adsorption of the pure BSA. While some reduction 

in adsorption of the isolated complex onto the uncoated TiO2 was observed relative to 

pure BSA, some of the difference in adsorption in Figure A.11b may be attributable to 

remaining free NOM in the isolated complex (peak elution time > 15 min) that 

outcompetes BSA for adsorption (Figure A.11a). After exposure to the TiO2 NPs, a 

large peak is also observed eluting at ≈ 11 min that does not appear in the dRI 

chromatogram (not shown) and is likely attributable to light scattering from large BSA 

aggregates. This peak was observed in all BSA-containing supernatants after exposure 

to the NPs for 24 h but not after mixing with any other species in the samples (NOM or 

the buffer) and also not observed in samples of pure NOM after adsorption to TiO2.    



 

165 

A.17 Exponential Fit of the BSA and NOM Adsorption Kinetics in ATR-FTIR 

Experiments 

Because the kinetics of adsorption onto the TiO2 NP surface in the in situ ATR-

FTIR experiments were slow and steady-state was not achieved within > 2 h in the 

experiments, we fitted a pseudo first-order kinetic adsorption model288 to extrapolate 

the value of the steady-state adsorption coefficient. Equation A.7 presents this model as 

𝐴′ = 𝐴′∞ + (𝐴′
0 − 𝐴′

∞)exp(−𝑘𝑡). (A.7) 

In this equation, 𝐴′ is the fitted coefficient (see Equation A.6) for the adsorbed 

amount at time t, and 𝐴′0 and 𝐴′
∞ are the values of the coefficient at time zero and 

infinity, respectively. 𝐴′
∞ and k were fitted by minimizing the sum of squared errors 

between the model and experimental data. Fitted 𝐴′
∞ values were compared for BSA 

adsorption in the mixture versus pure BSA adsorption to estimate the relative extents of 

adsorption of complexed and pure BSA to the TiO2 NPs. 

A.18 In Situ ATR-FTIR Results for Sequential Adsorption of BSA-NOM Mixtures 

and Pure BSA onto NOM-coated TiO2 NPs 

In addition to the sequential ATR-FTIR experiments presented in the main text, 

two additional experiments were performed (Figure A.12) to investigate the role of 

concentrations or degree of complexation. Extrapolating the kinetic adsorption data to 

estimate steady-state adsorbed amounts for BSA from the mixture and pure BSA 

(Equation A.7), the relative adsorption of complexed BSA to pure BSA was 0.51 ± 0.06 

(n = 2 experiments) for the (200:100) mg/L mixture of BSA:NOM compared to 200 

mg/L of pure BSA, 0.56 ± 0.05 (n = 2 experiments) for the (100:200) mg/L mixture of 
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BSA:NOM compared to 100 mg/L of pure BSA, and 0.16 ± 0.10 (n = 2 experiments) 

for the (50:100) mg/L mixture of BSA:NOM compared to 50 mg/L of pure BSA. 

Therefore, while complexes from the mixture with (50:100) mg/L of BSA:NOM 

mixture in Figure A.12b appear to adsorb to less extent to the TiO2, the effect can be 

attributable to the lower concentration of BSA rather than the degree of complexation, 

as the adsorption for (100:200) mg/L of BSA:NOM (also 2:1 NOM:BSA) in Figure 

A.12a is similar to that in Figure 2.4. However, we emphasize that across all cases, pure 

BSA is consistently able to adsorb to additional sites that are not able to be occupied by 

the BSA:NOM complexes. 

 

Figure A.12. In situ ATR-FTIR experiment for the sequential adsorption of a mixture 

of BSA and NOM, followed by pure BSA, over a NOM layer (pre-adsorbed 

from 100 mg/L) on TiO2 NPs. 

 

A.19 Multilayer Adsorption Model 

All batch adsorption experiments in this study were conducted by exposing TiO2 

NPs to the NOM and BSA simultaneously in mixtures, where monolayer adsorption 

models were satisfactory due to the suppression of overcoating by complexation onto 

BSA. However, our FTIR data showed the possibility of extensive multilayer formation 
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upon sequential exposure to a pure protein solution. To model this multilayer 

adsorption, we can propose distinct adsorption equilibria in Equation 2.4 indicating a 

different interaction with empty sites and filled sites,  

𝑞𝑖(𝑡) =
𝑞max,𝑖↔TiO2

𝐾𝑖↔TiO2
𝐶𝑖(𝑡)

1 +  𝐾𝑖↔TiO2
𝐶𝑖(𝑡)

(1 − ∑
𝑞𝑗

𝑞max,𝑗
𝑗≠𝑖

)

+ ∑ (
𝑞max,𝑖↔𝑗𝐾𝑖↔𝑗𝐶𝑖(𝑡)

1 +  𝐾𝑖↔𝑗𝐶𝑖(𝑡)

𝑞𝑗

𝑞max,𝑗
) .

𝑗≠𝑖

 

(A.8) 

In this equation, qmax,i↔TiO2 and Ki↔TiO2 are the Langmuir parameters from the 

single-component adsorption isotherm for i adsorbing to TiO2. A second Langmuir 

isotherm is defined for adsorption to the sites filled by the other species j. (If this 

interaction is not Langmuirian, the term can be replaced with a different isotherm 

function, for example, a linear isotherm.) 

If the FTIR sequential adsorption results are taken semi-quantitatively with the 

assumptions that, after NOM pre-adsorption, the complexed BSA adsorbs only to 

remaining bare TiO2 sites and pure BSA adsorbs only to the NOM coating thereafter, 

then the data can theoretically be used to parameterize this model given the surface 

coverage and adsorbed mass of pre-adsorbed NOM (using the single-component 

Langmuir isotherm), and the ratio of the maximum adsorbed BSA complex to the 

maximum adsorbed pure BSA. For example, for the results shown in Figures 1 and 4, 

100 mg/L of initial NOM coating is predicted to produce 83% surface coverage at 0.75 

mg/m2. The 200 mg/L of complexed BSA in the BSA-NOM mixture may then saturate 

the remaining 17% of vacant surface sites to produce an adsorbed mass of ≈ 17% × 2.6 

mg/m2 or 0.44 mg/m2. Finally comparing the relative increase in BSA adsorption for 
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the pure versus mixture BSA, the pure BSA adsorbing (presumably onto the NOM) 

would be 0.42 mg/m2, or about 0.56 mg of BSA overcoating per mg of NOM coating 

on the surface. If several pure BSA concentrations for the last multilayer coating stage 

are tested in this manner (or in batch adsorption experiments of pure BSA onto washed, 

NOM-coated TiO2), the BSA↔NOM interaction parameters in Equation A.8 can then 

be obtained experimentally. 

An alternative approach can be to write the attachment efficiency in the 

adsorption rate equation (Equation 2.2) as a function of the surface coverage by other 

adsorbates, i.e., allowing the other adsorbates to produce either an increased or 

decreased energy barrier to adsorption. A complexation rate equation can also be written 

to explicitly treat complexed BSA as a species with different adsorption behavior than 

pure BSA. Then, instead of having three types of species in the rate equation (TiO2 NPs, 

NOM, and BSA), a fourth species would be present (BSA-NOM complex) and the 

depletion or generation of the three macromolecular species would be determined by 

both the adsorption and complexation rate equations simultaneously. In this system, the 

extent of multilayer formation will depend on the relative timescales for complexation 

and adsorption and hence the concentrations of NPs, BSA, and NOM. These models 

would require more detailed kinetic studies of the complexation and adsorption 

processes to parameterize and are left for implementation in future studies.  
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APPENDIX B. SUPPORTING INFORMATION FOR CHAPTER 3 

B.1 Transmission Electron Microscope (TEM) Images of the Synthesized 

Nanoparticles (NPs) 

 

Figure B.1. TEM images of enrofloxacin-loaded poly(lactic-co-glycolic acid) (PLGA-

Enro) NPs (a) and empty PLGA NPs (b). Experiments were conducted by Dr. 

Carlos E. Astete.   

 

B.2 Attenuated Total Reflectance – Fourier Transform Infrared (ATR-FTIR) 

Spectra 

 

Figure B.2. ATR-FTIR spectra of the synthesized PLGA, PLGA-Enro NPs and 

materials used during the synthesis, including PLGA, PVA, enrofloxacin, and 

trehalose. 



 

170 

B.3 Glass Transition Temperature (Tg) of PLGA-Enro NPs 

The calculated values for PLGA-Enro NPs from DSC measurements are Tg 

(inflection point method) (32.9 ± 0.8) °C, onset point (28.5 ± 0.3) °C, and offset point 

(37.67 ± 0.09) °C. The calculated values for PLGA NPs are Tg (inflection point method) 

31.26 °C, onset point 28.21 °C, and offset point 34.96 °C. All measurements and data 

analysis was performed by Dr. Rafael Cueto.  

 

Figure B.3. Determination of Tg for PLGA-Enro NPs, from the second heating 

differential scanning calorimetry (DSC) plot. Experiments and data analysis 

were conducted by Dr. Rafael Cueto.  

 

 

B.4 Corrections on Measured Enrofloxacin Concentrations in Dialysate Samples   

In this study, collection of samples from inside the dialysis device for 

asymmetric flow field–flow fractionation (AF4) analysis removes NPs from the system, 

and therefore the amount of drug available to release is depleted between each 

measurement. In addition, removal of sample from the dialysate for analysis by high 
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performance liquid chromatography (HPLC) analysis and replacement with fresh buffer 

results in a small depletion and dilution of drug from one time point to the next. 

Therefore, Equation B.1 was applied to correct the enrofloxacin concentration measured 

by HPLC for these depletions 

𝐶d,outer,𝑁 = ∑ [
(𝐶meas,𝑖 − 𝐶meas,𝑖−1)𝑉outer + 𝐶meas,𝑖−1𝑉r,outer

𝑉outer

(
𝑉inner

𝑉inner − (𝑖 − 1)𝑉r,inner

)]

𝑁

𝑖=1

,  (B.1) 

 

where i is the counter for each sample collection from 1 to N samples (with i = 1 

representing the sample collected at time 0), Cmeas,i is the measured concentration (by 

HPLC) for sample i, Vouter is the total volume of phosphate buffer saline (PBS) in the 

reservoir (120 mL), Vinner is the volume of NP suspension inside the dialysis device (1 

mL), Vr,outer is the volume of dialysate removed from the reservoir for each sample 

collection (0.4 mL), Vr,inner is the volume of NP suspension removed from inside the 

dialysis device for each sample collection (0.02 mL), and Cd,outer,N is the corrected 

concentration for the Nth sample collected.  

Equation B.1 represents the mass balance for the accumulation or summation of 

released enrofloxacin in the dialysate from the first sample collection to the Nth sample 

collection. The first correction factor, Cmeas,i–1Vr,outer, accounts for the mass of 

enrofloxacin removed with each prior NP collection from the reservoir. The second 

factor, Vinner/(Vinner – (i – 1)Vr,inner), accounts for the removal of NP suspension from 

inside the dialysis device and proportional loss of releasable drug present in the system. 

Cmeas,0 is taken to be zero prior to initiation of the release experiment (resulting in no 

correction of the first measurement, N = 1, at time zero). 
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B.5 Optimized AF4 Flow Parameters 

For all samples, the detector flow rate was 0.5 mL/min, and the injector flow 

rate was 0.2 mL/min with a 50 L injection volume. The AF4 steps and crossflow rate 

during each step are reported in Table B.1 for the optimized flow conditions. 

 

Table B.1. Crossflow rates and duration of each separation step in the optimized AF4 

method 

Mode Duration 

(min) 

Crossflow rate 

(mL/min) 

Purpose 

Elution 6 0.15 Stabilize flow and baselines 

to those used during NP 

analysis 

Focus 1 1.5 Stabilize focus flow 

Focus + injection 4 1.5 Introduce and focus NP 

sample;  

remove unentrapped drug 

Elution 58 0.15 Size separation of NPs for 

online characterization 

Elution + injection 15 0 Flush the AF4 injection port 

and channel 

Elution 6 0 Flush the AF4 channel 

Elution 10 0.15 Restabilize flow and 

baselines to those used 

during NP analysis 

 

B.6 Fluorescence detector (FLD) Optimization 

To find the optimum excitation and emission wavelengths for the FLD detector 

setup in AF4 measurements, the suspension of enrofloxacin-loaded poly lactic-co-

glycolic acid (PLGA) nanoparticles (PLGA-Enro NPs) was injected to the HPLC 

system at 0.5 g/L as NPs in PBS without any further pretreatment and using a union (no 

separation). The optimum FLD wavelengths were obtained following the instrument 

manual.289 Briefly, several injections were used to identify the peak emission 
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wavelength at a fixed excitation wavelength, followed by identifying the maximum 

excitation wavelength at the peak emission wavelength, and finally identifying the 

maximum emission wavelength again for the optimal excitation wavelength. The 

optimum wavelengths were 280 nm and 420 nm for the excitation and emission 

wavelengths, respectively. 

B.7 Quantification of Entrapped Drug in PLGA-Enro NPs by Standard 

Additions 

To obtain the drug loading and entrapment efficiency, the standard addition 

method was applied. Standard additions of 1 mL of dissolved enrofloxacin (at various 

concentrations) were made to 3 mL of PLGA-Enro NPs (concentration of 0.5 g/L NPs 

(1 g/L of powder including the trehalose)), after which the NPs and dissolved drug were 

separated using either ultrafiltration or centrifugation. Controls without NPs were also 

evaluated. Although adsorptive loss to the ultrafiltration device was observed in the 

enrofloxacin-only controls (Figure B.4a), excipients in the NP formulation appear to 

coat the membrane, resulting in good drug recovery in the standard additions (Figure 

B.4b). The x-intercept of the standard addition plots (Figure B.4b) gives the free drug 

concentration as (10.8 ± 0.4) mg/L and (11.3 ± 0.5) mg/L enrofloxacin (n = 3 replicates) 

by ultrafiltration and centrifugation, respectively. The drug loading was then estimated 

by subtracting the free drug from the total drug concentration and dividing by the 

concentration of the NPs. 
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Figure B.4. UV280 calibration for dissolved enrofloxacin in the supernatant (after 

centrifugation) or filtrate (after ultrafiltration) of samples containing no NPs (a) 

or PLGA-Enro NPs (b). Error bars in (b) represent the standard deviation of 

three replicates and are smaller than the marker size. 

 

B.8 In Situ Purification of NPs with AF4 

To verify that AF4 is capable of in situ removal of dissolved (unincorporated) 

drug from the NPs, physical mixtures of empty PLGA and enrofloxacin (denoted 

“PLGA + enro”) were prepared (7.5 g/L of NPs + 249 mg/L enrofloxacin) and then 

inserted inside a dialysis bag in a reservoir maintained at 30 °C. At time zero, 20 L of 

the sample was collected and diluted in PBS to a final concentration of 0.5 g/L as NPs 

and injected to AF4 (AF4 settings noted in Table B.1). The same procedure was also 

repeated after keeping the samples at 30 °C for 47 h. Negligible contribution of the 

unentrapped drug is observed in the FLDdrug chromatograms (Figure B.5).  
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Figure B.5. AF4-UVNP (a, solid traces) and AF4-FLDdrug (b, solid traces) 

chromatograms, Rh (a, scatter points), and FLDdrug/UVNP ratios (b, scatter points) 

of synthesized NPs and a physical mixture of PLGA + enro.  

 

B.9 Characterization of Entrapped Drug in PLGA-Enro NPs by AF4 with UV-

Vis or Fluorescence Detection 

Spectral data are important to inspect to confirm the presence of a strong signal 

for the desired analyte (i.e., enrofloxacin), particularly when entrapped in the PLGA 

matrix. Here, a UV-Vis diode array detector and fluorescence detector with full spectra 

capabilities produce spectra data at each chromatographic time point during the AF4 

runs. Figure B.6 compares UV-Vis and FLD spectra for PLGA-Enro NPs and empty 

PLGA NPs injected to the AF4 channel, either without separation (i.e., no focus step or 

crossflow) or with separation (Table B.1). The AF4 method without crossflow was 1 

min elution, 5 min elution + injection, and 1 min elution, with 0.5 mL/min and 0.2 

mL/min as detector and injection flow rate, respectively. Additive spectra of the empty 

PLGA NPs and a dissolved enrofloxacin standard are also presented for comparison. 

All PLGA-Enro NP spectra were scaled relative to the empty PLGA NPs to normalize 
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for differences in injected concentration and volume, as well as differences in peak 

broadening (based on the total UV peak area and the UVNP absorbance at 400 nm at the 

chromatographic time point where the spectrum was selected). The arrows in the FLD 

spectrum denote the peak locations for the purified PLGA-Enro NPs (412 nm), 

unpurified PLGA-Enro NPs (420 nm), and dissolved enrofloxacin (420 nm).  

Both UV-Vis and FLD spectra demonstrate that a high proportion of the total 

enrofloxacin is removed with focusing or crossflow in the AF4 channel, as expected 

based on the high percentage of burst release. UV-Vis detection was not suitable for 

quantification of the remaining enrofloxacin inside the PLGA-Enro NPs because the 

UV absorbance attributable to the drug was low relative to the particle scattering 

exhibited by the PLGA NPs (Figure B.6a). Instead, the UV detector was set to UVNP = 

400 nm (no enrofloxacin interference) for all other measurements to provide a measure 

of the overall PLGA NP concentration.  

 

Figure B.6. UV (a) and FLD (b) spectra for unpurified empty PLGA NPs and PLGA-

Enro NPs, purified PLGA-Enro NPs, and empty PLGA NPs + dissolved 

enrofloxacin (enro).  
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The FLD shows much more sensitive detection of the enrofloxacin, free of 

interferences from the PLGA matrix at the excitation/emission wavelengths for the drug 

(FLDdrug). Direct quantification of the absolute enrofloxacin concentrations in the 

PLGA NPs against dissolved enrofloxacin standards (i.e., to obtain mg/L concentrations 

rather than relative fractions of remaining enrofloxacin) would be ideal but may not be 

possible if the polymeric matrix affects the fluorescence of the entrapped drug. To 

evaluate the feasibility of direct quantification, different concentrations of enrofloxacin 

standards were injected through the AF4 system in elution mode only without crossflow 

(1 min elution, 5 min elution + injection, and 1 min elution with 0.5 mL/min and 0.2 

mL/min detector flow rate and injection flow rate, respectively). To avoid saturation of 

the detector, the injection volume was decreased to 5 L. To apply the calibration to 

estimate the loading of the PLGA-Enro NPs (50 L injection, AF4 settings in Table 

B.1), the slope and intercept of the calibration curve were both multiplied by 10. The 

NP recovery in AF4 (discussed in the main text) was also taken into account. This 

measurement against external standards suggested an enrofloxacin loading of (4.0 ± 0.1) 

g/mg (n = 16 replicates) inside the NPs, which is higher than that obtained by 

separating the NPs to quantify and subtracted the unentrapped drug (main text Section 

3.3.1). The higher value suggests fluorescence enhancement in the PLGA matrix. 

Additionally, the spectral analysis shows a shift in the peak fluorescence emission 

wavelength for the entrapped enrofloxacin compared to dissolved enrofloxacin (Figure 

B.6b), which is consistent with strong interaction between PLGA and enrofloxacin and 

would further complicate attempts to quantify against external standards. Since direct 

quantification of enrofloxacin inside the NPs was not feasible, analyses were conducted 
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semi-quantitatively by taking the FLDdrug/UVNP peak area during the release experiment 

relative to that of the initial NPs to eliminate the need for detector calibration.  

B.10 Optimization of AF4 flow settings 

To determine the optimal AF4 focus flow rate and focus duration (provided in 

Table B.1), the PLGA-Enro NPs were tested with three different focus flow rates (0.5 

mL/min, 1.5 mL/min, and 2.0 mL/min) and two focus durations (4 min and 8 min). 

Figure B.7 presents the chromatograms and Table B.2 shows the retention time (RT), 

UVNP peak area (400 nm wavelength), FLDdrug peak area, and the ratio of FLDdrug/UVNP 

peak areas for the void peak, main (NPs) peak, and the retained peak. As noted in the 

main text, the UVNP area at 400 nm and FLDdrug/UVNP peak area can be representative 

of the concentration of NPs and the loading of enrofloxacin inside the NPs, respectively. 

 

Figure B.7. AF4-UVNP and AF4-FLDdrug chromatograms, Rh, and FLDdrug/UVNP ratios 

of PLGA-Enro NPs (0.5 g/L as NPs in PBS) obtained with different focus flow 

rates (vf) and focus duration (tf)).  
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Table B.2. Effect of AF4 focus flow rates (vf) and focus durations (tf) on separation efficiency and recovery.  

Method Settings Void peak Main peak Retained peak 

tf 

(min) 

vf  

(mL/min) 

RT  

(min) 

UV area  

(mAU·s) 

FLD area 

(LU·s) 

RT  

(min) 

UV area 

(mAU·s) 

FLD area 

(LU·s) 

FLD/UV area 

(LU/mAU) 

RT  

(min) 

UV area  

(mAU·s) 

FLD area 

(LU·s) 

8 2 10 to18 5.9 1.4×102 18 to 65 9.7×102 14.4×103 14.9 65 to 100 16.8 1047.2 

8 1.5 10 to 18 1.0 1.4×102 18 to 65 9.7×102 15.0×103 15.4 65 to 100 5.6 1041.3 

4 1.5 10 to 13 9.1 3.7×102 13 to 60 11.0×102 17.7×103 16.1 60 to 100 26.9 1883 

4 0.5 10 to 13 47 92.7×102 13 to 60 10.4×102 16.4×103 15.8 60 to 100 8.9 1682 
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B.11 UV-Vis and FLD Spectra of PLGA-Enro NPs during AF4 Measurements of 

Drug Release 

UV-Vis and FLD spectra (Figure B.8) were inspected in the NPs to confirm the 

presence or release of enrofloxacin during the release experiments. The FLD spectra 

(Figure B.8b) show clear release from the NPs at 30 °C and 37 °C. The UV-Vis spectra 

also show loss of the weak enrofloxacin signal at the higher temperatures (Figure B.8a) 

but affirm that the enrofloxacin signal is too low relative to the NP scattering signal to 

quantify by UV-Vis.  

 

Figure B.8. UV-Vis spectra (a) and FLD spectra (b) of PLGA-Enro NPs (0.5 g/L NPs 

in PBS) at the peak maximum in the NP chromatograms (Figure 3.3) 
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B.12 Release Profiles for PLGA-Enro NPs 

Release profiles are presented in Figure 3.4 as a % of the total drug (entrapped 

+ burst). Here, the raw analysis of (C/C0)entrapped by AF4 and Cd,outer in the dialysate are 

presented (Figure B.9). 

 

Figure B.9. Release profiles of PLGA-Enro NPs by AF4-FLD (a) and dialysis (b). The 

AF4 release profile was obtained by normalizing the ratio of FLDdrug/UVNP peak 

areas at each release time to that at time zero.  

 

B.13 Diffusion Model to Evaluate Drug Release Profiles for the Unpurified 

PLGA-Enro NPs 

A diffusion model was applied that considers drug in three populations (Figure 

B.10), entrapped drug inside the NPs (Centrapped) dissolved drug outside the dialysis 

device (Cd,outer), and dissolved drug inside the dialysis bag (Cd,inner). Diffusion rates from 

the polymeric NPs (kp) and across the dialysis membrane (kd) are both considered.  
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Figure B.10. Schematic of dialysis setup and defined regional concentrations and 

diffusion rates.  

 

 

The proposed model to predict Centrapped, Cd,inner, and Cd,outer (Equations B.2 to 

B.4) is derived from Fick’s law for homogeneous drug in each compartment and non-

sink conditions:   

 

𝑑(𝑥𝐶entrapped)

𝑑𝑡
= −𝑘p(𝑥𝐶entrapped − 𝐶d,inner),  (B.2) 

𝑑𝐶d,inner

𝑑𝑡
=

𝑘p

𝑥
(𝑥𝐶entrapped − 𝐶d,inner) − 𝑘d(𝐶d,inner − 𝐶d,outer),  (B.3) 

and  

𝑑𝐶d,outer

𝑑𝑡
=

𝑘d

𝑦
(𝐶d,inner − 𝐶d,outer). 

(B.4) 

Note Centrapped is defined here as the mass of enrofloxacin entrapped in the NPs 

divided by the total solution volume in the dialysis device (Vinner = 1 mL), while the 

driving force for diffusion in Fick’s law requires the local concentration in the NPs (i.e., 

mass of enrofloxacin divided by volume of PLGA NPs, VNPs = mNPs/NPs, where mNPs 
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and NPs are the mass and density, respectively of PLGA). Therefore, Centrapped is 

adjusted by a factor x representing Vinner/VNPs as 

𝑥 =
𝑉inner

𝑉NPs
=

𝑉inner

𝑚NPs

𝜌NPs

=
1 mL

(7.5 × 10−3) g

(1.34 
g

mL)

=  178.7.  
(B.5) 

 

The mass flux of entrapped drug to the inner dialysis solution is also divided by 

x in the model to obtain Cd,inner, with the mass and density of PLGA NPs used to 

determine VNPs. Similarly, y is the ratio of the solution volume in the reservoir (Vouter 

=120 mL) to Vinner and is used to obtain Cd,outer from the mass flux of drug leaving the 

inner dialysis solution. 

Experimental values for Cd,outer were obtained directly by HPLC analysis on the 

dialysate (Figure B.9b), and Centrapped from the AF4 analysis (Figure B.9a) (assuming an 

initial entrapped concentration of 1.9 g/mg from the main text Section 3.3.5). The 

experimental Cd,inner value was computed by mass balance as in 

𝑚total = 𝐶entrapped 𝑉inner + 𝐶d,inner 𝑉inner + 𝐶d,outer 𝑉outer , (B.6) 

where mtotal is the total measurable released mass, determined as the summed 

concentrations released in the two-stage dialysis experiment at 20 °C (to measure the 

burst release) and 37 °C (to measure the entrapped release). 

 To minimize the number of fitting parameters and reduce the risk of overfitting 

the model, kd for each temperature was measured by fitting first-order rate constants to 

the data from control experiments for enrofloxacin diffusion through the dialysis 

membrane. Comparing the dialysis rate of pure enrofloxacin solutions to that after 

spiking into an empty PLGA NP suspension showed a delay due to matrix effects of the 
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NP excipients (Figure B.11), so the dialysis rates of the spiked samples were used as kd 

for the PLGA-Enro NP release models.  

 

 

Figure B.11. Release profile of enrofloxacin (249 mg/L) in the dialysate, for pure drug 

in PBS (a) or drug spiked into 7.5 g/L of empty PLGA NPs in PBS (b). The lines 

are the first-order model fits to obtain kd.  

 

Finally, using the PLGA-Enro NP release data in Figure B.9, the best-fit value 

of kp was then obtained by minimizing the sum of squared errors between the predicted 

Centrapped, Cd,inner, and Cd,outer (Equations B.2 to B.4) and the experimental values across 

all time points measured. The best-fit models are presented in Figure B.12 and rate 

constants in Table B.3.  
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Figure B.12. Experimental results (points) and model fits (lines) for the distribution of 

enrofloxacin between three populations (denoted in Figure B.10), reported on a 

concentration (a) or mass (b) basis.  

 

Table B.3. Rate constants obtained from model fitting of the AF4 and dialysis data.  

T (K) kapparent,AF4 (h-1) kapparent,dialysis (h-1) kp (h-1) kd (h-1) 

293 0.0010 ± 0.0005 0.45 ± 0.01 0.001 ± 0.001 0.31 ± 0.01 

303 0.06 ± 0.01 0.48 ± 0.06 0.04 ± 0.01 0.47 ± 0.01 

310 1.0 ± 0.1 0.55 ± 0.02 1.2 ± 0.2 0.39 ± 0.02 
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B.14 Release Profile for Purified PLGA-Enro NPs 

Release experiments were conducted on purified PLGA-Enro NPs at 30 °C to 

explore the impact of the burst release and affirm AF4 is selective to only the entrapped 

drug (Figure B.13). 

 

Figure B.13. AF4-UVNP and AF4-FLDdrug chromatograms, Rh, and FLDdrug/UVdrug 

ratios relative to time 0 of the unpurified and purified PLGA-Enro NPs for 

release experiments at 30 °C.  

 

B.15 Size Distributions and Shape Factors Obtained from AF4 with Light 

Scattering Analysis 

NP size distributions were obtained during the AF4 measurement using online 

dynamic light scattering (DLS) and compared to the hydrodynamic radius, Rh, measured 

on batch DLS samples (Figure B.14a). The ASTRA software (v. 7.3.2.19) from Wyatt 

Technology (Santa Barbara, CA, USA) was utilized to analyze the online data, with 
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autocorrelation data at long delay times > 7×10-4 s excluded in the regularization fitting 

(DYNALS 2.0 algorithm) to eliminate shoulders in the autocorrelation function (which 

can be artifacts from sample flow through the detector). The Zetasizer software (v. 7.13) 

from Malvern (Malvern Panalytical Inc., Malvern, UK) was used to obtain the z-average 

Rh from a cumulants fit of the batch data. Online DLS measurements were slightly lower 

than batch DLS measurements. In batch measurements, scattering from large particles 

can mask the scattering from small particles, whereas AF4 provides size separation of 

the NPs to produce better-resolved, more accurate size distributions. Additionally, the 

exclusion of the larger NPs during the online DLS analysis (considering the mean of the 

Rh values across full width at half maximum (FWHM) of the DLS count rate peak)2 can 

contribute to the lower size. 

Coupling multi-angle light scattering (MALS) and DLS provides additional 

information on the shape of the NPs. The shape factor () is the ratio of the radius of 

gyration (Rg) (obtained by MALS) to Rh (obtained by online DLS) (Figure B.14b). All 

MALS detectors were calibrated using bovine serum albumin (BSA) monomer. The Rg 

was calculated using the data from at least 13 angles from the MALS (where lower 

angles were excluded when they showed deviation from the fitted model, e.g., due to 

high sensitivity to the existence of any debris). A 2nd order Berry model was used,3-5 

since it has been recommended as a robust method 195 and, based on the findings of 

Andersson et al. for polymeric particles with Rg around 50 nm, the Berry method with 

fit order ≥ 2 results in low relative error in measured Rg (less than 0.3%).4 The reported 

Rg is the average value across the FWHM of the 90° MALS detector.  
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Figure B.14. Hydrodynamic radius, Rh, of PLGA-Enro NPs (0.5 g/L NPs in PBS) 

obtained by batch and online DLS (a), as well as radius of gyration, Rg, and 

shape factor, ρ.  

 

B.16 Zeta Potential Measurements for PLGA-Enro NPs 

Zeta potential was measured on the NPs during the release experiments (Figure 

B.15) to evaluate whether changes in AF4 elution time correlate to any changes in zeta 

potential. Zeta potential measurements were conducted in folded zeta capillary cells 

(DTS 1070, Malvern) on a Malvern Zetasizer Nano ZS instrument on the same samples 

for batch DLS analysis (Figure B.14). Zeta potential was computed from the 

electrophoretic mobility using the Smoluchowski model. 
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Figure B.15. Zeta potential of PLGA-Enro NPs (0.5 g/L NPs in PBS).  

 

B.17 Size-Dependent Drug Release from PLGA-Enro NPs 

Figure B.16 shows the matching of the release rate constant with each size of 

NP eluting at each time point on the AF4 chromatograms (see Figures  3.3 and 3.7a in 

the main text), to clarify how size-dependent release profiles were acquired for Figure 

3.7b. 

 

Figure B.16. Drug release rates (k) and hydrodynamic radius (Rh) across the AF4 

chromatograms for the PLGA-Enro NPs at 30 °C.  
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APPENDIX C. SUPPORTING INFORMATION FOR CHAPTER 4 

C.1 Literature review on coumarin 6 (C6) release from poly (lactic-co-glycolic acid) PLGA NPs 

Table C.1. Literature review on coumarin 6 (C6) release from PLGA NPs 

 

Synthesis Conditionsa and Total 

C6:PLGA Ratio in the Synthesisb 

Loading (L) and 

entrapment efficiency (EE) 

Release Behavior Reference 

• First emulsion: 2 mg protein in 50 L of 

water + 2 mL of PLGA (100 mg/mL) and 

50 L of C6 (1mg/mL) in ethyl acetate  

• Second emulsion: 4 mL of PVA (1%, w/v) 

+ first emulsion, then dilution with 90 

mL PVA solution (0.3%, w/v)  

• Total C6:PLGA ratio = 0.25 g/mg 

• L = 0.025 ± 0.009 % (w/w) 

• EE = 100 % 

 

• <1% burst release during the 

first day 

• Sigmoidal release up to 

100% over 45 days due to 

polymer degradation or 

erosion  

Corrigan et 

al.270 

• Organic phase: 90 mg PLGA in 3 mL of 

chloroform containing 50 g of C6 (0.5 

mg/mL) 

• Aqueous phase: 12 mL of PVA (2%) 

• Total C6:PLGA ratio = 0.55 g/mg 

• L = 0.05 % (w/w) 

 

• Rapid initial release within 

30 min and further 0.32% 

release within 24 h 

Qaddoumi  

et al.271; 

Synthesis 

reported in 

Davda et 

al.290 
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Table C.1. Continue. Literature review on coumarin 6 (C6) release from PLGA NPs 

 

Synthesis Conditionsa and Total 

C6:PLGA Ratio in the Synthesisb 

Loading (L) and 

entrapment efficiency (EE) 

Release Behavior Reference 

• Organic phase: 500 mg PLGA in 10 mL 

methylene chloride + 0.1% C6 

• Aqueous phase: 50 mL 0.2% PVA 

• Total C6:PLGA ratio = 1g/mg 

(assuming 0.1% C6 relative to PLGA) 

• L =  0.1 % (w/w) nominal 

loading 

• EE = 70-80 % 

• Transport buffer: No 

significant release within 

3 h 

• Dialysis set-up with 

liposome dispersion in the 

receiver: Around 35 % 

within 3 h 

• Direct contact with 

liposomes:  50 % release 

within 3 h 

Pietzonka 

et al.256 

• 30 mg of PLGA +  60 μg of C6 in  

- 1 mL of ethyl acetate + 5 mL PVA 

(3% (w/v)) (for 80 nm NPs) 

- or in 1 mL dichloromethane-ethyl 

acetate (7:3) + 5 mL PVA (3% 

(w/v)) (for 150 nm NPs) 

- or in 1mL dichloromethane + 8 mL 

of PVA (5 %(w/v)) (for 300 nm 

NPs) 

• EE = 89.7 % (for 80 nm 

NPs) 

• EE = 96.61 % (for 150 nm 

NPs) 

• EE = 92.80 % (for 300 nm 

NPs) 

 

 

 

N.D.  Cai et l.291 
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Table C.1. Continue. Literature review on coumarin 6 (C6) release from PLGA NPs 

 

Synthesis Conditionsa and Total 

C6:PLGA Ratio in the Synthesisb 

Loading (L) and 

entrapment efficiency (EE) 

Release Behavior Reference 

Then diluted with a 0.5% (w/v) PVA 

• Total C6:PLGA ratio = 2g/mg 

   

• PLGA and C6 (0.05% (w/v)) in DCM 

• PVA (or vitamin E TPGS) 

N.D. • 3.75% and 2.55% release 

from the TPGS and PVA 

NPs, respectively, over 

24 h  

Yin Win et 

al.292 

• Polyvinyl alcohol or Mowiol 4-88 and 

magnesium acetate tetrahydrate, ratio 1 to 

3 with PLGA (20% w/w) and C6 (1%)  in 

acetone 

• Total C6:PLGA ratio = 50g/mg 

N.D. N.D. Eley et 

al.293 

 

• Organic phase: BSA (300 l, 10 % w/v) + 

90 mg PLGA + 50 g C6 in 3 mL 

chloroform 

• Aqueous phase: 12 mL PVA (0.5 to 5 % 

w/v) 

• Total C6:PLGA ratio = 0.55g/mg 

N.D.  N.D.  Sahoo et 

al.294 
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Table C.1. Continue. Literature review on coumarin 6 (C6) release from PLGA NPs 

 

Synthesis Conditionsa and Total 

C6:PLGA Ratio in the Synthesisb 

Loading (L) and 

entrapment efficiency (EE) 

Release Behavior Reference 

• 1 mg of C6 in 1.25 ml of 1% PLGA-DCM 

solution, + 12.5 ml of PVA (0.3% (w/v)) 

(for 200 nm NPs) 

• 1.5 mg of C6 in 1.25 ml of 15% PLGA-

DCM + 12.5 ml of PVA (0.3% (w/v) ) 

(for 1200 nm particles) 

• Total C6:PLGA ratio = 80g/mg 

N.D.  N.D.  Patel at 

al.253 

aAs reported, bComputed, N. D. not determined
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C.2 Batch Total Organic Carbon (TOC) Measurements 

To quantify the carbon concentration of the PVA standards, we initially 

attempted to use an alternative TOC analyzer (TOC-L, Shimadzu, Kyoto, Japan). The 

measurements in this instrument are based on sample combustion over a Pt catalyst at 

680 °C. However, the catalyst was found to be unsuitable for PVA analysis; reported 

C concentrations were lower on standards with higher concentrations (e.g., 200 mg/L 

PVA, measured as 0.5 mg C/L) than those with lower concentrations (e.g., 100 mg/L 

PVA, measured as 30.9 mg C/L). Therefore, all batch TOC measurements were 

performed using the batch mode of the same TOC detector (Sievers M9-SEC portable 

TOC analyzer, Suez, Trevose, PA, USA) as used in the online mode attached to AF4.  

C.3 Characterization of the Synthesized PLGA-C6 NPs 

The transmission electron microscobe (TEM) image, and differential scanning 

calorimetry (DSC) were conducted and analyzed by Dr. Carlos E. Astete and Dr. Rafael 

Cueto. 

 
Figure C.1. Transmission electron microscope (TEM) image of PLGA-C6 

NPs.  
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Figure C.2. Determination of Tg from the second heating differential 

scanning calorimetry (DSC) plot of PLGA-C6 NPs. Tg (inflection point method), 

onset point, and end point are 44.8 °C, 43.14 °C , and 47.85 °C, respectively.  

 

C.4 Effect of Container Material on Release Profile 

Our initial results obtained for the C6 release profile from the NPs revealed a 

significant effect of container material on the release behavior (under similar conditions, 

i.e., 0.25 g/L of NPs in PBS at 37 °C). We observed almost no drug release from the NPs 

if held in polytetrafluoroethylene (PTFE) or glass containers for the release experiment, 

in contrast to observing a slow release profile when polypropylene centrifuge tubes were 

used. Release can be limited by the low aqueous solubility of C6, and hence sink 

conditions are not achieved in containers with low sorption. This was supported by 

control experiments (C6 only at 0.25 mg/L in PBS) showing minimal dye adsorption onto 

glass, as opposed to decreasing dye concentrations due to sorption onto the 

polypropylene tubes. The disposable plastic centrifuge tubes were therefore used to 

acquire drug release profiles under sink conditions. Note that dialysis was also tested, 



 

196 

and similar release profiles were achieved in the polypropylene centrifuge tube. 

Furthermore, when collecting samples from the plastic tubes, the dissolved C6 

concentration measured in the supernatant after pelleting the NPs was typically < 10 

g/L, further indicating that losses of dissolved C6 occurred and sink conditions were 

achieved during the experiments. 

 

Figure C.3. Adsorption of C6 (0.25 mg/L in PBS) onto glass or plastic 

container within 96 h.  

C.5 Optimized AF4 Flow Parameters 

The AF4 flow parameters used here were the same as those optimized in our 

previously published work. The detector flow rate and the injector flow rate were 0.5 

and 0.2 mL/min, respectively. The injection volume was 100 L. Table C.2 presents 

the crossflow rate and duration of each separation step.  
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Table C.2. Crossflow rates and duration of each separation step in the AF4 method 

Mode Duration (min) Crossflow rate 

(mL/min) 

Elution 6 0.15 

Focus 1 1.5 

Focus + injection 4 1.5 

Elution 58 0.15 

Elution + injection 15 0 

Elution 6 0 

Elution 10 0.15 

 

C.6 Analysis of Size-resolved “Apparent” Dye Loading Profiles by AF4 

To assess the amount of dye loading inside the polymeric NPs across different 

size fractions of the particles, we might attempt to take the ratio of the FLD signal 

(indicative of the C6 concentration) to a signal corresponding to the concentration of 

the PLGA at each size fraction. Using TOC or RI as the NP concentration detectors 

showed an increasing FLD/NP signal with increasing size, whereas dividing FLD by 

the raw UV signal for the NPs shows the opposite trend (Figure C.4). The values for 

each series are normalized to the minimum value in each data series for ease of 

comparison.   
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Figure C.4. The normalized ratio of FLD/SignalNP Detector, by considering 

TOC, RI, raw UV, and UV with Mie scattering correction as the signal representing 

NP concentration.  

 

The higher values of FLD/UV for the smaller (more rapidly eluting) particles 

was postulated to be an artifact of the fact that the UV “absorbance” signal includes 

scattering contributions, particularly for large NPs, which are not simply proportional 

to the mass concentration of the NPs. To evaluate this hypothesis, a UV signal 

correction approach was taken to normalize the UV signals to eliminate the influence 

of size and leave only mass concentration contributions to the measured signal. First, 

the AF4-UV “absorbance” signal for the eluting PLGA NPs is assumed to represent 

primarily scattering with minimal contribution of true absorbance, i.e., the 

“absorbance” may be more correctly termed “turbidity,” , where  is approximately 

equal to the ratio of scattered intensity (Is) and incident light intensity (I0), i.e.,  ≈ Is/I0 

for dilute samples where Is << I0.  To account for and normalize the influence of size 

on the scattering intensity, the Malvern Zetasizer software (Version 7.13, Malvern 
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Panalytical Inc., Malvern, UK) was used to compute the Mie scattering function as 

relative scattering per unit volume of the PLGA NP (nm3) for particles ranging from 1 

nm to 130 nm radius (covering the size ranges measured by AF4-DLS across the full 

width half maximum of the AF4-DLS peak). The medium refractive index was set to 

1.33 for aqueous medium, wavelength to 350 nm (the same wavelength applied in the 

AF4-UV analysis), scattering angle of 0° representing scattering toward the UV 

detector (which measures the forward transmitted light through the UV flow cell), and 

the real and imaginary particle refractive index of 1.46 and 0, respectively, for 

PLGA.295  

An increase in forward scattering with particle size is clearly observed, as 

expected (Figure C.5). The exported Mie scattering function was normalized to the 

maximum value for the largest size particle to obtain size normalization factors (Figure 

C.5), and fitted with a power law function for convenient computation of normalization 

factors given the measured Rh values from the AF4-DLS data. The raw UV 

“absorbance” data were then divided by the normalization factor to obtain corrected 

UV signals that are expected to be proportional the mass concentration of the particles 

without the influence of size on the Mie scattering function. After applying this 

correction, the FLD/UV ratios show a similar trend to FLD/TOC; furthermore, the 

FLD/RI analysis also confirms this trend (Figure C.4). 
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Figure C.5. Relative scattering per unit volume normalized to the maximum 

in the size range of interest for the PLGA NPs computed in the Malvern Zetasizer 

Mie scattering calculator.  

 

The reason for the observed trend of increasing FLD signal/PLGA 

concentration with increasing particle size is not clear. Possible reasons include a truly 

higher C6 loading in the larger particles, or other measurement artifacts on the FLD 

signal itself (rather than the NP concentration signals) that may be size-dependent, 

including fluorescence quenching or enhancement, or inner filter and scattering effects. 

Note that while inner filter corrections can be applied given true absorbance 

measurements and path lengths for the FLD flow cell, scattering influences on the 

measured FLD signal are highly complicated and currently deemed impossible to 

predict.296 Hence, no further corrections were attempted. 

C.7 Evaluation of NP Size and Shape during the Release Experiments 

Possible NP transformations were evaluated through size and shape analysis over 

the duration of the C6 release experiments (Figures C.6 and C.7). The analysis for shape 
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factor was performed in ASTRA (v. 7.3.2.19) from Wyatt Technology (Santa Barbara, 

CA, USA), with the 2nd order Berry model for Rg calculations. 

 
Figure C.6. Hydrodynamic radius (Rh) obtained by batch and online DLS 

measurements.  

 

 

Figure C.7. The ratio of radius of gyration (Rg) to Rh, i.e., the shape factor, 

obtained for AF4 measurements with online multi angle light scattering (MALS) 

and DLS detectors.  

C.8 LC-UV-QTOF for C6 Release Validation and PLGA Oligomer Analysis 

NP samples collected during the release experiments were pelleted by 

centrifugation and extracted into acetonitrile for LC-UV-QTOF analysis. The UV and 

TIC chromatograms are presented in Figure C.8. The C6 eluted at 16 min in the UV 
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chromatogram and slightly later in the TIC due to the tubing delay between detectors. 

Other major peaks observed in the TIC are attributable to PLGA in the extracts (as 

affirmed by comparison against measured stock PLGA solutions). 

 

Figure C.8. The total ion count (TIC) and UV chromatograms for 

acetonitrile extracted PLGA-C6 NPs collected during the release experiments in 

PBS at 37 °C.  

 

Because losses of PLGA-related peaks were observed, further evaluation of these 

species was undertaken. First, untargeted compound discovery was performed using 

Agilent MassHunter Mass Profiler 10.0.1 (Agilent, Santa Clara, CA, USA) – when plotting 

the extracted species by their MW vs. retention time (RT), polymer series show clear 

patterns representing additions of the monomer units. To obtain additional information 

regarding the relative composition of glycolide (GA) or lactide (LA) in the polymers and 
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develop improved plots with higher information value, the data on the molecular weight, 

retention time, and abundance for all extracted species were exported from Mass Profiler 

for further processing. First, an appropriate low MW species was identified to serve as a 

“base” species with molecular weight mbase (398.0462 Da) (i.e., m/z ≈ 399 assuming H+ for 

ionization), upon which a search was conducted for a list of masses m representing all 

possible combinations of additions of nGA glycolide units (each with mass mGA of 58.0055 

Da) and nLA lactide units (each with mass mLA of 72.0211 Da) to the base mass, i.e., 

𝑚 =  𝑚𝐺𝐴𝑛𝐺𝐴 +  𝑚𝐿𝐴𝑛𝐿𝐴 + 𝑚base. (C.1) 

All found species in each sample were compiled into a list (thus paring the 

untargeted compound search from Mass Profiler to only species related to PLGA). These 

species were then plotted in Figure C.9, where each point represents a found species, the 

size of each point represents the abundance of that species, and the intensity of the red and 

blue color on the left and right side of the plotted circles represents nLA and nGA, 

respectively, added to the base species.     
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Figure C.9. Oligomeric PLGA species identified in the LC-QTOF analysis 

of the NPs collected during the release experiments. Colors and symbols are 

explained in the text above.  
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Species with lower MW and higher GA character showed more rapid and extensive 

loss. To more clearly assess the rate of loss, species were selected from a few representative 

regions of Figure C.9 to plot their abundance in the samples over the course of the release 

experiment, as shown in Figure C.10. 

 

Figure C.10. Abundances of select PLGA oligomers with varying MW and 

degree of LA or GA character over the course of the release experiment. 

Abundances at each time point were normalized to that at time zero for each 

species. 

 

C.9 Modeling of the Bulk Time-Resolved Release Profiles 

Six different release models were fitted to the bulk C6 release profiles measured 

using the multi-detector AF4 approach and the LC validation measurements. We 

emphasize here that several of the models presented are not appropriate for release from 

spherical NPs, but rather are used to demonstrate the uncertainty in model selection that 

can be encountered when fitting release profiles a priori and attempting to interpret the 

results. For all models, best-fit parameters were obtained by minimizing the sum square 
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errors (SSE) between the model prediction and the experimental data across all measured 

time points. All best-fit models are compared to the experimental data in Figure C.11. 

 The first model fitted was a first-order kinetic model (Equation C.2), 

𝐶𝑡
′ = 𝐶∞

′ [1 − exp(−𝑘𝑡)],  (C.2) 

where 𝐶𝑡
′ is defined as the ratio of concentration of released drug at time t to the total initial 

concentration of drug loaded on the particles, 𝐶∞
′  represents the ratio of the ultimate 

releasable drug at time infinity to the total initial concentration, and k is the first-order rate 

constant. In this study, both k and 𝐶∞
′  were fitted (Table C.3). In Equation C.2, the bulk 

drug in the media is assumed to be zero at all times (perfect sink conditions), where the 

drug in the particles depletes over time. It is noted that the Noyes–Whitney equation266, 297 

describing the dissolution of a solid results in a mathematically equivalent model form, as 

shown in Equations C.3 and C.4, 

d𝐶𝑡

d𝑡
=

𝐷𝑆

𝑉ℎ
 (𝐶𝑠 −  𝐶𝑡) = 𝑘N−W(𝐶𝑠 −  𝐶𝑡), (C.3) 

where  𝐶𝑡 and 𝐶𝑠 are the concentration of released drug at time t and drug solubility, 

respectively. D, S, V, and h are drug diffusion coefficient, the surface area of the solid, 

solution volume, and thickness of the diffusion layer, respectively, which can be lumped 

into a single parameter, kN-W. Integrating Equation C.3 with 𝐶0 = 0 yields 

𝐶𝑡 = 𝐶𝑠[1 − exp(−𝑘N−W𝑡)]. (C.4) 

The second model applied is a radial diffusion model238 239 for release from spherical 

particles (Equation C.5),   
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𝐶𝑡
′ = 𝐶∞

′ [1 −
6

𝜋2
∑

1

𝑛2

∞

𝑛= 1

exp (−
𝐷𝑛2𝜋2𝑡

𝑅2
)], (C.5) 

where D is the diffusion coefficient of drug transfer through the polymeric matrix, and R 

is the particle radius. The model was fitted for D/R2 and 𝐶∞ (Table C.3). For an average R 

of 80 nm (Figure C.11), the best-fit value of D is then (7 ± 6) × 10-11 cm2/s or (1.8 ± 0.9) × 

10-11 cm2/s for the release profiles obtained by the AF4 or LC measurements, respectively.  

The third model applied is the Higuchi model259 260 for release from a planar film 

(Equation C.6), 

𝐶𝑡
′ = 𝐶∞

′ √2𝐷𝑊0𝐶𝑠𝑡 = 𝐶∞
′ 𝑘H√𝑡 ,  (C.6) 

where kH is the Higuchi rate constant, W0 is the initial drug concentration inside the matrix, 

and all other variables are as defined above.  The main assumptions are that the initial drug 

concentration inside the matrix is much higher than the dye solubility (W0 >> Cs), no 

swelling or other changes to the matrix occur, and perfect sink conditions are maintained 

during the release. Here we fitted 𝐶∞
′ 𝑘H as one lumped parameter (Table C.3).  

The fourth model applied is the Baker–Lonsdale model, which is based on the 

Higuchi model but for drug release from spherical systems (Equation C.7), 

3

2
(1 − (1 −

𝐶𝑡
′

𝐶∞
′

)

2
3

) −
𝐶𝑡

′

𝐶∞
′

= 𝑘B−L𝑡, (C.7) 

where 𝑘B−L is the Baker–Lonsdale rate constant. To fit both 𝐶∞
′  and 𝑘B−L (Table C.3), an 

initial guess was set for 𝐶∞
′  to compute the left hand side (LHS) of the equation for our 

experimental data, and the best-fit 𝐶∞
′  was optimized as that which yields the highest R2 

value for the line of best fit for the LHS versus time. The best-fit 𝑘B−L was then taken as 

the slope of the line.  
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The fifth model applied is the semi-empirical Korsmeyer-Peppas model,261 in which 

the concentration of released drug from the polymeric system is described by a power law 

function over time (Equation C.8), as in  

𝐶𝑡
′ = 𝐶∞ 

′ 𝑘K−P(𝑡𝑛), (C.8) 

where kK-P is the release rate constant and n is the diffusional exponent. This model is only 

applicable to the first 60% of the drug release profile. Here, we fitted 𝐶∞
′  𝑘H as one lumped 

parameter (Table C.3). The n value can be interpreted for the release mode, with n = 0.43 

representing Fickian diffusion or 0.43 < n < 1 representing non-Fickian release 

mechanisms for spherical particles.261, 298 

 The sixth model applied is the Hixson–Crowell model263 (Equation C.9), 

√ 
𝑊𝑡

𝑊0

3

= √1 − 
𝐶𝑡

𝐶∞

3

= 1 − 𝑘H−C𝑡,  (C.9) 

where 𝑊0and 𝑊𝑡  are the drug concentration inside the particles at time 0 and t, 

respectively, and  𝑘H−C is the Hixson–Crowell release constant. This model is based on the 

dissolution of a solid drug (e.g., a tablet form), and assumes the surface decreases over time 

while maintain the same geometrical form. In order to fit this model to our experimental 

data, we rearrange the model to Equation C.10,  

𝐶𝑡
′ = 𝐶∞

′ [1 − (1 − 𝑘H−C𝑡)3],  (C.10) 

and fit the 𝐶∞
′  and 𝑘H−C parameters (Table C.3).  

Finally, we present the Hopfenberg model 264 in Equation C.11 for drug release from 

an eroding polymer, 

𝐶𝑡
′ = 𝐶∞ 

′ [1 − (1 −
𝑘0𝑡

𝐴0𝑎0
)

𝑛

],    (C.11) 
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where k0, A0, and a0 are the erosion constant, the initial drug concentration in the matrix, 

and the initial radius of the sphere, respectively. For a spherical particle, n = 3 and hence 

the model takes mathematically the same form as Equation C.10.  

Table C.3. Best-fit model parameters; the fitted values are reported the 

average and standard deviation on fits for four experimental replicates. 

Experimental data Model Parameters (units) Fitted value 

AF4-FLD-TOC 

First-order 

kinetics 

k (h-1) 0.09 ± 0.05 

𝐶∞ 
′  0.77 ± 0.05 

Radial diffusion 

𝐷

𝑅2
  (h-1) 0.01 ± 0.01 

𝐶∞ 
′  0.86 ± 0.14 

Higuchi 𝐶∞kH (h2) 0.094 ± 0.004 

Baker and 

Lonsdale 

k (h-1) 0.0016 ± 0.0005 

𝐶∞ 
′  0.9 ± 0.1 

Korsmeyer-

Peppas 

𝐶∞kH-P (h1/n) 0.2 ± 0.1 

n 0.3 ± 0.2 

Hixson–Crowell  

(or Hopfenberg) 

k (h-1) (or 
𝑘0

𝐴0𝑎0
 (h-1)) 0.014 ± 0.002 

𝐶∞ 
′  0.77 ± 0.02 

HPLC on 

acetonitrile extracts 

First-order 

kinetics 

k (h-1) 0.04 ± 0.01 

𝐶∞ 
′  0.73 ± 0.08 

Radial 

diffusion 

𝐷

𝑅2
  (h-1) 

0.003 ± 0.001 

𝐶∞ 
′  1.00 ± 0.01 

Higuchi 𝐶∞ 
′ kH (h2) 0.08 ± 0.01 

Baker and 

Lonsdale 

k (h-1) 0.0007 

𝐶∞ 
′  0.83 

Korsmeyer-

Peppas 

𝐶∞ 
′ kH-P (h1/n) 0.09 ± 0.04 

n 0.47 ± 0.06 

Hixson–Crowell 

(or Hopfenberg) 

k (h-1) (or 
𝑘0

𝐴0𝑎0
 (h-1)) 0.013 ± 0.004 

𝐶∞ 
′  0.68 ± 0.06 
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Figure C.11. Model fits for C6 release profile from PLGA NPs obtained by 

AF4-FLD-TOC or HPLC on the acetonitrile extract samples.  The points shown in 

faded colors were excluded from the models. 

C.10 AF4-FLD-UV or AF4-FLD-RI for Size-dependent Release Analysis 

The size-dependent release analysis was performed using either UV or RI detectors 

for NP concentration (Figure C.12) and generally affirm the results of the analysis using 
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TOC detection as presented in the main text. The presented AF4-FLD chromatograms are 

normalized to the bulk PLGA concentration (using the integrated UV or RI peak area).  

 

Figure C.12. Normalized AF4-FLD chromatograms, FLD/UV or FLD/RI 

ratios at each chromatographic time point normalized to the initial loading and 

fitted drug release rate constants from the size-resolved analysis  

 

 

 



 

 

 

 

 


