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ABSTRACT

Degradation of hydrocarbons by bacteria is one of the most important processes in
oil spill cleanup. In attempt to increase the rate of biodegradation, chemical dispersants
have been deployed in many oil spill scenarios to increase the surface area per unit
volume available to bacteria. Biofilm formation is one of the important pathways in
degradation of oil by bacteria. Because adhesion of bacteria to surface is one of the
important steps in biofilm formation. It is important to study what factors affect the
bacterial adhesion on oil/water interfaces. Adhesion of bacteria on solid surfaces is
widely studied but surprisingly, how bacteria adhere on oil/water interface, and the effect
of surfactants and bacterial motility on adhesion of bacteria on oil/water interface is not

well studied.

First, we designed and fabricated a microfluidic device to produce denser
monodispersed oil in water emulsion. We developed a method to be able to capture 3D
images of bacteria adhering to oil droplets with minimal number of cells attached to
imaging chamber and with minimizing the wetting (~ 180° contact angle) of oil droplet to
the imaging chamber. We developed tracking algorithms to visualize the cells adhering
on the droplet and to calculate the contact angle that each bacterium makes to the droplet
surface. In the first part of the project, we studied the effect of surfactant chemistries
(anionic [dioctyl sodium sulfosuccinate, dicyclohexyl sodium sulfosuccinate, dibutyl
sodium sulfosuccinate], cationic [cetyltrimethylammonium bromide], and nonionic
[Tween 20]) and surfactant concentration on adhesion of nonmotile Marinobacter

hydrocarbonoclasticus SP17 on dodecane droplets.
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Secondly, we found that motile bacteria Halomonas titanicae adhering to
dodecane droplets were able to move the droplets in aqueous suspension. We explored
the physics of droplet rotation driven by bacteria. Droplets rotate in clockwise direction
when viewed from the liquid side, due to symmetry-breaking hydrodynamic interactions
of bacteria with the surface. We examined the effect of droplet size on angular speed of
droplets. We further investigated the effect of surfactant concentration and interfacial
affinity of bacteria (by using three different bacteria species Escherichia coli, Shewanella
haliotis, and Halomonas titanicae) on droplet rotation.

Thirdly, we investigated the effect of bacterial motility on adhesion of bacteria on
hexadecane droplets. Here, we show that bacterial motility enhances adhesion to
surfactant-decorated oil droplets dispersed in artificial sea water. Motile Halomonas
titanicae adhered to hexadecane droplets stabilized with dioctyl sodium sulfosuccinate
(DOSS) more rapidly and at greater surface densities compared to nonmotile H. titanicae,
whose flagellar motion was arrested through addition of a proton decoupler. Increasing
the concentration of DOSS reduced the surface density of both motile and nonmotile
bacteria as a result of the reduced interfacial tension.

Finally, we investigated the effect of concentration of anionic surfactant dioctyl
sodium sulfosuccinate (DOSS) and calcium chloride on aggregation of nonmotile
Marinobacter hydrocarbonoclasticus and Halomonas titanicae in synthetic seawater.
Bacteria aggregation may occur due to environmental stresses as a protective mechanism
or it can occur as a first step towards biofilm formation and subsequent biodegradation.
There are two physical mechanisms known in aggregation of bacteria: (1) aggregation by

depletion attraction, and (2) aggregation by bridging attraction due to EPS or polymers.



In our study, we found that aggregation (size and number density) increases with increase
in DOSS concentration and calcium chloride concentration. Motile Halomonas titanicae
showed higher aggregation compared to nonmotile bacteria.

Together, we studied bacteria motility and adhesion interactions on cell-solid
surface, on cell-liquid interfaces, and on cell/cell interfaces. Broadly, this research

contributes to the fields of bioremediation and antifouling.
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Chapter 1: Introduction to bacterial adhesion

Bacterial adhesion is one of the important steps in biofilm formation.! Biofilm
formation is seen in a variety of different surfaces such as industrial pipelines,’ river
rocks,? ship hulls,* kitchen sink,’ plant roots,® teeth,” biomedical implants in human
body.? Biofilm formation may be advantageous in fields such as in biofuel cells, removal
of pollutants (e.g., oil spills), wastewater treatments or deleterious such as painted surface
and medical implants. Because bacterial adhesion is the first step towards biofilm
formation it is important to understand what factors influence bacterial adhesion.

More specifically, this work is primarily inspired from offshore oil-spills.” Many
bacteria species are known to degrade various hydrocarbons of crude o0il.!° Chemical
dispersants'! are employed to break larger oil droplets into smaller droplets to provide
larger surface access to bacteria. There are a lot of works published on how dispersants
affect bacteria growth and biodegradation!>!* but not much is known on how dispersants
affect initial attachment of bacteria. This work is primarily focused on interaction of
bacteria to oil/water interfaces in presence of surfactants.

1.1 Biofilm formation

Initial adhesion of bacteria is the first step of biofilm formation.! Bacteria may adhere
to the surface reversibly or irreversibly. Adhered bacteria on surface may divide and
produce extracellular polymeric substance (EPS). EPS helps in enhanced adhesion and
formation of 3D cellular matrix. In the next stage the EPS matrix further develops and
can prevent harmful effects of environmental stresses. In the final stage, some bacteria

leave the cellular matrix and re-enter the planktonic state.
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Figure 1.1. Biofilm formation lifecycle.'

The growth of bacteria on surface can be controlled at various stages of biofilm
formation. For example, the initial stage of bacteria adhesion can be prevented by
preventing the bacteria to adhere on surface. Initial stage of biofilm development can be
prevented by preventing the cell division or EPS production. Disruption or degradation of
biofilm can be achieved by physical removal or using a condition such as high or low pH
that can eliminate the biofilm. Biofilm dispersal can be achieved in early stage by
remodeling EPS and promoting cell dispersal.

1.2 Interaction of bacteria with surfaces
Bacteria close to the surface experience two main interactions; Lifshitz van der

Waals (LW), which is attractive in nature and electrical double layer (EL), which can be



either attractive or repulsive. Bacteria-surface interaction can be described by classical
DLVO (Derjaguin, Landau, Verwey, Overbeek) theory of colloidal stability.!® This
theory has been extensively used to calculate interaction energy for bacteria-surface or
bacteria-bacteria interaction as a function of separation distance. This theory assumes the
interacting system inert. An extended DLVO (XDLVO) theory was introduced by Van
Oss to include short-range Lewis acid-base interactions to account for hydrogen bonding.
This polar interaction can be attractive or repulsive depending on hydrophilic and
hydrophobic properties of the bacterium and the surface. According to XDLVO theory,
the total interaction energy (GOLV?) for a bacterium (b) and surface (s) in an aqueous
medium (1) is given by,

Gap%(d) = Gaiy () + G (d) + G4E(d),

where G4V is the Lifshitz van der Waals energy, GEL is the electrical double layer
energy, and GA% is the acid-base energy. When this interaction energy is negative,
adhesion is favorable.

Adhesion of bacteria on liquid-liquid surface is relatively more complex due to
the fact that bacteria may partially submerge in both phases, however, the thermodynamic
principle of adhesion remains the same. In recent years, there have been many works on
understanding bacteria adhesion and biofilm formation on oil-water interfaces.!” 2
1.3 Factor affecting bacteria adhesion

The effect of solid surface properties on bacterial adhesion is widely studied. It has
been shown that surface hydrophobicity, surface functional group, surface roughness,

surface topology can affect the bacterial adhesion.?!® Surfaces with hydrophobic -

CoCH3 showed higher adhesion of E. coli whereas surface with hydrophilic group -Cis



COOH showed lowest amount of bacterial adhesion.?! Another study suggested that
bacterial adhesion increases nonmonotonically with water contact angle of surface.?
Bacterial adhesion was highest at water contact angle of 95° and it decreases at the water
contact angle above 95°. Bacterial adhesion and antifouling properties of surface are also
dependent on thickness of polymer layer and polymer dispersity of surface.?* Adhesion
and removal of bacteria can also be altered by salt-responsive polymer functionalized
surface.”® Surface roughness and topology can also help in preventing bacterial
adhesion.?%%’

Bacterial adhesion on oil-water interface at different condition is not well studied. In
recent years, oil-spills in ocean have drawn a lot of focus on understanding the adhesion
and biofilm formation to oil-water interface.!”!¥2°35 One of the most abundant bacteria
in oil-spill region, Alcanivorax borkumensis has shown an improved growth of bacteria in
presence of low concentration of dioctyl sulfosuccinate sodium salt (AOT).!” It has also
been shown that 4. borkumensis grown under oil spill (hexadecane layer as a carbon
source) showed three times more growth than grown in clean environmental condition
(marine broth).!® This bacteria species has shown better dispersion of oil droplets when
used in conjunction with Corexit.>* In another study, bacteria surface hydrophobicity
measured by BATH assay and its adsorption on n-decane was compared for P.
aeruginosa, S. aureus, and S. epidermidis.>* P. aeruginosa showed the highest value of
BATH whereas other two species showed nearly zero hydrophobicity. Hydrophilic S.
aureus did not grow a biofilm. Despite showing nearly zero hydrophobicity S.
epidermidis adsorbed on oil-water interface and formed biofilm due to secreted

biosurfactants.



1.4 Objective and organization of dissertation

The objective of this research to understand how surfactant chemistries and its
concentration, and bacteria motility affect bacterial adhesion on oil/water interfaces. We
also explored the bacteria-driven droplet motion and surfactant induced bacteria
aggregation. Together, this work contributes a broader field of understanding biofilm,
biodegradation, and microactuators.

In the first part of this research, we developed microfluidic techniques to make
dodecane in water emulsions stabilized with different surfactants at various
concentrations. We functionalized inner wall of glass capillaries (imaging chamber) with
polyethyleneglycol-APTES to prevent adhesion of bacteria and oil droplets to walls. We
found that bacteria adhere to smallest droplet to the greatest value and smallest droplet
shows faster adhesion. A large percentage of adhering bacteria align along with the
droplet surface. Interfacial cell densities decrease with increase in surfactant
concentration for all five surfactants. Decrease in interfacial cell density is more
monotonic for anionic surfactants. In addition, electrostatic repulsion due to surface
charge of bacteria and droplets also plays role in bacterial adhesion. This study shows
that although use of surfactant would provide more available surface of bacteria to adhere
by breaking larger oil droplets into smaller droplets, a higher concentration of surfactant
may lead to lower adhesion.

In the second part of this thesis, we explored the motion, in particular rotational
motion, of oil droplets driven by motile bacteria at oil interface. We found that oil

droplets rotate in clockwise direction when viewed from liquid side due to hydrodynamic



interaction of adhered bacteria to wall. Angular speed of droplets are inversely
proportional to its diameter. The speed of droplet rotation decreases with increase in
surfactant concentration due to fewer number of adhered cells, and due to the less-
strongly adhered cells at interface. The speed of droplets rotation is also varied among
different bacteria species due to varied interfacial affinities.

In the third part of this project, we explored the effect of bacteria motility on adhesion
to hexadecane droplets. For this, we chemically modified (using CCCP), and
mechanically modified (shearing flagella) the bacteria to make them nonmotile. Both
motile and nonmotile bacterial adhesion followed first-order Langmuir adsorption
kinetics. Interfacial cell density of motile bacteria on droplet reaches the equilibrium
value much faster compared to the nonmotile bacteria. Motile bacteria adhere nearly six
times more compared to nonmotile bacteria. Interfacial cell density decreases with
increase in DOSS concentration for both nonmotile and nonmotile bacteria. At highest
DOSS concentration interfacial cell density of nonmotile bacteria is nearly zero whereas
it is nonzero for motile bacteria. This study suggests that motility may enhance the
bacteria adhesion, and therefore can enhance biofilm formation and subsequent
biodegradation.

In the final part of this thesis, we explored the condition of bacteria aggregation. We
found that Marinobacter hydrocarbonoclasticus form aggregates when both DOSS
concentration and Ca®" are present in suspension. The size of aggregates and number
density of aggregates increase with increase in DOSS concentration. An increase in
calcium chloride concentration further increased the aggregation. Motile H. titanicae

show slightly higher aggregation compared to nonmotile H. titanicae. This result may



have wider implication in understanding why bacteria aggregate at various environmental

conditions important in bioremediation and pathogenesis.



Chapter 2: Adhesion of Marinobacter hydrocarbonoclasticus to Surfactant-
Decorated Dodecane Droplets
2.1 Introduction

Dispersed hydrocarbons are widely found in marine environments, emerging
naturally from oil seeps and as an unintended consequence of petroleum extraction and
transportation processes.*® Thus, many marine bacteria can degrade hydrocarbons.” 3741
Indeed, the surprisingly rapid disappearance in the 2010 Deepwater Horizon spill is
thought to be due to bacterial biodegradation.**** The efficacy of biodegradation
depends, in part, on the bioavailability of dispersed oil to bacteria. In a typical oil spill
scenario, dispersants such as COREXIT 9500EC that contain one or more surfactants®
are applied near the wellhead and on the water surface*® to speed biodegradation.*’>°
Dispersants decrease the interfacial tension between the oil and water phases, reducing

the Gibbs free energy’'~?

and leading to smaller droplets. Dispersants thus increase the
surface area per unit volume and hence the bioavailability of the oil.!' Because bacterial
adhesion to the oil/water interface can promote biodegradation, it is important to
understand how surfactants affect adhesion of bacteria at these interfaces.>*~>°

From a thermodynamic perspective, the surface energies of bacteria and the two
phases determine the extent of adhesion to oil/water interfaces.”’ > Briefly, bacteria
adhere to the oil/water interface when the sum of the surface energies is lower with the
bacterium at the oil-water interfaces than it is with the bacterium entirely in the aqueous
phase.’®®! Surfactants reduce the surface energy of liquid/liquid and bacteria/liquid

interfaces, depending on the length and branching of the hydrocarbon chain and on the

partitioning of surfactant molecules between the bulk phase and the interface.5>%* The



curvature of the interface between oil droplets and water alters the volume available to
surfactant tails and thus modifies the free energy of adsorption in the presence of
surfactants,* complicating predictions of the adsorption of bacteria to curved oil/water
interfaces.

Here, we investigate the effect of interfacial properties on adhesion of
hydrocarbon-degrading Marinobacter hydrocarbonoclasticus at oil/water interfaces.
Using co-flow microfluidic devices, we prepare monodispersed dodecane/water
emulsions with drop sizes of 20 — 60 um, stabilized with various surfactants. Using
confocal microscopy and bacteria-tracking algorithms, we first quantify the number of
bacteria adhering at the oil/water interface over time for drops stabilized by dioctyl
sodium sulfosuccinate (DOSS), a component of the COREXIT dispersant used in oil spill
remediation and used in a variety of emulsification applications. Adhesion of bacteria
follows first-order Langmuir kinetics, with a time constant that increases with drop size.
Surprisingly, the areal coverage of bacteria on small 20 um droplets is larger than that on
larger droplets. We subsequently examine the long-time adsorption bacteria on interfaces
stabilized by various surfactants, comparing DOSS to two other anionic sodium
sulfosuccinates [dibutyl sodium sulfosuccinate (DBSS), dicyclohexyl sodium
sulfosuccinate (DCHSS)] as well as to two other surfactants [cationic
cetyltrimethylammonium bromide (CTAB), non-ionic Tween 20)]. For all surfactants,
increasing the surfactant concentration at a fixed droplet size reduces the interfacial
tension and bacterial adhesion. The type and charge of surfactant also affect the extent of
equilibrium adsorption, with fewer bacteria adhering to anionic (DOSS, DCHSS)

interfaces than to CTAB or Tween 20-decorated interfaces at high normalized surfactant



concentrations. Our results suggest that the use of surfactants may have competing effects
on bacterial adhesion: the increase in adhesion due to a decrease in droplet size contrasts

with the reduction in adhesion due to the lower oil/water interfacial tension.

2.2 Materials and Methods

2.2.1 Chemicals

Hydrogen peroxide 30% (Macron), sulfuric acid 98% (EMD Millipore),
potassium hydroxide (Sigma-Aldrich), methanol (Sigma-Aldrich), acetic acid (EMD
Millipore), 3-aminopropyl trimethoxysilane (APTES, Gelest), biotin-mPEG (5,000 Da,
ThermoFisher), biotin-PEG-SVA-5000 (5,000 Da, ThermoFisher), sodium bicarbonate
(Sigma-Aldrich), dodecane (>99%, Sigma), dioctyl sodium sulfosuccinate (DOSS, >97%,
Sigma-Aldrich), dibutyl sodium sulfosuccinate (DBSS, as received, Aldrich),
dicyclohexyl sodium sulfosuccinate (DCHSS, >98%, Sigma-Aldrich),
cetyltrimethylammonium bromide (CTAB, 2>99%, Sigma-Aldrich), Tween 20
(ThermoFisher), Zobell marine broth 2216 (HiMedia lab), sodium pyruvate (Amresco),
SYTO9 (ThermoFisher), Nile red (Sigma-Aldrich), sodium chloride (Macron),
diiodomethane (Sigma-Aldrich), ethylene glycol (Sigma-Aldrich), acetone (BDH), and
ethanol (100%, Decon Labs) were used as received. The chemical structures of the five

surfactants are shown in Figure 2.1.
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Figure 2.1. Molecular structure of surfactants used in this study.

2.2.2 Co-flow microfluidic device fabrication

To prepare aqueous emulsions of dodecane with controlled droplet size, we
fabricated co-flow glass capillary microfluidic devices. The device consisted of two

coaxially aligned glass capillaries,5>%

as shown in Figure 2.2(a). The square outer
capillary (Vitrocom) had an outer diameter of 1 mm, an inner diameter of 0.90 mm, and a
length of 50 mm. The circular inner capillary (Vitrocom) had an outer diameter of 0.87
mm and an inner diameter of 0.70 mm. A dual-stage glass micropipette puller (PC-10,
Narishige) was used to generate tapered inner capillaries with a taper length of ~5 mm
and an opening diameter of 5 um. The outer capillary was also pulled to create a

constriction of inner diameter 120 — 150 pm and length 10 mm near its midpoint. The

inner capillary was inserted within the outer capillary and aligned coaxially near the
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constriction at the midpoint of the outer capillary. The inlet and outlet were coupled to 18
gauge blunt needles (BD) by using UV adhesive (NOA 68T, Norland), with a glass slide

(75 mm X 50 mm, Corning) as a supporting base. Tygon tubing (0.03” ID, Cole palmer)

was used for all inlet and outlet connections.

10" 10°
Q/Q,

Figure 2.2. (a) Schematic of the glass-based co-flow microfluidic device used to prepare
monodisperse dodecane-in-water emulsions. (b) Brightfield micrographs of
monodisperse dodecane-in-water emulsions, stabilized by DOSS at 35 ppm, with
drop diameters of 72, 50, 40, and 31 um, obtained at outer fluid flow rates of
3000, 1500, 1000, and 500 pL min!, respectively. Scale bar is 100 um. (c)
Normalized droplet size (D4/D¢) as a function of inner to outer fluid flow rate
(Qi/Qo). Drop size (Dqg) is normalized by the inner diameter of the outer capillary
(D¢) measured near the tip location of the inner capillary. Dashed line indicates
the fit to eq 2.1 [ref®’]. Error bars indicate the standard deviation of droplet
diameters in a single micrograph, confirming that the emulsions are
monodisperse.

2.2.3 Preparation of oil-in-water emulsions

Monodisperse emulsions of dodecane in MilliQ water (18.2 MQ - cm) were
prepared using the co-flow microfluidic devices.®® Dodecane droplets were stabilized in
water using one of five surfactants: dioctyl sodium sulfosuccinate (DOSS, at
concentrations of 2 — 360 ppm in the aqueous phase), dibutyl sodium sulfosuccinate

(DBSS, 1300 — 130,000 ppm in the aqueous phase), dicyclohexyl sodium sulfosuccinate
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(DCHSS, 290 — 29,000 ppm in the aqueous phase), cetyltrimethylammonium bromide
(CTAB, 2 — 80 ppm in the aqueous phase), or Tween 20 (1.5 — 150 ppm in the aqueous
phase). The inner oil phase and outer aqueous phase were dispensed through two gas-
tight Luer lock syringes (Hamilton; 2.5 mL inner, 100 mL outer) at constant flow rates by
using two syringe pumps: NE-1002X New Era for inner fluid, and Fusion 200 Chemix
for outer fluid. The device was operated at outer flow rates of 50 — 2000 uL min' and
inner flow rates of 5 — 25 puL min™!. As-prepared emulsions were stored at 4° C in dark

and used within one week.
2.2.4 Preparation of glass capillaries for imaging

Thin rectangular borosilicate capillaries (0.1 mm height x 1 mm width x 50 mm
length, 0.07 mm wall thickness, Vitrocom) were used as sample chambers in imaging
experiments. To minimize adhesion of bacteria and prevent wetting of oil droplets, the
inner capillary surface was functionalized with polyethylene glycol (PEG) brushes. To
prepare the surface for functionalization, capillaries were cleaned with water and acetone,
and subsequently treated with 1M KOH solution and with piranha solution; subsequently,
the cleaned capillary was functionalized with 3-aminopropyl trimethoxysilane (APTES)
and then with PEG (5,000 Da).%® The water contact angle measured on PEGylated glass

slide was 32 + 2° for three replicates.
2.2.5 Bacteria strain

Marinobacter hydrocarbonoclasticus 1s an extremely halotolerant marine

bacterium that is able to degrade both cyclic and non-cyclic alkanes,® and increases in

t70

abundance in both the marine environment’® and in beach sands* after an oil spill. M.
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hydrocarbonoclasticus (ATCC 49840) was obtained from Dr. Douglas Bartlett (Scripps
Institute of Oceanography, UCSD). The strain was stored in Zobell marine broth 2216
(Difco)/50% glycerol at -70° C. M. hydrocarbonoclasticus, 2 — 3 pm in length and 0.3 —
0.6 um in diameter, is motile in synthetic medium supplemented with NaCl at
concentrations of 0.6 M — 1.0 M;* we confirmed visually, using optical microscopy, that

this strain was not motile in the conditions of this study.
2.2.6 Growth conditions

M. hydrocarbonoclasticus was streaked from a frozen stock on a marine broth
plate (37.4 g L' marine broth, 10 g L' sodium pyruvate, 15 g L"! agar) and incubated at
30 °C for 48 h. A single colony selected from the plate was inoculated into 20 mL of
culture media (37.4 g L' marine broth and 10 g L! pyruvate) and incubated for 20 h in
an orbital incubator shaker (New Brunswick Scientific) at 200 rpm and 30 °C. Finally, a
subculture was prepared by inoculating 75 pL of the principal culture into 20 mL of
culture media and grown to late exponential phase in an orbital incubator shaker at 30 °C

and 200 rpm for 20 h.
2.2.7 Zeta potential and surface energy

For surface characterization, M. hydrocarbonoclasticus cells were grown to late
exponential phase. 20 mL of bacteria samples were centrifuged at 5000g for 10 minutes
in a Sorvall ST 16 Centrifuge (Thermo Fisher Scientific). The supernatant solution was
removed and the pellet was twice resuspended in 20 mL MilliQ water and centrifuged for

cleaning. After cleaning, the pellet was resuspended in MilliQ water. The final optical
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density (OD) was adjusted to 0.04 (Laxco DSM-Micro Cell Density Meter, 600 nm) with

MilliQ water.

The zeta potential of the bacteria, measured using a Nicomp 380 (-potential
analyzer, was —45 = 3 mV (Table 2.1). The zeta potential of the bacteria did not markedly
change in the presence of surfactants (Table 2.2). For measurements of the surface
energy, the resuspended bacteria sample (OD 1.0) in MilliQ water was filtered through
cellulose acetate membrane filters (pore diameter 0.45 pum, Advantec) under vacuum (100
mm Hg below atmospheric pressure) using a GEM 8890 vacuum pump (Welch).®%"!-72
The filters were attached to glass slides (75 mm X 50 mm) using dental wax (Electron
Microscopy Sciences) to ensure that the surface remained flat. The contact angles for
three liquids (MilliQ water, ethylene glycol, and diiodomethane) were measured on the
lawns using a Dataphysics OCA 15EC goniometer. The surface energy of the M.
hydrocarbonoclasticus bacteria, 23 £ 1 mN m’!, was calculated from inbuilt software
using the method of Wu.”>™ Contact angles and surface energy data are provided in

Table 2.3.

Table 2.1. Zeta potential of M. hydrocarbonoclasticus in DI water, determined from
three independent bacterial cultures.
Culture ¢ [mV]

1 -49 £ 2
2 42 £3
3 45+ 1
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Table 2.2. Zeta potential of bacteria suspensions in DI water at various surfactant
concentrations. Error within each sample indicates the standard deviation in
measurement in a single culture. The low value of the zeta potential at [CTAB] =
1.00 CMC is a signal of the reduced viability of the cells under these conditions.

C [CMC(] Zeta potential [mV]

DOSS CTAB Tween 20
0.00 -50+3
0.01 -54+2 -54+£2 -55+2
0.10 47 +1 51+£2 -55+2
1.00 50+ 1 23+2 -52+2

Table 2.3. Static water contact angle and surface energy of M. hydrocarbonoclasticus.
Each sample is from an independent bacteria lawn prepared from an independent
culture. Errors reported for each sample indicate the standard deviation of the
contact angle measurements for five different sessile drops on each lawn.

Culture W [] DIM [°] EG[°] SE[mN m7] ¢ [mV]

1 88 £2 90=+3 98+5 22 -49 £ 2
2 85+2 87+ 1 93 +1 24 42 +£3
3 85+2 83+2 103 £3 22 -45 £+ 1

2.2.8 Interfacial tension

To determine the interfacial tension as a function of surfactant concentration,
solutions of the various surfactants (DOSS, DCHSS, DBSS, CTAB, Tween 20) were
prepared in 5 g L'! NaCl in MilliQ water. Approximately 3 mL of surfactant solution was
taken into a cuvette. Dodecane was dispensed through a U-shaped needle into a surfactant
solution-filled cuvette and a video (25 fps) was captured of the drop shape using a
Dataphysics OCA15EC goniometer. At least three replicates were examined for each
concentration. The interfacial tension was determined from the radius of curvature of the
drop using the Young-Laplace equation.”>’® CMC of DOSS in SSW was determined

using this method (Figure 2.3).
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Figure 2.3. Interfacial tension ¢ between dodecane and water as a function of surfactant
concentration in synthetic seawater for determination of the critical of the critical
micelle concentration (CMC) for DOSS. The crossover between the two different
regimes determine the CMC.

2.2.9 Determination of the critical micelle concentration (CMC) using fluorescence

method

Surfactant solutions at various concentrations were prepared in MilliQ water with
5 g L't NaCl. Nile red (excitation/emission maxima ~552/636 nm, Sigma-Aldrich) was
added to each surfactant solution at a concentration of 0.1 mg mL™! and each solution was
vigorously vortexed for 5 — 10 minutes to solubilize the dye with micelles present in the
solution.”” The solution was vortexed for 1 minute every hour. After 3 hours, 200 uL of
each solution were pipetted into a 96-well plate (Nunc MicroWell 96-Well Optical-
Bottom Plates with Polymer Base) and the fluorescence intensities were measured using a
SpectraMax Gemini EM Microplate Spectrofluorometer. The intersection of the lines fit
to the fluorescence intensity at low and at high surfactant concentration yielded the CMC

value of the surfactant in presence of 5 g L' NaCl in water (Figure 2.4).

17



3000 =

2000

1000

1208
900 -
600 -
300 -

4000 ©
3000
2000
1000

Fluorescence intensity [a.u.]

400 +(d) -
300} cMC ]
00| :
ol :

100107 i0° 107
Concentration [ppm]
Figure 2.4. Fluorescence intensity as a function of surfactant concentration in 5 g L™!
NaCl, for determination of the critical micelle concentration (CMC) using the

fluorescence method. (a) DCHSS, (b) DOSS, (c) CTAB, and (d) Tween 20. The
crossover between the two different regimes determines the CMC.

2.2.10 Imaging of cells near dodecane-water interfaces

For imaging experiments, cells were harvested at late exponential phase. For
fluorescence imaging, 140 uL of the cell suspension were mixed with 860 pL of saline
solution (10 g L' NaCl) or 860 pL of synthetic sea water (g L™!, in distilled water : Tris
(hydroxymethyl amino methane), 12.1 ; KCI, 0.75; CaCla, 1.5 ; NH4Cl, 3.47 ; MgSOas.

7H20, 6.16 ; MgCl> . 6H20, 5.08; NaCl, 11.7, pH 7.5 with 10 M HCI. 2 mL and 4 mL of
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aqueous solutions of iron sulfate (0.1% w/v) and sodium phosphate (10%, w/v),
respectively, were added to SSW immediately before use.) containing the fluorescent
stain SYTO9 (1 pL per 1 mL of cell suspension) and incubated at room temperature in
the dark for 5 — 10 minutes. 200 pL of the dodecane/water emulsion was added into a 1.5
mL Eppendorf tube containing 200 puL of the stained cell suspension. Importantly, to
preserve the droplet size the resultant oil/water emulsion was not strongly mixed. 6.5 uLL
of this suspension, which had a final NaCl concentration of 5 g L!, was injected into a
glass microfluidic channel and both ends of the channel were sealed with vacuum grease.
Experiments were run in the limit of very low concentration of emulsion droplets

(volume fraction ¢ = 0.003 — 0.01), so that the bacteria were at excess.

Bacteria were imaged in 3-D over time as they attached to the oil/water interface
using a VT-Infinity (Visitech, Sunderland, UK) confocal microscope. The confocal
scanhead was mounted on an inverted microscope (Leica Microsystems DM4000)
equipped with a 40x oil-immersion lens (HCX PL APO, NA 1.25 — 0.75). An excitation
wavelength of 488 nm was used to excite the SYTQO9 stain. To generate a 3-D image
stack, we acquired sequential 2-D images over 40, 60, 70, and 80 pm (spacing Az = 0.31
um) for oil droplets of diameter 20, 40, 50, or 60 um, respectively. 3-D stacks were
acquired at times t = 5, 15, 30, 60, 90, 120, 150, and 180 min after the cell suspension
was added to the emulsion and loaded into the capillary. Each experiment was

reproduced with at least three independent cultures.

To assess the long-time adhesion of bacteria to oil/water interfaces as a function
of the surfactant concentration, emulsions containing dodecane droplets of diameter 20 or
50 wum were added into cell suspensions and loaded into capillaries. The loaded
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capillaries were incubated at room temperature in dark for at least 90 minutes to reach
equilibrium (as determined from the time experiments), and z-stack images were acquired
for three different droplets in each sample. This experiment was replicated three times at
each surfactant concentration for droplets of diameter 20 um and 50 pum for DOSS (2, 6,
20, 60, and 180 ppm), DBSS (670 and 67,000 ppm), DCHSS (145 and 14,500 ppm),
CTAB (1, 2, 5, 15, and 40 ppm), and Tween 20 (1, 2, 7, 22, and 74 ppm). The centroid
and orientation of each cell near the oil/water interface were determined using a
MATLAB algorithm based on least-square fitting of backbone of cells in 3D.”®” We
counted only those cells on the lower hemisphere of the drop to avoid any noisy data
associated with cells interacting with the top surface of the microcapillary channel. We
confirmed that bacteria in all experiments except CTAB at 1.0 CMC remained viable by

streaking post-experiment cells onto agar plates and observing growth.

2.3 Results and Discussion

2.3.1 Monodisperse emulsion droplets using microfluidics

We generate monodisperse emulsions of dodecane in DI water using a co-flow
capillary microfluidic device (Figure 2.2(a)). The device is operated in the jetting regime,
in which a thin jet of liquid is formed at the inner capillary tip and is eventually broken
into droplets by the Rayleigh — Plateau instability.**8! The jet diameter and the droplet
diameter depend on the viscous drag of outer fluid, which can be varied through the flow
rate of the outer fluid. We thus tune the diameter of dodecane droplets from 20 pm to 300

um in water by varying the outer fluid flow rate from 500 to 3000 pL min (Figure

20



2.2(b)). These droplet diameters are typical of those measured in the presence of

dispersants in the Deepwater Horizon Spill in 2010.%?

The droplet diameter Dq4, normalized by the diameter of the outer capillary (D.) at
the location of the tip of the inner capillary tip (diameter Di), increases as a power law
with the ratio of the inner and outer fluid flow rates (Q;/Q,) with slope ~ 0.5 (Figure
2.2(c)). The normalized drop diameter changes with the normalized flow rate as predicted
for the jetting regime,®’

Qi _ mo x* 2x?2

+ Ty 2.1)

Q@  m (-x2)?
where x = D4/D., Q; and Q, are the fluid flow rates of the inner and outer fluids, and #;
and 7, are the viscosities of the inner and outer fluids. This equation was derived in ref 34
by solving the Navier-Stokes equations assuming no-slip boundary conditions, a
continuous shear stress at the interface, and an interfacial pressure difference given by the
Laplace equation. The power-law behavior arises in our experiments because the first

term on the right-hand side of eq 2.1 is negligible and 1 — x? =~ 1.

2.3.2 Time dependent adsorption of bacteria at interfaces

Confocal imaging reveals that the adhesion of M. hydrocarbonoclasticus bacteria to
DOSS-stabilized dodecane droplets (in solutions of final salt concentration 5 g L' NaCl)
depends on droplet size and time (Figure 2.5). Using tracking algorithms, we quantify the
number of bacteria on the interface of dodecane droplets of diameter 20, 40, and 60 um.
For all droplet sizes, the number of M. hydrocarbonoclasticus bacteria adhered at a
dodecane/water interface initially increases with time and then saturates on longer time

scales (Figure 2.6(a)). No significant change in the number of adhered cells is observed
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after 3 hours. Because M. hydrocarbonoclasticus bacteria are not motile under these
experimental conditions, the transport of cells to the interface is driven by diffusion; on
long time scales cells become depleted near the oil/water interface, leading to a plateau in

adsorption.

Figure 2.5. 2-D projections of 3-D confocal micrographs of bacteria adhering at
dodecane/water interfaces for droplets of diameter 20, 40, and 60 pm at 5, 30,
and 180 min after inoculation of bacteria into the o/w emulsion. Scale bar is 20
um. In all experiments DOSS (18 ppm final concentration) is added to the
aqueous phase to stabilize the dodecane droplets in saline solution (final salt
concentration 5 g L' NaCl).
This scenario suggests that the number of bacteria on the dodecane/water
interface at time t, N(t), can be modeled using a Langmuir first-order kinetics model,3* %3
N(t) = Noo - (Noo - NO)e_t/T (22)
where N, and N,, are the number of cells that initially (at the earliest time point, as soon
as possible after bacteria are inoculated into the oil/water emulsion) and finally (as t =

o) adhere, respectively, and 7 is the characteristic time for the interface to saturate. The

time constants 7 extracted from fits to eq 2.2 increase linearly with droplet diameter,
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indicating that bacteria adhere more rapidly to smaller droplets (Figure 2.6(b)). This
linear dependence on droplet diameter is consistent with a kinetic model for the time

required, in irreversible Langmuir adsorption, to reach a fractional coverage within a

RKysInh
D(14+KCy)?’

factor 4 of the equilibrium value on a sphere,®* t,, = —
where K is an affinity constant, R is the radius of the droplet, D is diffusivity of cells, C,
is cell concentration, and y, is the number of adsorption sites per unit surface area. The
applicability of this model requires that bacteria are in excess, that the droplet is
homogenous, and that K and y are constant across the different drop sizes, which are
reasonable assumptions for our experiments.

The good fit of the data to eq. 1 confirms that the dynamics of adhesion for non-
motile bacteria obey first-order Langmuir kinetics. The value of N, increases with the
droplet radius, as expected because the droplet surface area also increases. We therefore
normalize by the droplet hemisphere surface area to obtain the interfacial areal density of
bacteria p,(t) = N(t)/ 2mR?. The areal density is greatest for the smallest 20 pum
droplets but is constant (within measurement error) for the two larger droplets (Figure
2.6¢). This result suggests that decreasing the oil drop size may provide at least two
mechanisms to increase accessibility to bacteria: by increasing the surface area per
volume available for adhesion, and by enhancing cell adhesion on smaller droplets.

Similarly, volumetric density, number of cells normalized with the volume of the droplet,

is the highest for the smallest droplets (Figure 2.7).
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Figure 2.6. (a) Number of bacteria at the dodecane/water interface N(t) as a function of
time for droplets of diameter 20, 40, and 60 um. (b) Number of cells per unit
surface area ps (t) as a function of time for 20, 40, and 60 um dodecane droplets.
In all experiments DOSS (18 ppm final concentration) is added to the aqueous
phase to stabilize the dodecane droplets in saline solution (final salt concentration
5 g L' NaCl). Error bars represent standard deviation from three independent
cultures. Dashed lines in (a,b) represent fits to the first-order Langmuir kinetics
model (eq. 1).
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Figure 2.7. Number of bacteria at the dodecane/water interface normalized by the
volume of the droplet pv(t) as a function of time for varying drop sizes. Error bars
represent standard deviation from three independent cultures.

We next examine the orientation of bacteria on the oil/water interface, defined as

the angle between the bacterial body and the local surface normal. For all droplet sizes,

the majority of adherent cells are oriented at an angle > 60° to the surface normal (Figure

2.8) and align roughly parallel to the interface. The parallel orientation of the cells

provides one route to minimize the energy cost due to interfacial tension.’’% A
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significant fraction of cells, however, orient at lower angles with respect to the surface
normal. Although bacteria with relatively hydrophobic surface regions can uniformly
orient perpendicular to fluid/fluid interfaces,® the distribution of orientations suggests

contributions from additional factors.

% of cells

0
0 10 20 30 40 50 60 70 80 90 O 10 20 30 40 50 60 70 80 90 0 10 20 30 40 50 60 70 80 90
Orientation angle (°) Orientation angle (°) Orientation angle (°)

Figure 2.8. (a—c) Representative 3-D renderings of the location and orientation of
bacteria around dodecane droplets in saline solution (final salt concentration
5 g L' NaCl) of diameter (a) 20, (b) 40, and (c) 60 um. (d—f) Distribution of the
orientation angle y at which bacteria adhere to the interface for dodecane
droplets of diameter (d) 20, (e) 40, and (f) 60 um. y is defined by the angle
between the cell backbone and the normal on the droplet that passes through the
cell centroid, as indicated in the inset to Figure 2.8(d).

2.3.3 Thermodynamic analysis: energy cost for bacterial adhesion to oil/water

interfaces

In the following equations,” the total surface area of bacteria is Aj; the surface
area of bacteria in the oil phase is Aj,; the area of oil/water interface removed by the
adsorbed bacterium is A4,,,; the area of the oil/water interface before adhesion is Ag; and
the bacteria-water, bacteria-oil, and oil-water interfacial tensions are oy, 03,, and g,,,,

respectively. The energy of the system before adhesion is given by,
Ei = Abo-bw + ASO-OW' (23)
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and the energy of the system after adhesion is given by,
Et = (Ap — Apo)Opw + ApoOpo + (As — Aow)Tow- (2.4)
Thus, the energy cost of adhesion is given by,
AE = E;— E, (2.5)

which leads to,
AE = (Ab - Abo)abw + Aboabo + (As - Aow)aow - Ababw - Asaow' (2-6)

of,
AE = Abo(abo - O-bw) — AowOow- (2.7)

From the Young — Laplace equation, the relationship between the three interfacial
tensions and the wetting angle at the three phase line between the oil, water and

bacterium is given by,
Opo = Opw + Ooy COS O,.. (2.8)
From equation (2.7) and (2.8), the thermodynamic cost of adhesion can be written as,
AE = —a,,, (A, — Ap, cOSB,) 2.9)
where 6, is the water contact angle in oil of the adsorbed bacterium (Figure 2.9).%%!

We note that these equations are derived for a planar interface. It has been
suggested? that they remain valid for curved interfaces so long as the particle radius is
much smaller than the emulsion droplet radius; this assumption holds for our study,

where the diameter of the oil droplets (minimum 20 pum) is at least a factor of six greater

than the bacterium length (2 — 3 um). Because the bacterium is curved A,, > A,w,
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which sets a lower limit on the contact angle required for the bacterium to adhere to the

oil.

Here, we assume that the only change that occurs upon addition of surfactants is a
decrease in the oil/water interfacial tension (g,,,). Chemically isotropic but geometrically

9293 or cylinders,’* typically align along

anisotropic colloidal particles, such as ellipsoids
an interface and thereby maximize the oil/water interfacial area displaced by the particles.
The fact that many bacteria do not orient parallel to the interface suggests that the
assumptions underlying the thermodynamic model do not all hold. Indeed, particles with

9396 surface heterogeneity can exhibit a broad distribution of

chemical and/or topographic
contact angles’’ and adsorb in metastable configurations.”®'°! While our results suggest

that bacteria preferentially adsorb in the thermodynamically-favored configuration, the

broad distribution of orientations likely reflects their surface heterogeneity.

(a) before adhesion
water

(b) after adhesion
water water

%o ail oil

Figure 2.9. Schematic illustration of bacteria adsorbed (a) before adhesion in water and
(b) after adhesion for planar or tilted orientations at an oil/water interface.
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2.3.4. Effect of surfactant chemistry and concentration on adhesion of bacteria at
dodecane/water interface

The adhesion dynamics reported in Figure 2.6 follow first-order Langmuir
kinetics, with the extent of adhesion differing between the smallest and the larger drops.
We next examine the equilibrium adhesion of M. hydrocarbonoclasticus bacteria on
curved dodecane/water interfaces. For a series of three commercially-available anionic
sodium sulfosuccinates [dibutyl sodium sulfosuccinate (C-4, DBSS), dicyclohexyl
sodium sulfosuccinate (cyclo C-6, DCHSS), and DOSS (C-8)], we quantify the number
of cells adhered on long time scales to surfactant-decorated dodecane/water interfaces at
low (C/CMC = 0.01) and high (C/CMC = 1) surfactant concentrations, where CMC
indicates the critical micelle concentration determined through fluorimetry (data not
shown). The areal density of bacteria on the dodecane/water interface of a 20 um droplet
stabilized by each of the three sulfosuccinates is the same within experimental error

(Figure 2.10(a)).
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Figure 2.10. Areal density ps of cells adhering at the dodecane/water (closed) or
dodecane/synthetic sea water (open) interface as a function of normalized
surfactant concentration C/cmc for drops of diameter (a) 20 or (b) 50 um. Error
bars represent the standard deviation calculated from three independent cultures.
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Next, we quantify the packing efficiency via the surface excess I', defined as the
number of moles of surfactant molecules per unit interfacial area, and the surface area
occupied by a surfactant molecule.!®*!% The surface excess is calculated at the CMC

from the dependence of the IFT on the surfactant concentration (Figure 2.11) via

r =~ Gy, @.10

where o is the IFT of dodecane/water, C is the surfactant concentration, R is the gas

constant, T is the temperature, and n = 1 when electrolyte is present. We assume that the

surfactant activity coefficient is equal to one. The surface coverage per surfactant

molecule is then given by 4, = ﬁ The interfacial tension o initially decreases sharply
A

with an increase in the surfactant concentration, as more surfactant molecules adsorb at
the dodecane/water interface; above the critical micelle concentration (CMC), the
interfacial tension decreases slowly as the surfactant concentration is further increased
(Figure 2.11). For a similar normalized surfactant concentration, o for DCHSS is much
higher than that of DOSS. Furthermore, ¢ for DOSS falls to near-zero at its CMC but
remains finite up to (at least) 3CMC for DCHSS. The surface area per DOSS molecule
(A,) 78 £ 2 A2, is in good agreement with literature values'?’ and is larger than that for
DCHSS, 54 + 2 A? (Table 2.4). Because the areal density of bacteria is identical for the
three sodium sulfosuccinates, despite distinct values of the interfacial tension and surface
area per molecule, we conclude that the electrostatic repulsion of the negatively-charged
bacteria from the negatively-charged surfactants affects bacterial adhesion to these

surfactant-decorated dodecane/water interfaces. Moreover, this effect is likely partly
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kinetic (i.e., through the double-layer force) because adhesion cannot be predicted solely

from the interfacial tension (i.e., thermodynamics).
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Figure 2.11. Interfacial tension o between dodecane and water containing 5 g L' sodium
chloride in the presence of various surfactants.

Table 2.4. Surface coverage per molecule at CMC of different surfactants.

Surfactant I' [10 -° mole m?] A, [A?]
DOSS 2.12+0.05 78 £2
Tween 20 2.34+0.09 71+3
CTAB 2.74+0.24 61+5
DCHSS 3.26 £0.07 54+2

We next compare results on bacterial adhesion from DOSS to those obtained for
two other common surfactants used in bacterial studies,'” non-ionic Tween 20 and
cationic CTAB. The areal density of bacteria on the oil/water interface decreases for each
surfactant as its concentration is increased (Figure 2.10). This trend holds both for larger
50 pum droplets, for which the final number of adhered bacteria scales with the interfacial
surface area, and for small 20 um droplets, which exhibit anomalously high adhesion.
The areal densities (and hence number) of bacteria adhered to drops stabilized by CTAB
and by Tween 20 are similar for a given droplet diameter, and are larger than the number

of bacteria adhered to DOSS-decorated dodecane/water interfaces near CMC.
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We again compare the IFT of surfactant-decorated dodecane/water interfaces and
the surface area per molecule as a function of surfactant concentration. The high-
concentration values of ¢ are markedly different for CTAB and Tween 20 compared to
DOSS: o for CTAB and Tween 20 remains nonzero even at surfactant concentrations of
up to 180 ppm, whereas o for DOSS decreases to near zero at its CMC value. Indeed, the
areal density of bacteria adhering at droplet interfaces decreases concomitant with o for
all surfactants (Figure 2.12). These results are consistent with earlier studies reporting a
decrease in adhesion of bacteria on solid surfaces as the surface tension is
decreased,’”1%%19 gych that the free energy of adhesion becomes less negative.’!!® For
50 um droplets, the areal density of adhered bacteria nearly collapses onto a universal
curve with o for DOSS, CTAB, and Tween 20; for 20 um droplets, however, the number
of bacteria does not cleanly collapse with o. This result, like that in Figure 2.6, is

consistent with droplet-size-dependent adhesion of bacteria.
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Figure 2.12. Areal density ps of bacteria at the dodecane/water (closed) or
dodecane/synthetic sea water (open) interface as a function of the IFT o for
droplet diameters of (a) 20 or (b) 50 um. Error bars represent the standard
deviation from three independent bacteria cultures.
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Finally, we compare the surface excess and surface area per molecule for the
different surfactants. DOSS has the highest surface area per molecule of the four
surfactants examined; the surface area per molecule increases in the order DCHSS <
CTAB < Tween 20 < DOSS. The high surface area per molecule of DOSS is due to its
two branched linear chains, which increases its emulsification efficiency.!”!'! The
efficiency of coverage is further enhanced due to counterions in solution that occupy the
space between the head groups.!!' At the CMC, however, bacterial adhesion onto a 20
um droplet increases in the order DCHSS = DOSS < CTAB = Tween 20, indicating that
the surface area of the surfactant molecule does not strongly affect bacterial adhesion.

Together, the results presented in Figures 2.10 — 2.12 suggest that both interfacial
tension and electrostatic interactions affect the adhesion of M. hydrocarbonoclasticus to
dodecane/water interfaces in saline solution. The areal density of bacteria on 50 pm
droplets increases with interfacial tension across the range of surfactants test (Figure
2.12(b)). Pronounced differences between the areal densities on smaller 20 pm droplets
stabilized by various surfactants, however, indicate that non-thermodynamic factors also
contribute to adhesion. To understand the origin of these differences, we measured the
zeta potential of surfactant-stabilized emulsions (DOSS, CTAB, Tween 20) containing
droplets of 20 or 50 um. The magnitude of the zeta potential was greater for the smaller
20 um droplets than for the 50 um droplets (Table 2.5), consistent with (albeit not proof
positive) of an enhanced role for electrostatic interactions in the adhesion of bacteria to
these droplets. Likewise, comparison of adhesion on DCHSS- and CTAB-decorated 20
um droplets suggests contributions from electrostatics. The interfacial tension of droplets

stabilized by 1 CMC DCHSS [14500 ppm] and 1 CMC CTAB [35 ppm] are similar, as
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are the surface areas per molecule (Table 2.4), but significantly fewer (negatively-
charged) bacteria adhere to the anionic, DCHSS-stabilized dodecane/water interface than
to the cationic CTAB-stabilized dodecane/water interface.

Table 2.5. Zeta potential of uniform emulsion droplets of 20 and 50 pm in MilliQ water

for various surfactants at three concentrations. Errors are the standard deviation
of 10 runs obtained from measurements on a single sample.

C [CMC(] DOSS CTAB Tween 20

20 pm 50 pm 20 pm 50 pm 20 pm 50 pm
0.01 -719+£2  -59+5 70+£2 35+4 -12+1 7+1
0.1 -77+£3 -68+3 77 +2 54+7 21+1 21+1
1.0 -118+2 -100+£4 95+3 76 +3 33+1 -55+1

2.4 Conclusion

We examined the effect of droplet size and surfactant type and concentration on
bacterial adhesion at dodecane/water interfaces. Bacteria adhere in slightly greatly areal
densities on small droplets of diameter 20 um, and reach equilibrium coverage more
slowly as the droplet size is increased. Bacteria preferentially align parallel to the local
oil/water interface, in agreement with expectations from thermodynamics to maximize
the displaced interfacial area, but the distribution of angular orientations suggest that
bacteria can become kinetically trapped in non-equilibrium orientations. At equilibrium,
bacteria adhere more to droplets stabilized by lower concentrations of surfactants. This
result is consistent with an increase in the free energy of adhesion due to the decrease in
the oil/water interfacial tension (neglecting any changes in bacteria/oil or bacteria/water
interfacial tensions). Comparison of adhesion to droplets of various sizes decorated by
different surfactants suggests that electrostatics also play a role in determining the

number of adhered bacteria, especially for smaller 20 um droplets.
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Overall, these results indicate that surfactants may have contrasting effects on
bacterial adhesion to dodecane/water interfaces: for a constant volume of emulsified oil,
increasing the surfactant concentration increases the surface area available for bacteria to
adhere, but lowers bacterial adhesion energy due to the decrease in interfacial tension.
Furthermore, the surface density of adhered bacteria and its dependence on the interfacial
tension are different for the smallest 20 um droplets, consistent with an additional role for
electrostatics. These effects should be considered for optimal (i.e., minimal) application
of surfactants or dispersants early in an oil spill scenario. On longer time scales, however,
oil-metabolizing bacteria may be able to grow on the oil/water interface!'? and further
modify the interfacial tension, further complicating predictions of the extent of
biodegradation by oil-metabolizing bacteria. In addition, some strains of M.
hydrocarbonoclasticus are able to produce biosurfactants that likely aid attachment to the
oil/water interface.!'® Finally, the adhesion of non-motile bacteria to a dodecane/water
interface under quiescent conditions studied here represents a simplification of conditions
encountered during marine biodegradation: crude oil contains a mixture of aromatic and
non-aromatic hydrocarbons; other hydrocarbon-degrading species involved in
biodegradation are motile; and even gentle flow alters the behavior of microorganisms.!''
Both flow and motility are likely to modify the interactions of bacteria as they become
confined near oil/water interfaces.!!> Very recent experiments suggest that bacterial
attachment may be quite different in clean environmental conditions (featuring dissolved
organic carbon) and in an oil spill scenario (featuring only hydrocarbons as the carbon

source).!® Future studies examining the effects of growth, bacterial exudates, motility,

34



flow, and organic matter on interfacial adhesion are expected to provide additional
insight into the processes influencing biodegradation.

The results reported here have broader implications for technological processes in
which bacteria interact with oil/water interfaces. Microfluidically-produced droplets of
water in oil, as one example, are increasingly used as controlled microscale reactors for
pathogen detection, antibiotic susceptibility, and biotechnological selection, among other
emerging applications.!!® Likewise, interactions with hydrocarbon/water interfaces are
important for treatment of wastewater.!!” The methods applied here to hydrocarbon-
degrading bacteria can be used to optimize and tune the interactions of other bacteria

strains with interfaces in these technologically relevant settings.
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Chapter 3: Rotating oil droplets driven by motile bacteria at interfaces
3.1 Introduction

Active fluids''® that contain biological motors'!®~1%

offer an intriguing route to
actuation on the microscale. As one example, bacteria convert chemical energy into
mechanical energy.'>® Numerous and diverse in species, they are inexpensive biological
power sources. Using bacteria to rotate microscopic gears, as mixers or propellers,'?* or

125-127

transport particles, for drug delivery, requires fundamental understanding of how

bacterial motility couples to object motion.

Small numbers of adherent bacteria can rotate and/or translate solid objects of size of
order 10—100 pm, up to one hundred times greater than their body dimensions and up to
one million times greater in mass.'”®"13° The speed and persistence of motion in such
systems, however, are often limited by the lack of coherence in the orientation of cells
and their flagella.!?®!3 These limitations can be overcome by coupling the motion of
collectively moving bacteria to asymmetric rotors, which break symmetry to provide a
consistent ~ direction of rotation.!*"'** Swimming Escherichia  coli bacteria  at
concentrations of order 10'° bacteria mL™! produced a maximum angular speed of 4
rpm,'3® and swarming dense Vibrio alginolyticus bacteria produced a maximum angular
speed of 7 rpm.!*® Carefully-designed 3-D microrotors, designed to capture up to 15
swimming cells within microchambers at the rotor edge, rotated at speeds of up to 20
rpm.'* Rotors in these examples, however, were required to be chiral to exploit the

breaking of detailed balance in active baths'#!

and generate directional motion.
By contrast, the use of active fluids to move non-rigid liquid droplets, for which

surface tension imposes a spherically symmetric shape, remains understudied. It is well
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established that emulsions can be made to move through addition of surfactants, which
generate interfacial Marangoni stresses that drive self-sustaining motion.'**>2 Symmetry
is broken through the spatial gradient of surfactants on the droplet
surface.!*>!47 Rotational torque can be generated by coupling the surfactant-induced
surface flows to nematic order in a confined liquid crystal.!>® Fewer studies, however,
have investigated droplet motion driven by active fluids. Molecular motors confined with
microtubules inside droplets can generate internal vortex formation.!>* Likewise, bacteria
confined within droplets can generate internal vortices.'>> These studies do not directly
investigate motion of the drop itself. Bundles of active microtubules that adsorb to the
internal oil-water interface can drive droplet translation.!?! Nonetheless, examples of
droplet motion driven by external active fluids, including bacteria, remain infrequent.
Here, we show that active, adherent flagellated bacteria can drive rotation of spherical
liquid droplets near a liquid—solid interface. We characterize adhesion of bacteria using
confocal microscopy and analyze droplet motion using brightfield microscopy and
particle tracking. Symmetry-breaking hydrodynamic interactions of bacteria with the
nearby liquid—solid interface lead to clockwise rotation of the droplets when viewed from
the liquid side. The rotation rate scales approximately inversely with the droplet radius,
consistent with a physical picture in which bacteria randomly attached at the droplet
surface drive the rotation. The speed of rotation can be tuned by changing the number of
adherent bacteria, through variations in cell concentration, bacterial species, or surfactant
concentration. By showing how active bacteria can be used to drive the directional
rotation of non-chiral, spherically symmetric droplets, this study opens a route to

manipulate fluid droplets in an active bath.
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3.2 Materials and methods
3.2.1 Chemicals
Dodecane (>99%, Sigma-Aldrich), hexadecane (>99%, Sigma-Aldrich), 1 pum

FluoSpheres sulfate microspheres (ThermoFisher), potassium nitrate (>99%, EMD),
Zobell marine broth 2216 (HiMedia Lab), sodium pyruvate (Amresco), SYTO9
(ThermoFisher), ethylene glycol (Sigma-Aldrich), and diiodomethane (Sigma-Aldrich)
were used as received.
3.2.2 Bacteria strains

We used two motile bacteria isolated from the Gulf of Mexico during the Deepwater
Horizon oil spill, obtained from Dr Romy Chakraborty and Dr Gary Anderson (Lawrence
Berkeley National Laboratory) via Dr Douglas Bartlett (Scripps Institute of
Oceanography, UCSD). Bead 10BA (isolated from 1509 m) is related to Halomonas
titanicae. H. titanicae is a moderately halophilic, Gram-negative marine bacterium. These
bacteria are rod-shaped, roughly 0.5 — 0.8 um in diameter and 1.5 — 6 pm in length, and

swim using their peritrichous flagella.!*

Bead B37B (isolated from 150 m) is related to Shewanella haliotis strain DWOL1. S.
haliotis 1s Gram-negative, rod-shaped, and 0.5 — 0.7 um in diameter and 2.0 — 4.3 um in
length.'>” Shewanella species typically swim using a single polar flagellum.!>%!> The
two Gulf bacteria are hereafter referred to by their closest species name.

In addition to the Gulf isolates, we also examined one model motile
bacterium. Escherichia coli MC1061, provided by Dr Patrick Cirino (University of
Houston), is Gram-negative, rod-shaped, and 0.7 — 0.9 um in diameter and 2.0 — 3.0 um
in length and swims by bundling its peritrichous flagella.
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3.2.3 Growth conditions

H. titanicae and S. haliotis were streaked from a frozen stock on a marine agar
plate (37.4 g L™ marine broth, 10 g L™! sodium pyruvate, 15 g L™! agar) and incubated at
30 °C for 40 h. A single colony selected from these plates was inoculated into 20 mL of
culture medium (37.4 g L™! marine broth and 10 g L™! pyruvate) and incubated for 20 h in
an orbital incubator shaker (New Brunswick Scientific) at 200 rpm and 30 °C. Finally, a
subculture was prepared by inoculating 60 pL of the principal culture into 20 mL of
culture medium and grown to late exponential phase in an orbital incubator shaker at 30
°C and 200 rpm for 20 h. E. coli was streaked on a Luria-Bertani agar plate and cultured

in Luria-Bertani medium at 37 °C and 250 rpm for 12 h.

3.2.4 Preparation of glass capillaries for imaging

Thin rectangular borosilicate capillaries (0.1 mm height, 1 mm width, 50 mm
length, 0.07 mm wall thickness, Vitrocom) were used as sample chambers in imaging
experiments. To minimize adhesion of bacteria and prevent wetting of oil drops, the
capillaries were made hydrophilic by plasma treatment (Harrick plasma cleaner PDC-
32@G) using oxygen plasma for 2 minutes. The plasma-treated surface was fully wetted by
water when the water contact angle was measured using a DataPhysics OCA 15EC
contact angle goniometer. This hydrophilic surface prevented adhesion of cells and
droplets on the inner surface of the glass capillary. The plasma-treated capillaries were
immediately filled with the droplet-cell suspension for imaging to minimize any change

in surface hydrophilicity during the experiment.

39



3.2.5 Zeta potential and surface energy

Cells were grown to late exponential phase for surface characterization. 20 mL of each
bacteria suspension was centrifuged at 5000g for 10 minutes in a Sorvall ST 16
Centrifuge (Thermo Fisher Scientific). The resultant pellet was resuspended in 20 mL
MilliQ water and centrifuged again. The process was repeated one more time and the
final pellet was resuspended in MilliQ water. The final optical density at 600 nm
(ODegoonm) was adjusted to 0.04 (Laxco DSM-Micro Cell Density Meter) with MilliQ

water.>’

The zeta potentials of the bacteria suspensions and particle suspension were measured
using a Nicomp 380 {-potential analyzer (Table 3.1). For measurements of the surface
energy, the bacteria suspension (OD 1.0 in MilliQ water) was filtered through cellulose
acetate membrane filters (pore diameter 0.45 pum, Advantec) under vacuum at 100 mm
Hg below atmospheric pressure using a GEM 8890 vacuum pump (Welch).”> The contact
angles for three liquids (MilliQ water, ethylene glycol and diiodomethane) were
measured on the lawns using a Dataphysics OCA 15EC goniometer. The surface energy
of the bacteria was calculated from inbuilt software using the method of Wu.”>’* Contact
angle and surface energy data are provided in Table 3.2.

Table 3.1. Zeta potential of PS particles and different bacteria strains used in this study.
Standard deviations are calculated based on three different samples.

Sample Mobility Zeta potential [mV]
[m.u.]
Sulfate-modified PS -3.0+0.1 -39+2
particles
Halomonas titanicae -3.6+0.3 46+ 3
Shewanella haliotis 27104 -34+£5
Escherichia coli -3.0+0.1 -39+ 2
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Table 3.2. Contact angle and surface energy of bacteria. Standard deviations are
calculated based on at least two bacteria lawns. The surface energy of bacteria
lawn is calculated from method of Wu.

Bacteria species Water [°] DM [°] EG[°] SE[mN m’']
Halomonas titanicae 23 +4 575 29+4 64+1
Shewanella haliotis 14+£2 45+ 4 26+ 4 66+ 1

Escherichia coli 19+2 60+6 17+£2 66 £ 1

3.2.6 Brightfield imaging assay for drop rotation

For imaging experiments, cells were harvested at late exponential phase. 10 mL of
the cell suspension was centrifuged at 2000g for 10 min to remove the medium and the
pellet was resuspended in 10 g L™! of potassium nitrate solution prepared in MilliQ water.
Separately, emulsions of dodecane in potassium nitrate solution were made by shaking 20
uL of dodecane or hexadecane in 300 — 400 puL of KNOs solution. To these emulsions, 25
uL of PS particles (0.04% v/v) were added and the suspension shaken again. Using this
technique, we obtained drops of diameter 10 — 100 um (Figure 3.1). The PS particles
were added to aid in the determination of the angular position of the drop over time. We
selected the particle concentration such that only 1 — 4 particles attached to the
dodecane/water interface. We confirmed that the PS particles attached to the

droplet/water interface using confocal microscopy (Figure 3.2).
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Figure 3.1. Distribution of the diameter of dodecane droplets prepared by shaking 20 pL
of dodecane in 500 pL of water (10 g L' KNOs). The sample was introduced into
an imaging chamber immediately after because droplets were not stable without
added surfactant.

Figure 3.2. Micrograph of polystyrene (PS) particles attached to the dodecane-water
interface.The label in each panel indicates the distance of focal plane from the
bottom surface of the droplet. The outer aqueous phase is 10 g L' potassium
nitrate in water.

The final suspension was prepared by adding 100 — 200 pL of cell suspension to an
Eppendorf tube. Through this protocol, we generated bacterial suspensions with optical
densities of 0.3 — 3, corresponding to number concentrations of 8.1 x 10® cells mL™! to
8.1 x 10° cells mL™! for H. titanicae; optical density of 1.0, corresponding to number
concentration of 2.7 x 10°cells mL™!, for E. coli; and optical density of 0.31,
corresponding to number concentration of 2.7 x 10° cells mL™!, S. haliotis. The OD was
adjusted to obtain the same number density for comparisons between different species.
These concentrations are lower than those typically required to obtain collective

swimming (~10'° cells mL™! (ref. 105)).

42


https://pubs.rsc.org/en/content/articlehtml/2019/sm/c9sm01570a#cit21

Finally, 6.7 pL of the emulsion-bacteria suspension was injected into a glass
microfluidic channel and both ends of the channel were sealed with vacuum grease. The
droplets, whose density was lower than that of water, were preferentially located at the
top wall of the capillary, within one micron of the surface. Occasionally, a droplet
remained near the bottom surface due to an interaction with the substrate.

We used a brightfield inverted microscope (Leica Microsystems DM4000) equipped
with a 40X objective lens (HCX PL APO, NA 1.25 — 0.75) to image rotating droplets.
Images of droplets located at least 400 um away from the side walls of the capillaries, to
avoid any interference from the lateral walls, were acquired for up to ten minutes after
injection to ensure that the capillary surface remained hydrophilic throughout the
measurement; we note that droplet rotation persisted for more than two hours (Figure
3.3). Images were captured at a rate of 5 frames s ! for 60 s using a digital camera
(Olympus DP21). To analyze the drop rotation, we tracked the positions of the PS
particles attached to the droplet interface using algorithms written in Matlab. We
determined the angular speed of individual droplets from the slope of total rotation as a

function of time over at least 20 s.
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Figure 3.3. Angular speed of a 40 um dodecane droplet as a function of time. The droplet
rotated for more than 2 h, but its angular speed decreased markedly after 30 min.
The angular speed was measured for the same droplet over time and each point of
the plot is for one droplet. The optical density of cells suspension was 1.0
(2.7 x 10° cells mL!). The aqueous phase is water (10 g L' potassium nitrate)
without added surfactant.
3.2.7 Confocal imaging assay for cell adhesion
Bacterial suspensions for confocal imaging were prepared similarly to those for
the rotation assay, except that PS particles were not added and cells were stained with
SYTO9 (ThermoFisher) following our standard protocol.'®® Cells were imaged in 3-D by
acquiring sequential 2-D images separated by a vertical step Az= 0.31 pm using a VT-
Infinity (Visitech, Sunderland, UK) confocal microscope equipped with the
aforementioned 40x lens. Each image stack, containing 193 images, was merged into a
single 2-D image to obtain a visual representation of cell density on droplet surface. We

acquired five z-stacks of droplets for three independent cultures for each OD. We

enumerated the number of cells adhered on each droplet manually using ImageJ software.
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3.3 Results and discussion
3.3.1 Droplet rotation by H. titanicae

Dodecane droplets in a concentrated suspension of H. titanicae bacteria rotate
clockwise over time, as shown for a droplet of diameter 40 um located near the top
surface of the capillary in Figure 3.4(a). The optical density ODsoonm of the suspension
was 1.0, corresponding to a number density of 2.7 x 10° cells mL!. The droplet rotates
steadily over 10 s. Bacteria appear to strongly adhere to the surface of the oil droplets and
do not swim when attached, as indicated by their lack of relative rearrangement on the
interface over time. Conversely, a droplet of similar diameter does not rotate when placed
in a bacterial suspension of lower concentration (optical density ODsoonm = 0.03) (Figure
3.4(b)). We varied the concentration of bacteria across three orders of magnitude in
optical density, which also altered the cell concentration on the droplet surface (Figure
3.5), and the droplet diameter by a factor of five. Generally, droplets do not rotate when
the concentration of bacteria is below ODgoonm = 107! except for the smallest droplets
examined (Figure 3.4(c)). We therefore conclude that rotation is driven by activity of the

bacteria.
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Fig. 3.4. (a and b) Micrographs of droplets at 0, 5 and 10 s in suspensions of H. titanicae
at ODgoonm of (a) 1.0 and (b) 0.03. Arrows indicate the net rotation between
images. The scale bar is 20 um. (c) State diagram for rotation of dodecane
droplets in H. titanicae suspensions containing 10 g L™! potassium nitrate as a

function of drop diameter 2R and bacterial optical density (ODsoonm). A state
point was considered to be non-rotating if all droplets moved less than 2° in 30 s
(n > 10 droplets for each state point). Squares and triangles respectively indicate
non-rotating and rotating droplets.
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Figure 3.5. Number of cells (H. titanicae) adhered on 40 um dodecane droplets as a
function of optical density. The aqueous phase is water (10 gL' potassium nitrate)
without added surfactant. Each data point is an average for three droplets from a
single sample.

These experiments are carried out in a microchannel of height 100 pm. Although
most (low-density) oil droplets are located near the top of the microchannel, a few
droplets remain near the bottom channel surface. Droplets near each surface rotate in a
consistent direction: clockwise near the top surface and counter-clockwise near the
bottom surface, as shown for representative droplets and schematically in Figure 3.6.
This rotation is due to hydrodynamic interaction of the bacteria flagella with the solid
wall. A bacterium located above a wall swims in a clockwise direction, due to these
hydrodynamic interactions.!¢"-!6> Bacteria adhering to a droplet experience similar
hydrodynamic interactions. Because the cells are adhered to the interface, the torque
generated by their flagella is transferred to the droplets, driving the droplet to rotate in a
consistent direction. This mechanism is similar to that proposed for the directional bias in

rotation of a planar square driven by adherent bacteria'*® and of clusters of bacteria.'®?
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(a) 6 Front view (b) Bottom view

S
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Fig. 3.6. (a and b) Schematic illustrating the direction of rotation of droplets located near
the top and bottom surfaces as viewed from the (a) front and (b) bottom. (c)
Schematic illustrating the clockwise trajectory of a bacterium located near a solid
surface, viewed from above (liquid side). (d) Clockwise (left) and counter-
clockwise (right) rotation of droplets as revealed from the trajectories of PS
particles, overlaid onto micrographs of the droplets of at the start of the movie.
The scale bar is 20 um.

3.3.2 Angular speed of rotation
To characterize the effect of bacterial activity on droplet rotation, we add PS

microparticles to suspensions of H. titanicae bacteria and dodedecane droplets (20-95

um diameter) in aqueous solutions of KNOs;. The PS particles strongly adhere to the

dodecane-water interface but do not attach to the negatively-charged cells, so that their
motion can be tracked over time (Figure 3.7). We also track the motion of the droplet

centroid, which was calculated from the average position of the oil-water interface at a

given time. From the trajectory of the droplet centroid, we calculate the droplet mean-

square displacement (MSD) as a function of time (Figure 3.8). The MSD for droplets of

similar size varies markedly (Figure 3.9). This variation likely results from differences in

the interactions of droplets with the nearby wall and is not discussed further.
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Figure 3.7. (aZ; RepiZsentz:i[\s/]e trajectories of PS particles adhered on the surface of
dodecane droplets of diameter 29, 41, 60, or 70 pum suspended in 10 g
L ! potassium nitrate in water. Color indicates time; the underlaid circles indicate
the initial position and diameter 2R of droplets. (b) Net rotation of droplets shown
in (a) as a function of time. The corresponding speed of rotation, in rotations per

minute (rpm), is provided in the inset. The ODgsoonm 0f the cell suspension prior to

mixing of the oil droplets was 1.0.
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Figure 3.8. Mean-square displacement (MSD) of the droplet centroid as a function of
time or droplets of diameter (a) 30 = 1 um, (b) 40 £ 1 um, (¢) 60 £ 1 pm, and (d)
70 £ 1 pm.
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Figure 3.9. Mean-square displacement (MSD) as a function of angular speed (a and b)
and optical densities (c) for droplets of diameter (a) 40 um, (b) 65 um, and (c) 30
pm.

The angular displacement of droplets increases linearly with time (Figure 3.7(b)). We
extract the angular speed w from a linear fit of the angular displacement as a function of
time. The maximum speed of rotation observed here, 7.5 rpm for 20 pm diameter
droplets, is comparable to speeds measured for microscale objects rotated by free-
swimming, trapped, or adherent bacteria. For example, collectively-swimming bacteria
drove rotation of a hexagonal microrotor of side length 10 pum at 2 rpm,"*®and of
microgears of diameter 24 and 48 pum at 7.1 rpm'*° and 4 rpm,® respectively. Swimming

bacteria trapped within microcavities on a micromotor of diameter 15.2 pm rotated at 20

rpm.'* Finally, bacteria adhered to a square of side length 60 pm drove rotation at 1.3

133
rpm.

The angular speed @ decreases as the droplet size is increased (Figure 3.10 & 3.11). A
similar decrease in @ with increasing R is also observed for bacteria on hexadecane
droplets (Figure 3.12). The change in angular speed reflects two factors: the number of
adherent bacteria, which in our earlier work depended on drop size,'*’ and the drag force
on a rotating droplet, which increases with the drop diameter.!**!> We systematically

explore these effects, starting with the concentration of bacteria in suspension. The
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angular speed w of droplets of similar diameter increases less than linearly with the
optical density (Figure 3.11). As the optical density is varied by one order of
magnitude,  varies by a factor of 2 to 3 depending on the droplet diameter. Because the
standard deviation of w is large, this variation may fall within statistical errors for certain

droplet diameters (e.g., 30 um).
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Figure 3.10. Angular speed of dodecane droplets as a function of droplet diameter for
OD 0f 0.3, 1.0, and 3.0. The aqueous phase is water (10 g L™! potassium nitrate)
with no added surfactant.
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Fig. 3.11 Angular speed of dodecane droplets in 10 g L™! potassium nitrate in MilliQ
water as a function of droplet diameter 2R. Symbols indicate different
concentrations of bacteria, with OD 0.3 (triangles), 1.0 (squares), or 3.0 (circles).
Data points indicate the average and standard deviation over n = 3 to 18 droplets
whose diameters fell within 4 pum. The solid line indicates a power-law with
exponent —1. The R? values of the fits are 0.95, 0.93, and 0.84 for ODs of 0.30,
1.0, and 3.0, respectively.

51


https://pubs.rsc.org/en/content/articlehtml/2019/sm/c9sm01570a#imgfig4

10 T U] T T

o [rpm]

0O 20 40 60 80 100
2R [um]

Fig. 3.12. Angular speed as a function of drop diameter for dodecane and hexadecane
droplets. Optical density of H. titanicae suspension is 1.0. The aqueous phase is
water (10 g L™ potassium nitrate) with no added surfactant.

The optical density is a measure of the concentration of bacteria in suspension, but
does not necessarily proportionally scale with the number of bacteria at the oil-water
interface.'®” To relate the number of bacteria at the interface to the optical density, we
count the number of bacteria directly adhered to the interface in 3-D confocal
micrographs (Figure 3.13). The number of cells on the droplet surface increases by 30 +
3% (n = 15) as the ODgoonm 1s increased from 0.3 to 3.0. Assuming that attached bacteria
are randomly oriented on the surface, the net propulsive force exerted by N bacteria is
expected to scale as N'2.12-130163We find, however, that the percentage increase
in N2 (14 + 1%, n = 15) is lower than the percentage increase in angular speed (77 +
47%, n> 10). (The large errors on the angular speed likely reflect differences in the
interactions between droplets and the nearby capillary surface, which also affect the

MSD.) This result suggests that cells in suspension begin to contribute to droplet rotation

as the concentration is increased.
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Fig. 3.13. 2-D projection of 3-D images of H. titanicae cells on 30 pm dodecane drop
interfaces at optical densities of (a) 0.3, (b) 1.0, and (c) 3.0 captured using
confocal microscopy. The number of attached cells is 284 + 16, 363 + 20, and 368
+ 23 for OD of 0.3 (n = 15 droplets), 1.0 (n = 15 droplets), and 3.0 (n = 15
droplets), respectively. The scale bar is 20 um.
As a first step towards understanding how bacteria drive droplet rotation, we consider
droplet rotation propelled by cells attached to the droplet surface. The torque

164165 on a droplet is given by Time = STuR’w,

counteracting frictional rotational drag
where R is the radius of the droplet and x is the solution viscosity. This rotational drag is
balanced by the net torque exerted by attached bacteria. For N randomly-oriented
bacteria, the net torque scales as Thet = FaN'?R, where F, is the propulsive force from one
bacterium. In our earlier experiments the number of adherent cells scaled approximately
with the droplet surface area, such that N'? o R.!®* Equating these two expressions
suggests that @ o« R!. Our data at the two lowest OD values (0.30 and 1.0) are consistent
with this scaling (Figure 3.11), as indicated by R? values of 0.95 and 0.93 for a fit
to w ~ R'. At higher OD = 3.0, however, » decreases less rapidly than R™!, as confirmed
by the R? value of 0.84, indicating that droplets rotate slightly faster than expected from
their size. This result suggests that collective swimming effects may become important at
number densities approaching 10'° cells mL™! for H. titanicae.

The scaling expression @ « R ! approximates a bacterium as a force monopole.
Because swimming bacteria must exert zero total force on the fluid, a bacterium should
be approximated to lowest order as a force dipole.!®>1” A correction to the net torque,
derived inref. 132, was obtained by considering the propulsive force exerted by a

53


https://pubs.rsc.org/en/content/articlehtml/2019/sm/c9sm01570a#imgfig4

flagellum, which generates an additional drag force that acts on a rotating object. The
torque exerted by a bacterium, accounting for this dipole correction, is given
by Tuet X N'2R[1 — R(P? + R*)'?], where /is the length of a flagellum.'® The dipole
torque model, however, less accurately captures the droplet size dependence of w than
does the monopole torque model (Figure 3.14), likely because the droplet size remains
comparable to the flagellum length /= 10 um. The viscous drag due to a nearby wall
leads to a numerical correction but to lowest order does not alter the R-scaling of the net

168

torque at low Reynolds number; *° this correction is of order 15% for a droplet of radius

15 pm that is located 1 pm from the wall.'®
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Fig. 3.14. Angular velocity as a function of droplet diameter with (a) monopole and (b)
dipole model.

3.3.3 Tuning rotation through interfacial tension

The results presented in Figure 3.3 — 3.14 reveal that the rotation of droplets is driven
by adherent bacteria. This result suggests that modifying the interaction between bacteria
and the interface will alter the rotation behavior. To test this idea, we examine the effect
of the oil-water interfacial tension on drop rotation. We use an anionic surfactant, dioctyl
sodium sulfosuccinate (DOSS), to modify the interfacial tension between dodecane and

water. We previously showed that increasing the surfactant concentration decreased the
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interfacial tension of dodecane—water (Figure 3.15), which increased the free energy of
adhesion and thereby reduced adhesion of cells to droplets.!® Thus, changing the

concentration of DOSS is expected to alter bacteria-driven rotation of droplets.
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Figure 3.15. Dodecane-water interfacial tension ¢ as a function of dioctyl sodium
sulfosuccinate (DOSS) concentration. Water contains 10 g L' of potassium
nitrate.

We observe droplet rotation driven by H. titanicae for DOSS concentrations in the
range 0 — 3500 ppm (Figure 3.16). The angular speed of droplets appears to decrease with
increasing surfactant concentration above 100 ppm. Because the interfacial tension
decreases as the concentration of DOSS is increased, the PS particles do not strongly
adhere to the droplet interface, as indicated by changes in their relative positions on the
interface over time. The bacteria also appear to rearrange relative to others over time,
suggesting that they are able to swim while attached to the DOSS-decorated interfaces.
Thus, the movement of the PS particles does not quantitatively capture the droplet
angular speed. Indeed, at high DOSS concentration the PS particles move much faster
than the droplet, so that the droplet angular speed cannot be accurately measured. Two
mechanisms may contribute to the apparent decrease in droplet angular speed as the
surfactant concentration is increased. First, fewer cells adhere to the interface due to the

55


https://pubs.rsc.org/en/content/articlehtml/2019/sm/c9sm01570a#imgfig6

lower interfacial tension,'®” thereby reducing the total torque. A similar mechanism was
shown in ref. 102, in which adding surfactants removed the cells attached to a microgear
that drove its motion. Second, adding surfactant also reduces the strength of adhesion of
cells at the droplet interface. In support of this idea, cells swim more at the interface as
the surfactant concentration is increased. We propose that less-strongly adhered cells

transmit force less efficiently to the droplet, again reducing the net torque.
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Figure 3.16. PS particle trajectories on rotating droplets as a function of DOSS
concentration: (a) 50 ppm, (b) 200 ppm, and (c¢) 500 ppm. The scale bar is 20 um.

3.3.4 Tuning rotation through interfacial affinity

Finally, we characterize droplet rotation for three species of motile bacteria,
monotrichous S. haliotis and peritrichous E. coli and H. titanicae. All three bacteria
readily swim in the aqueous salt solution, with average near-surface speeds of 13 + 2, 10
+ 3, and 10 £ 4 pm s !for E. coli,S. haliotis, and H. titanicae, respectively. The
swimming speed is approximately constant despite different numbers of flagella in the
three species, consistent with experimental observations!’”’and a theoretical
model.!”! The surface energies of the three strains are 66, 66, and 64 mN m™' for E.
coli, S. haliotis, and H. titanicae, respectively. The angular speed of 40 um droplets,
determined from the trajectories of PS particles adhered to the oil-water interface (Figure

3.17(a—c)), increases from 0.1 rpm for E. coli to 2.5 rpm for H. titanicae (Figure 3.17(a)).
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Figure 3.17. Trajectories of a PS particle on the interface of a dodecane droplets of
diameter 40 um in the presence of (a) E. coli, (b) S. haliotis, and (c) H.
titanicae bacteria at cell concentration =2.7 x 10° cells mL!. (d) Angular
displacement as a function of time for the three species. The inset table provides
the rotation rate, determined from the slope. (e—g) 2-D projections of 3-D images,
obtained using confocal microscopy, for (e) E. coli, (f) S. haliotis, and (g) H.
titanicae. The scale bars in (c) and (g) are 20 um.

Confocal micrographs reveal that very few E. coli adhere to the oil-water interface
(Figure 3.17e). Thus, the slow rotation for this species is likely due to the low number of
bacteria propelling the droplet. Although S. haliotis bacteria adhere at the interface in
slightly lower numbers as compared to H. titanicae (Figure 3.17(f and g), droplets
propelled by S. haliotis rotate twelve times slower than those driven by H. titanicae.
Increasing the concentration of S. haliotis increases the droplet rotation speed (Figure
3.18). Movies of S. haliotis indicate that these bacteria are more motile at the interface

than H. titanicae. We therefore speculate that the relatively slow rotation of S. haliotis-

driven droplets results from the weaker interfacial adhesion.
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(a) (b)

Figure. 3.18. PS particle trajectories on rotating droplets for S. haliotis concentrations of
(a) 2.7 x 10° cells mL! and (b) 8.7 x 10’ cells mL"!. Droplet in (a) rotated at 0.2
rpm whereas droplet in (b) rotated at 0.5 rpm. Scale bar is 20 um.

3.4 Conclusions

We examined the effect of droplet diameter, cell concentration, oil-water interfacial
tension, and bacteria species on the directional rotation of droplets near a liquid—solid

interface. Droplets begin to rotate when the concentration of bacteria is increased above a

certain optical density. Variation in droplet rotational speed reflects differences in the

number of bacteria adhered at the droplet interface. The angular speed of droplets
decreases with increasing droplet diameter, consistent with a physical picture in which
rotation of flagella of randomly-oriented bacteria generates a torque on the droplets. The

speed of rotation can be tuned through the number of bacteria adhered to the interface, by

varying surfactant concentration or bacterial species.

The clockwise rotation, as viewed from the liquid side, is driven by the hydrodynamic
interactions of flagella with the nearby surface. This mechanism, arising from
interactions of bacteria confined near a surface,'! enables directional rotation of a
symmetric object to be generated from active suspensions, in contrast to symmetry-

136-139

breaking through object chirality or non-uniform bacterial adhesion.!**!7? Bacteria-

driven droplet rotation may provide a route to enhance mixing and thereby promote mass
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transport in multiphase microbial reactors!” or drive cells to agglomerate at the droplet
surface through hydrodynamic interactions.!”*!”> Thus the ability to actively drive droplet
rotation may be useful in a variety of practical settings involving microbes.

In addition, active particles can exhibit a wide range of interesting collective
behaviors. For example, self-propelled droplets can form clusters that collectively
translate and rotate when confined.!”®!”” Whether droplets driven by adhered bacteria

exhibit collective motion at high densities is an open question for future study.
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Chapter 4: Bacterial motility enhances adhesion to oil droplets
4.1 Introduction

Adhesion of bacteria at the interface between two liquids can alter the rate of
biodegradation of hydrocarbons®****17® during marine oil spills and the efficacy of
bioprocess engineering operations that involve multiple immiscible fluid phases.'”®!8°
Adhesion of bacteria on solid or liquid surfaces can depend on physicochemical
properties of the surfaces (e.g., surface functionality and topography) and liquids (e.g.,
surfactant concentration, ionic strength, pH, and concentration of the carbon source) as
well as cell surface hydrophobicity (which, in turn, depends on adhesin and
polysaccharide expression).!®%!81-18% These properties affect the electrostatic and van der
Waals forces that control the thermodynamics of adhesion for micron-size bacteria at
interfaces. Many bacteria, however, are active and motile, moving randomly and in
response to chemical'!>!3-1% or physical (e.g., gravity,'”? viscosity,!”! flow!*?) gradients.
Thus, motility may also affect adhesion to liquid-liquid interfaces.

Bacteria motility is known to enhance adhesion of bacteria to solid surfaces.!*>2°!
For example, the fractional surface coverage by motile Pseudomonas aeruginosa PAOI
bacteria is up to 2.5 times greater than that of a nonmotile mutant, depending on the ionic
strength and Reynolds number.'”® This result suggests that motility enabled bacteria to
attach to surface sites that were otherwise inaccessible; in the picture of Ref. 168,
swimming provided a kinetic “force” that competed with the electrostatic and

199 Similarly,

hydrodynamic forces controlling attachment of nonmotile cells.
approximately five to ten times more motile Escherichia coli bacteria adhered on a

nanostructured biocidal surface compared to mutants that lacked rotating flagella or the

60



receptors required for chemotaxis.?’! Motility may increase the frequency at which
bacteria collide with the surface, as suggested by the positive correlation between
attachment rate and swimming speed for motile Alcaligenes and Alteromonas spp.'*® As a
final example, motile and nonmotile E. coli bacteria were located on average at different
distances above the surface, affecting the interactions which acted upon the bacteria and

hence their surface attachment.'”’

Motility is less studied near liquid-liquid interfaces,
such as the oil-water interfaces encountered in an oil spill scenario. Recent studies reveal
that P. aeruginosa bacteria display a variety of motility behaviors near a planar oil-water

interface,?%!3%-202

and that bacterial motility can provide sufficient energy to move
dispersed oil droplets.?®2%* How bacterial motility affects adhesion to oil-water
interfaces, however, remains incompletely understood.

Here, we show that bacteria motility enhances adhesion of the marine bacterium
Halomonas titanicae on hexadecane droplets suspended in artificial seawater. Using
confocal microscopy and single cell tracking algorithms, we quantified the number of
cells adhering to hexadecane droplets over time. To render cells, we added a proton
decoupler, carbonyl cyanide m-chlorophenyl hydrazine (CCCP), or applied mechanical
shear to remove the flagella. Both motile and nonmotile cells exhibited first-order
Langmuir kinetics for adhesion. The time constant extracted from the Langmuir fit was
smaller for motile bacteria. Furthermore, the long-time density of bacteria on the droplet
was greater for motile bacteria. Increasing the concentration of an anionic surfactant,
diocytl sodium sulfosuccinate (DOSS), reduced the oil-water interfacial tension, causing

fewer cells to attach to the interface. The long-time density of motile bacteria on the oil-

water interface was greater than that of the nonmotile bacteria over a wide range of
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DOSS concentrations. Our results suggest that motility can lead to faster and greater
adhesion of bacteria, which may advantage bacteria during biodegradation and other
processes that involve access to a dispersed fluid phase.
4.2 Materials and methods
4.2.1 Chemicals

Zobell marine broth 2216 (HiMedia lab), sodium pyruvate (Amresco), nutrient
agar (Difco), hexadecane (= 99%, Sigma-Aldrich), dioctyl sodium sulfosuccinate (DOSS,
>97%,  Sigma-Aldrich), SYTO9  (ThermoFisher), carbonyl cyanide  3-
chlorophenylhydrazone (CCCP, > 97%, Sigma-Aldrich), sodium chloride (= 99%, BDH),
magnesium chloride hexahydrate (> 99%, Alfa Aesar), magnesium sulfate heptahydrate
(= 99.5%, Sigma-Aldrich), calcium chloride dihydrate (Sigma-Aldrich), potassium
chloride (= 99%, BDH), potassium nitrate (= 99%, EMD), dipotassium phosphate (>
98%, Sigma-Aldrich), ethylene glycol (= 99.8%, Sigma-Aldrich), and diiodomethane (>
99%, Sigma-Aldrich) were used as received.
4.2.2 Bacteria strains and growth conditions

We studied two species of marine bacteria. The Bead 10BA strain is closely
related to Halomonas titanicae. It was isolated from samples collected at 1509 m during
the Deepwater Horizon oil spill in the Gulf of Mexico by Dr. Romy Chakraborty and Dr.
Gary Anderson (Lawrence Berkeley National Laboratory) and recieved from Dr. Douglas
Bartlett (Scripps Institute of Oceanography, UCSD). Hereafter, it is referred to by its
closest species name, H. titanicae. H. titanicae is moderately halophilic, Gram-negative,
and rod-shaped, with diameter of 0.5 — 0.8 um and length of 1.5 — 6 um. These bacteria

swim using their peritrichous flagella.!>® Marinobacter hydrocarbonoclasticus (ATCC
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49840) was obtained from Dr. Bartlett. M. hydrocarbonoclasticus is halotolerant, Gram-
negative, and rod-shaped, with length of 2 — 3 um and diameter of 0.3 — 0.6 um.% It is
nonmotile under the conditions of our experiments. Marine agar plates (38.7 g L' marine
broth, 10 g L'! sodium pyruvate, 15 g L'! agar) were streaked from frozen stocks of these
bacteria and incubated at 30 °C for 40 h. To initiate the principle culture, 20 mL of
culture medium (38.7 g L' marine broth and 10 g L' pyruvate) was inoculated from a
single colony of bacteria and incubated for 20 h in an orbital incubator shaker (New
Brunswick Scientific) at 200 rpm and 30 °C. To prepare subcultures, 20 mL of culture
medium was inoculated with 65 pL of the principal culture and grown to late exponential
phase in an orbital incubator shaker at 30 °C and 200 rpm for 20 h.
4.2.3 Zeta potential

For zeta potential measurements, bacteria cells were grown to late exponential
phase. First, 20 mL of each bacteria suspension was centrifuged at 5000 g for 10 minutes
in a Sorvall ST 16 Centrifuge (ThermoFisher Scientific). The pellet was resuspended in
20 mL MilliQ water and centrifuged again. After repeating this process one more time,
the pellet was resuspended in MilliQ water. The resultant suspension was diluted to an
optical density at 600 nm (ODegoo nm) of 0.04 — 0.06 (Laxco DSM-Micro Cell Density
Meter) with MilliQ water. The zeta potentials of suspensions were measured using a
Nicomp 380 zeta-potential analyzer (Table 4.1).%°
4.2.4 Contact angle and surface energy

Bacteria suspensions for surface measurements were prepared in a similar manner
as those for zeta potential measurements, except that the final OD was adjusted to 1.0.

Each bacteria suspension was filtered through cellulose acetate membrane filters (pore
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diameter 0.45 um, Advantec) under vacuum at 100 mm Hg below atmospheric pressure
using a GEM 8890 vacuum pump (Welch) to create a bacterial lawn.?*’?> Contact angles
were measured for three liquids (MilliQ water, ethylene glycol and diiodomethane) on

the lawns using a Dataphysics OCA 15EC goniometer. The surface energy of the bacteria

was calculated using the method of Wu.”>7*

Table 4.1 Contact angle, surface energy (SE), and zeta potential () of H. titanicae (HT)
and M. hydrocarbonoclasticus (MH) without CCCP (-) and incubated for with
one hour incubation in 5 uM CCCP at room temperature (+). Standard
deviations are calculated from two independent bacteria cultures.

Bacteria CCCP Water DIM EG SE ¢
Sp. [°] [°] [°] [mN m"] [mV]
HT - 23+4 57+5 29+ 4 64 +£1 S51+2
+ 25+2 64 +7 27+4 63+1 47 +7
MH - 86 £ 3 87 +4 98+ 5 2341 -45+ 4
+ 56+7 101 £8 71+£1 42 +1 -39+4

4.2.5 Interfacial tension

The interfacial tension of hexadecane/water was measured as a function of DOSS
concentration via the pendant drop method using a Dataphysics OCA 15EC goniometer.
The outer phase was artificial seawater (ASW: 0.33 M NaCl, 0.06 M MgCl,, 0.03 M
MgSOs4, 0.016 M CaCl,, 0.007 M KCI, 0.019 M KNO3, and 0.0007 M HK,PO4)'#!!2 with
DOSS (1 — 500 ppm) and the inner phase was hexadecane.
4.2.6 Imaging chamber for confocal microscopy

Two types of chambers were prepared for imaging experiments. For nonmotile
cells, a glass slide and a glass cover slip were exposed to oxygen plasma for 2 min. A
PDMS layer of thickness 1 — 1.5 mm on a 100 mm silicon wafer was prepared by
spincoating at 100 rpm for 30 seconds using a spin coater (Brewer Science CEE 200CB).

A 15 x 20 mm? rectangle of PDMS was cut from the layer and a well of 3 —4 x 6 — 8
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mm? was created to contain the bacteria sample. The PDMS rectangle was placed onto a
plasma-cleaned glass slide right after the plasma treatment and covered with a plasma-
cleaned glass cover slip (Fig. 4.1). A similar chamber was prepared for motile cells,
except that the top cover slip was replaced with a cellulose dialysis tubing patch (12 — 14
kDa cutoff, Carolina Biological) attached with vacuum grease. For motile cell
experiments, NaCl solution was introduced through the membrane to reduce cell motility

during imaging.

Cover slip or
cellulose

lmembrane
\ ' T PDMS well

Glass slide,

Ao

~50 pL /‘
\ - A

40X Oil immersion lens
Figure 4.1. Schematic diagram of experimental steps and imaging setup.

4.2.7 Turning off motility

Many bacteria can swim using one or more flagella, which are driven by
electrochemical gradients of protons or sodium ions across the cytoplasmic
membranes.'®” Carbonyl cyanide 3-chlorophenylhydrazone (CCCP) was introduced to
cell suspensions to inhibit cell motility. CCCP is a protonphore that collapses the proton
motive force (PMF) across the cytoplasmic membrane, and thereby halts cell motility.?%

A solution of CCCP of concentration 5 mM was added to bacterial suspensions at an
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appropriate volume to obtain a final concentration of 5 uM and incubated for about 3
minutes. Using a brightfield microscope, we confirmed that nearly all cells stopped
swimming after 3 minutes of incubation time.

We also mechanically sheared off the flagella by rapidly agitating 50 mL of a
washed cell suspension at OD 0.4 using a blender (Oster 6642) in liquify mode at high
for 15 sec. This process temporarily renders cells nonmotile by removing flagella.?

Sheared cells on average did not recover motility over 2 h (Figure 4.2). Sheared cells

were stained and imaged using the protocol for nonmotile cells described in the following

subsection.
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Figure 4.2. MSD of H. titanicae without mechanically shearing (control), immediately
after mechanically shearing (0 h), and two hours after mechanically shearing (2
h). Optical density of cells suspension was 0.2 and DOSS concentration was 2

4.2.8 Imaging cells adhering on hexadecane droplets
From a suspension of cells grown to late exponential phase, 20 mL was
centrifuged at 2000 g for 10 minutes. After the supernatant was discarded, the resultant

pellet was suspended in 2x ASW by gentle shaking and the OD was adjusted to 0.4.
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SYTO 9 (1 pL) was added to 1 mL of this cell suspension and incubated at room
temperature in the dark for 2 — 5 minutes.

For nonmotile bacteria experiments, 1 pL of 5 mM CCCP was added along with 1
puL of SYTOO to 1 mL of cell suspension, which resulted in a final CCCP concentration
of 5 uM. Hexadecane-in-water emulsions were prepared by manually shaking 10 uL of
hexadecane in 1 mL of MilliQ water containing DOSS (4, 40, 100, 200, 300, and 400
ppm) in a 1.5 mL Eppendorf tube. From the cell suspension, 200 uL was transferred into
a 1.5 mL Eppendorf tube, to which 200 uL of emulsion was subsequently added. This
protocol resulted in a final CCCP concentration of 2.5 uM. The resulting suspension (OD
= 0.2, 54 x 10% cells mL") was introduced in an imaging chamber and sealed using
vacuum grease.

Because H. titanicae bacteria remained motile at the droplet surface after
adhesion, we halted the motility by addition of NaCl to enable quantification of cells.
Although cells adhered on the droplet could move along the surface, they did not appear
to detach. A modified protocol was adopted for imaging suspensions containing motile
cells. For these experiments, 10 uL of NaCl solution (350 g L' NaCl in MilliQ water)
was introduced into a suspension of motile cells through the membrane that formed the
top boundary of the imaging chamber. Sodium chloride diffused through the membrane
into the cell-and-emulsion suspension and the cells stopped swimming in 1 — 3 minutes
due to the high NaCl content. Suspensions were imaged within 15 min after introduction
of NaCl. The cessation of swimming motion facilitated imaging and quantification

because cells exhibited minimal displacement during the 3-D scanning.
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Bacteria were imaged in 3-D over time using a VT-Infinity (Visitech, Sunderland,
UK) confocal scanhead. The confocal scanhead was mounted on an inverted microscope
(Leica Microsystems DM4000) bearing a 40X oil-immersion lens (HCX PL APO, NA
1.25 — 0.75). Stacks of two-dimensional images separated by a height A z=0.31 um were
acquired at times t = 5, 10, 20, 30, 60, 90, and 120 min after the cell suspension was
added to the emulsion. For imaging motile bacteria, 350 g L' NaCl was introduced at 5,
10, 20, 30, 60, 90, and 120 min after the bacteria suspension was mixed with the
emulsion. Subsequently, z-stacks were acquired after cell motility was arrested (between
1 and 3 min) after introduction of NaCl. Each experiment was repeated with at least four
independent cultures. For equilibrium adhesion experiments, 3-D images were acquired 1
hour after the emulsion was introduced into the cell suspension. Cells at the oil-water
interface were enumerated using both particle tracking algorithms written on
MATLAB!% and through manual counting using ImagelJ. The cell density was calculated
by dividing the number of cells adhered on the top hemisphere of a droplet by the surface
area of the hemisphere.
4.3 Results and discussion
4.3.1 Bacterial adhesion on hexadecane droplets over time

Using confocal microscopy and single-cell tracking, we analyzed the adhesion of
Halomonas titanicae bacteria over time on 20 um hexadecane droplets stabilized by
DOSS and suspended in ASW. We assessed the effects of motility on adhesion by
comparing results from suspensions in the absence and presence of CCCP, which arrests
cell motility by collapsing the PMF.2% Examination of confocal micrographs reveals that

the number of bacteria adhered on hexadecane droplets changes over time (Figure 4.3).
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The density of cells at the oil-water interface ps , calculated from the 3-D images, initially
increases with time and is approximately constant after 60 minutes for both motile and
nonmotile bacteria (Figure 4.4). The interfacial cell density for motile bacteria is higher
than that of both the chemically modified and mechanically sheared nonmotile bacteria.
Although ps(t) is slightly greater for the mechanically sheared bacteria than the
chemically modified bacteria on all time scales, the difference is within the measurement

error. The time-dependent densities of both motile and nonmotile bacteria follow a

-t
Langmuir first-order kinetic model, ps(t) = ps o — (P50 — Pso)€ ™ , Where pg o is the

density of cells at the interface at t = 0 min, p o, 1s the cell density at long time (t — ©0),
and t is the characteristic time constant of adhesion. The time constants extracted from
the fits are 4 = 1 min, 12 = 1, and 16 = 3 min for motile, nonmotile (CCCP), and
nonmotile (mechanically-sheared) bacteria, respectively; the time constant of nonmotile
H. titanicae is close to the time constant (9 = 4 min) determined in our previous study of

adhesion of nonmotile Marinobacter hydrocarbonoclasticus on 20 um droplets.
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Figure 4.3. 2D projections of 3D confocal images of cells adhered on 20 pum hexadecane
droplets for motile bacteria (top panel), and nonmotile bacteria (bottom panel) at ¢
=5 (first column), 20 (second column), and 120 min (third column). DOSS
concentration is 2 ppm. Scale bar is 10 pm.
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This result indicates that motility enhances the rate of adhesion at the oil-water
interface but does not affect the order of the kinetics. A variety of colloidal adsorption
processes also follow Langmuir kinetics.®*?72% Likewise, first-order Langmuir-type
kinetics have been applied to model the adhesion of S. epidermidis on silicone,®® of

207

Actinomyces viscosus on silica beads,?” and of S. epidermidis on titanium alloy.?%
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Figure 4.4. Interfacial density p,(t) of cells adhered on 20 pm hexadecane droplets as a
function of time for motile (-CCCP, open triangles), chemically nonmotile
(+CCCP, solid squares), and mechanically nonmotile (sheared, solid left
triangles). The DOSS concentration in suspension was 2 ppm. Dashed lines
represent first-order Langmuir adsorption fits. Error bars represent the standard
deviation calculated from at least 30 droplets (at least 6 droplets for at least 5
independent bacterial cultures).

4.3.2 Long-time adhesion
In addition to reducing the time needed to reach steady-state adsorption, motility

also affects the long-time cell density psoc = ps(t = ). In our experiments, ps o 0f

motile bacteria is approximately six times greater than that of nonmotile H. titanicae
bacteria (Figure 4.5). Our finding is consistent with earlier studies showing that bacteria
motility enhances adhesion of bacteria on solid surfaces.!?®!*-2°! By contrast, the long-

time interfacial density of a bacterium that is nonmotile under these experimental

conditions, M. hydrocarbonoclasticus is not altered by addition of CCCP. Its interfacial
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density is slightly greater than that of the nonmotile H. titanicae, consistent with the idea

that the chemical structure of the bacterium surface affects interfacial adhesion.
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Figure 4.5. Effect of motility on adhesion of bacteria to 20 pm hexadecane droplets.
Outer phase is ASW. MH and HT respectively indicate M. hydrocarbonoclasticus
and H. titanicae. "+' and "-' respectively indicate the presence or absence of 5 uM
of CCCP, which arrests cell motility. Sample S represents data acquired for
nonmotile H. titanicae prepared by mechanically shearing off the flagella. Data
acquired for nonmotile M. hydrocarbonoclasticus suggest that CCCP does not
affect the bacterial adhesion through modification of cell or emulsion surfaces.
The optical density was 0.2, which corresponds to 5.4 x 10® cells mL™! for H.
titanicae and 3.5 X 108 cells mL™! for M. hydrocarbonoclasticus.

Motility in our experiments is arrested through the addition of CCCP, which may

affect the interfacial properties of cells or droplets. To confirm that the difference in pg o,

is due to bacterial motility, we characterized the interfacial properties of bacteria and

droplets. The zeta potentials (Table 4.2) of a bacterium that is nonmotile under these
experimental conditions, M. hydrocarbonoclasticus, are the same with or without CCCP,
within experimental error, although the surface energy is somewhat greater with CCCP.

Furthermore, CCCP does not change the interfacial properties of oil-in-water emulsions,

as indicated by the near-constant values of interfacial tension and zeta potential measured

for these emulsions (Figure 4.7(a) and Table 4.2). Finally, the surface properties (surface
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energy and zeta potential) of H. titanicae remain unchanged in presence and in absence
of CCCP. Together, our results suggest that CCCP alters adhesion through arrest of
bacterial motility and not by changing the surface properties of droplets or cells. This
result suggests that motility is the dominant factor controlling the difference in adhesion.
Table 4.2. Zeta potential of hexadecane droplets in Milli-Q water at various DOSS
concentrations. Emulsion droplets were prepared by shaking hexadecane in water

(O/W =1:1000). The standard deviations are calculated from three independent
emulsion suspensions.

[DOSS] {[mV]
[ppm] -CCCp +CCCP
1 -56+£4 -73+£2
2 -67+3 72+ 1
3 -71+£4 -70 £ 10
4 =79+ 2 -85+3
5 90+7 -88£6
6 -88+15 -93+3

Bacterial adhesion is often considered to be a two-step process. First, a bacterium
must diffuse from bulk of liquid suspension to close to the droplet surface. Second, the
bacterium must displace the water layer at the interface to access the surface and
subsequently adhere on it.2” The first of these processes is dominated by bacterial
transport; the second is additionally affected by the thermodynamics of colloidal
adhesion at a liquid-liquid interface.’”191%" From thermodynamics, the number of cells
adsorbed on a liquid-liquid interface depends on the free energy of adhesion, which
depends on the three-phase contact angle and the surface energy of each phase.?!* To
determine how motility may affect these processes, we estimate the transport-controlled
interfacial cell density for nonmotile and motile bacteria. We assume that bacteria can be

modeled as spheres of diameter 1 um. The diffusivity is then given by the Stokes-

kgT

pr—— where, Ry is the hydrodynamic radius. For a prolate
H

Einstein equation, D,,,,, =
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ellipsoid, Ry = \/W/ ln([a + m/b), where a and b are the major and
minor axis lengths, respectively.?!! Taking the room temperature as 7 = 298 K, the
viscosity of the medium as that of water, 1 = 0.89 cP, and the major and minor axes of a
bacterium as @ = 2 um and b = 0.6 um, respectively, we estimate Ry ~ 1 pum and Dy, ~
0.25 um? s!. In our experiments, bacteria are much smaller than the oil droplets (20 — 35
um). Finally, we assume that the adsorption of bacteria is nearly irreversible and that the
bulk cell concentration does not deplete over time. With these assumptions and

conditions, the density of cells on the droplet surface is given by ps(t) =

E . . . o
2C, %t.mz,m This functional form, scaling as -, represents the short-time limit of

Fick's second law of diffusion. We note that the long-time limit of Fick's second law
recovers the exponential function used to fit our data in Figure 2.2!* Similar short-time
and long-time functional dependences can be recovered more generally from a statistical
rate theory treatment,?!*>*!* which also leads to a > dependence on short time?'* and an
exponential form of the general kinetic equation on long time scales.?!> We choose the
characteristic time scale of adsorption to be 31, where 1 is the time constant obtained
from adsorption kinetics; at this time scale, the surface density is expected to reach 95%
of its long-time limit. For an initial bulk cell concentration of 5.4 X 10% cells mL™! the
interfacial density of nonmotile cells is predicted to be 0.014 cells um™. This value is in
reasonable agreement with the experimentally-measured interfacial density, which for
nonmotile H. titanicae cells is 0.024 £ 0.005$ cells pm™

Motility increases the effective diffusivity of bacteria.?!>2!7 We observe
experimentally that peritrichously flagellated H. titanicae swim using a run-and-tumble

mechanism. The diffusivity of a motile bacterium that undergoes runs and tumbles is
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v2t . . . . .
—2  where v is the mean swimming speed, T, is the mean duration
3(1—-a)

given by D,,, =
of straight runs, and «a is the mean value of the cosine of the angle between successive

. .- . v2t
runs.?!® For successive runs that are uncorrelated in direction, & = 0 and D,,, = —=Z. In

203

our previous study,?®® the average swimming speed of H. titanicae was 10 pm s,

yielding D,, = 33 um? s™!. We again take the characteristic time scale to be 3t= 9 min.

Therefore, the density of motile cells pg(t) = 2C, f% is predicted to be 0.081 cells um-

2. The gradual decrease in motility over 1 — 3 min after addition of NaCl may affect the

interfacial cell density measurement on shorter time scales. Using ps(t) =

2C, ’%,102’212 we estimate that the interfacial density is at most 10% and 26% greater

than at t = 6 min and t = 8 min, respectively, compared to that at t =5 min. This value is
close to the experimentally obtained value of 0.095 + 0.010 cells um™. The reasonable
agreement between the predicted and measured densities suggests that motility can
increase adhesion by increasing the flux towards the interface. We note, however, that

%5 scaling!® on

our adhesion curves approximately attain a plateau and do not follow
long times. This finding suggests that the accessible surface for adhesion becomes
saturated after the initial increase; in this context, motility allows the effective packing
density to be increased.!”” Droplets incubated with H. titanicae bacteria at room
temperature for 48 hours did not change in size.
4.3.3 Effect of doss concentration on adhesion of bacteria to hexadecane droplets

We applied our imaging method to investigate the effect of surfactant
concentration on adhesion of motile and nonmotile H. titanicae to hexadecane droplets

(Figure 4.6). We chose as the surfactant DOSS, a major component of the Corexit
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dispersant used in oil spill response.* Confocal micrographs revealed that the number of
cells adhered to the oil-water interface decreases as the surfactant concentration is
increased (Figure 4.6) Earlier studies have reported conflicting trends for bacterial
adhesion at oil-water interfaces in the presence of surfactants.?!°2*! A microbial adhesion
to hydrocarbon (MATH) assay showed that Sphingomonas spp. GY2B adhesion to oil
phase decreases with increases in rhamnolipid concentration.??! In contrast, Klebsiella
oxytoca PYR-1 cell adhesion to oil phase increases concomitant with Tween 20 and

Tween 40 concentration up to the critical micelle concentration (CMC).??°

[DOSS] = 2 ppm
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Figure 4.6. 2D projections of 3D confocal images of cells adhered on 20 pum hexadecane
droplets for motile bacteria (top panel), and nonmotile bacteria (bottom panel) for
[DOSS] = 2 (first column), 50 (second column), and 200 ppm (third column).
Scale bar is 10 pm. White circle represents the location of droplet for clarity.

To understand the effects of surfactant concentration on interfacial adhesion, we
first measured the interfacial tension of hexadecane in ASW with and without CCCP in
the absence of bacteria. The interfacial tension ¢ is approximately constant at low DOSS
concentrations and decreases to near zero at high concentrations of DOSS (Figure 4.7(a)).
We determine the critical micelle concentration (CMC) of each DOSS/ASW system

(with and without CCCP) from the intercept of linear fits of ¢ as a function of [DOSS] at

low and high concentrations (Figure 4.7(a)). Addition of CCCP does not markedly alter
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o, and the critical micelle concentration (CMC) is 101 ppm in absence of CCCP and 105
ppm in presence of CCCP. The surface concentrations of DOSS in absence and in
presence of CCCP are 3.2 X 10° and 2.2 X 10°® mol m™, respectively. These are close to
the values reported in the literature for the surface concentration of DOSS, which range
from 1.6 X 10° to 2.2 X 10 mol m™? (depending on the concentration of ammonium

chloride) for hexadecane in artificial sea water.???
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Figure 4.7. (a) Interfacial tension of hexadecane/ASW in absence and in presence of 2.5
uM CCCP as a function of DOSS concentration measured using pendant drop
method. (b) and (c) Long-time interfacial density ps o, of cells adhered on
hexadecane droplets as a function of (a) normalized surfactant concentration
C/cmc, and (b) hexadecane/water interfacial tension. Error bars represent the
standard deviation calculated from at least 40 observations (at least 10 droplets
from minimum four independent bacterial cultures).

The density of cells at the oil-water interface decreases as the surfactant
concentration is increased (Figure 4.7(b)). The interfacial density of nonmotile cells is
nearly zero above the CMC. By contrast, ps o, of motile cells above the CMC is nonzero.
Interestingly, ps o for C/CMC > 1 is greater than that of nonmotile cells even at the
lowest DOSS concentration (2 ppm). We were able to obtain sufficient statistics for
droplets of two diameters: 20 um and 35 pum, both of which fall on the low end of the

1.52

droplet sizes measured during the Deepwater Horizon oil spill.** For motile cells, pg o

for the two droplet diameters is not distinguishable within experimental errors (Figure
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4.7(b)). For nonmotile cells, ps o is slightly greater for 20 pm droplets than for 35 um
droplets. This result is consistent with our previous work on adhesion of nonmotile M.
hydrocarbonoclasticus to dodecane, in which the highest long-time cell density was
obtained on the smallest droplets.!® The decrease in surface concentration with
increasing DOSS concentration is slightly more pronounced for nonmotile bacteria. The
percentage decreases in pg o, from low (2 ppm) to high DOSS concentration (200 ppm)
are 84%, and 68% for nonmotile bacteria and motile bacteria, respectively, on 20 um, and
88% and 72% for nonmotile and motile bacteria, respectively, on 35 um droplets.

The initial adhesion of bacteria is primarily controlled by the interfacial tension
and surface energy.’”!19223224 Thys, we examined the cell density as a function of the
hexadecane-ASW interfacial tension measured in the absence of bacteria ¢ (Figure
4.7(c)). The interfacial densities of both motile and nonmotile cells increase with . This
result is consistent with our previous study of the effects of surfactant concentration on
adhesion of nonmotile M. hydrocarbonoclasticus on dodecane droplets.'*® Cell adhesion
decreases with increase in surfactant concentration due to an increase in free energy of
adhesion.!'®?!1% The free energy of adhesion increases because ¢ decreases as the
surfactant concentration is increased.’”'” When the interfacial tension is close to zero,
Ps,0 18 nearly zero for nonmotile bacteria but nonzero for motile bacteria. This intriguing
result suggests that motility may help bacteria overcome the energy barrier to access and
remove the water layer at oil/water interface and attach there. These results are consistent
with our earlier work on adhesion of nonmotile bacteria to oil droplets, in which we

posited that the interfacial cell density was primarily controlled by interfacial tension
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with additional contributions from electrostatic interactions between surfactant-decorated
oil droplets and bacteria.'®
4.4 Conclusions

We investigated the effect of motility on adhesion of bacteria to DOSS-stabilized
hexadecane droplets suspended in artificial seawater. The time evolution of the interfacial
cell density follows first-order Langmuir kinetics for both motile and nonmotile bacteria.
The time constant of adhesion of motile bacteria is smaller than that of nonmotile
bacteria, indicating that motility speeds adhesion kinetics. On long time scales the
interfacial density ps o, of both motile and nonmotile bacteria approaches a constant
values, and is greater for motile bacteria. This result suggests that motility may enable
bacteria to pack more efficiently on the droplet interface. Finally, increasing the
concentration of surfactant leads to a decrease in the interfacial tension and a decrease in
the pso for both motile and nonmotile cells. Although pg ., approaches zero for
nonmotile cells at high surfactant concentration, it remains nonzero for motile cells for all
concentrations examined. Thus, motility may aid bacteria to colonize interfaces with very
low interfacial tension.

Our results reveal how bacteria motility may enhance adhesion to oil droplets:
motile bacteria may (a) adhere at a faster rate and (b) arrange more densely on a surface,
as compared to nonmotile bacteria. Because these processes may enhance colonization of
dispersed oil, our results suggest that motility may benefit biodegradation during marine
oil spills. More broadly, this study contributes to a body of literature!*®!*2%! that
suggests that bacteria motility may provide an advantage in initial attachment of bacteria

to various surfaces.
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Chapter 5: Surfactant-driven aggregation of bacteria in solution
5.1 Introduction

Aggregation of bacteria can play an important role in biofilm formation and
biodegradation.?>>23! There are two most important phases of surface colonization; first,
initial cell attachment, and second, multiplication and cell cluster formation.>*
Aggregation behavior is also seen in pathogenesis*** caused by foodborne pathogens such
as E. coli*** Aggregates of bacteria efficiently remove pollutants in wastewater
treatment.?>> In other settings, bacterial aggregation may act as a protective mechanism
against environmental stressors.?*%?” Thus, understanding the mechanisms that drive

bacterial aggregation in complex fluid solutions has significant practical implications.

Many bacteria are known to form aggregates in the presence of polymers.

238-244

Addition of synthetic polymers can drive aggregation via depletion or by

228230245252 interactions. Addditionally, bacteria can themselves produce

bridging
polymers such as extracellular DNA (eDNA) that promote aggregation.?>® Extracellular
DNA generates attractive Lifshiftz-van der Waals and acid-base interactions between

249,250

bacteria. Polymers such as mucin, however, can inhibit aggregation of motile

256,257 258-260

bacteria.>>* Surface structures such as pili,** flagella, or curli can also cause

aggregation in bacteria.

Calcium ions are very common in water bodies and it is an essential component
for maintenance of cell structure, motility, and cell differentiation. Because the polymers
and surface structures that drive bacterial aggregation are often charged, ions in solution
can also affect aggregation processes. For example, divalent Ca®" can form bridges

negatively charge eDNA on the cell surface to cause cell-cell aggregation via bridging
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interaction.?*® Cations can shield the charges on cells, reducing electrostatic repulsion;
typically, significantly higher concentrations of monovalent cations than divalent cations
are required to destabilize micron-size bacteria; likewise, the separation distance between
cells decreased as cation valency increased. Finally, surfactants have also been shown to
affect bacterial aggregation. PAO1 formed aggregations upon addition of sodium
dodecylsulfate (SDS), which disintegrated when DNasel was added.?®' Nonetheless, how
the presence of multiple additives affects bacterial aggregation remains incompletely
understood.

Here, we investigated the effect of dioctyl sodium sulfosuccinate (DOSS), a
surfactant used in oil spill response, and calcium chloride on aggregation of
Marinobacter hydrocarbonoclasticus SP17 and Halomonas titanicae Bead 10BA. We
used optical density measurements to measure the extent of aggregation by comparing the
initial and final optical densities. We acquired images using fluorescence and confocal
microscopy and quantified the size and number of aggregates in each image. Both DOSS
and calcium chloride enhanced aggregation of bacteria. Percentage decrease in optical
density, a measure of aggregation, increases with increase in DOSS concentration. The
size and number of aggregates of M. hydrocarbonoclasticus increases with increase in
DOSS concentration. An aggregation assay run with addition of DNasel reveals that
bacterial aggregation is not due to eDNA. A control experiment run on saline solution
confirms that aggregation is not due to micelle formation. Motile H. titanicae showed
slightly higher aggregation compared to sheared bacteria. Together, these results
contribute to understanding aggregate formation under conditions that may be important

for biodegradation of pollutants and pathogenesis.
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5.2 Materials and Methods

5.2.1 Chemicals

Zobell marine broth 2216 (HiMedia lab), sodium pyruvate (Amresco), nutrient
agar (Difco), dioctyl sodium sulfosuccinate (DOSS, >97%, Sigma-Aldrich), SYTO9
(ThermoFisher), sodium chloride (= 99%, BDH), magnesium chloride hexahydrate (>
99%, Alfa Aesar), mag- nesium sulfate heptahydrate (= 99.5%, Sigma-Aldrich),
calcium chloride (Sigma-Aldrich), potassium chloride (= 99%, BDH), potassium nitrate
(= 99%, EMD), dipotassium phosphate (= 98%, Sigma-Aldrich), tris(hydroxymethyl)
amino methane (= 99.8%, Sigma-Aldrich), ammonium chloride (= 99.99%, Sigma-
Aldrich), iron sulphate (= 99%, Sigma-Aldrich), DNasel from bovine pancreas (Sigma-

Aldrich), and sodium phosphate (= 99%, Sigma-Aldrich) were used as received.
5.2.2 Bacteria strains and growth conditions

M. hydrocarbonoclasticus SP17 and H. titanicae bead 10BA plates were prepared
by streaking bacteria from a frozen stock onto marine agar plates.”> The plates were
incubated at 30 °C for 40 hours. Cultures were prepared by inoculating 20 mL of marine
broth (37.4 g marine broth and 10 g sodium pyruvate in 1 L of MilliQ water) from a
single colony of bacteria from the plate and incubated for 20 h in an orbital incubator

shaker (New Brunswick Scientific) at 200 rpm and 30 °C.
5.2.3 Cell aggregation assay

A cell culture (20 mL) grown to late exponential phase was centrifuged at 4000
\textit{g} for 10 minutes in a Sorvall ST 16 Centrifuge (ThermoFisher Scientific). The

supernatant was discarded and the cell pellet was resuspended in 5 mL of synthetic
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seawater (SSW). SSW was prepared by dissolving 12.1 g tris(hydroxymethyl) amino
methane, 0.75 g KCI, 1.5 g calcium chloride, 3.47 g ammonium chloride, 6.16 g
magnesium sulfate heptahydrate, 5.08 g magnesium chloride hexahydrate, and 35 g
sodium chloride in 1 L of MilliQ water. The pH of the solution was adjusted to 7.5 with 5
M HCI. We subsequently added 2 and 4 mL of aqueous solutions of iron sulfate (0.1%
w/v) and sodium phosphate (10%, w/v), respectively. We prepared 3 mL of cell
suspensions at an optical density (A = 600 nm) of 0.6 with DOSS concentrations of 0, 10,
30, 60, 100, 200, 300, 400, 500, and 600 ppm in 15 mL centrifuge tubes. The initial (t =0,
OD;) and final optical densities (t = 2 h, ODr) of upper layers were measured using a cell
density meter (Laxco DSM-Micro). For time dependent aggregation measurement, the
optical density of each sample was measured over time in triplicates. The decrease in

optical density is usually attributed to aggregation between bacteria and is referred as

(oD;—0Dy)

percentage aggregation,?**23%264 defined as % Aggregation = 100 X o

To measure the effect of DNasel, cells suspensions of optical density 0.6 were
prepared at DOSS concentrations of 0, 200, and 600 ppm; and DNasel was added in
suspensions so that the final DNasel concentration in suspensions were 2 mg mL™!. The

optical density of upper layer of each suspension was measured att =0 and t =2 h.

To compare the effect of motility, 20 mL of H. titanicae suspension was blended
to shear off flagella using a blender (Oster 6642) in liquify mode at high for 30 sec.
Subsequently, the suspension was centrifuge at 4000g for 10 minutes in a Sorvall ST 16
Centrifuge (ThermoFisher Scientific). The supernatant was discarded and the cell pellet

was resuspended in 5 mL of synthetic seawater (SSW). Similarly, unblended suspension
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was centrifuged and suspended in SSW to remove the growth medium. The OD of each
suspension was adjusted to 0.6 using SSW. Samples of varied DOSS concentration were

prepared as discussed before and optical densities were compared.
5.2.4 Imaging cells using microscopy

We image our samples to confirm the aggregation in cell suspensions and to
directly quantify the aggregates. 500 pL sample of each sample were stained using 0.5
pL SYTO9 and incubated at room temperature for 2 minutes. Imaging samples were
prepared using imaging spacer (Sigma-Aldrich) on glass cover slip and 20 pL of cell
suspension was dispensed on to the chamber and covered with another cover slip.
Bacteria were imaged using fluorescence microscope (Leica Microsystems DM4000)
with 40X oil-immersion lens (HCX PL APO, NA 1.25 —0.75). At least six images were
acquired for each sample and the experiment was triplicated. Images are analyzed using
image] open source software. A blob of size greater than 100 pixels area were
considered as aggregates. The number and the size distribution of aggregates were

extracted from each image.
5.2.5 Surface tension and critical micelle concentration

The surface tension of DOSS in SSW and 58 g L! NaCl were determined using
pendant drop method. The surface tension of SSW and NaCl solution were measured as a
function of DOSS concentration using a Dataphysics OCA 15EC goniometer.
Subsequently, we determined the critical micelle concentrations (CMC) of DOSS in SSW
and in NaCl as the concentrations at which the slopes at low and high DOSS

concentrations intercepted (Fig. 5.1).
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Figure 5.1. Surface tension of (a) synthetic seawater (SSW) and (b) NaCl (58 gL ") as a

function of DOSS concentration. The CMC of DOSS is 30 ppm, and 18 ppm in

SSW and NaCl, respectively, obtained from the intersection of slopes at high and

low concentration of DOSS.

5.3 Results and Discussion

5.3.1 Cell aggregation as a function of time and DOSS concentration

We examined the change in stability of suspensions containing M.
hydrocarbonoclasticus, calcium chloride, and the surfactant DOSS in synthetic sea water.
Optical density measurements revealed that percentage aggregation of bacteria, defined
as the percent decrease in optical density, increases linearly as a function of time (Fig.
5.2a), with a total increase of up to 27 + 3% over 150 minutes for a suspension with cell
concentration of 10° cells per mL. A similar decrease in optical density on short time
scales has been previously observed for Yersinia adhesin YadA-expressing E. coli and
was attributed to an increase in aggregation.?®* Measurements conducted at a fixed time
of two hours after introduction of DOSS revealed that increasing the surfactant
concentration leads to a more pronounced decrease in the optical density due to increase

in aggregate size and sedimentation (Fig. 5.2b). Extracting additional information about
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the aggregates from absorbance measurements, however, is tricky because the optical
density is affected by both the size and number of aggregates.

In optical density measurements, the absorbance depends both on the number and
size of scattering objects present in solution. According to the Beer-Lambert law, the
absorbance is given by A = &cl, where c is the concentration of particles, [ is the optical
path length, and ¢ is the molar absorbance coefficient.?> The concentration c is directly
proportional to the number of particles N in suspension, and the molar absorption

coefficient depends on particle radius R. The molar extinction coefficient as a function of
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particle radius is given by € =

to R*, and for larger particles € approaches to R%. Therefore, A « NR? and because in a

given system, NR3 is constant therefore the absorbance decreases as aggregate size

Increases.
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Figure 5.2. (a) Aggregation of M. hydrocarbonoclasticus measured as a percentage
decrease in optical density as a function of time. DOSS concentration was 400
ppm, and the bacteria concentration was 10° cells per mL. (b) Aggregation of
M. hydrocarbonoclasticus as a function of DOSS concentration. Error bars
represent the standard deviation obtained from five independent cultures.
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5.3.2 State diagram and characterization of aggregates

Next, we examined the effect of optical density and DOSS concentration of
aggregation (Fig. 5.3). Confocal micrographs reveal that bacteria aggregates at higher
DOSS concentration. To characterize the aggregation, we measured the number of
aggregates as shown in the state diagram (Fig. 5.4). At a fixed OD, the number density p
of aggregates generally increases as the DOSS concentration is increased. Further,
aggregates form at lower concentrations of DOSS as the optical density is increased, due
to the decrease in the average separation between cells. These results are qualitatively
similar to those reported for polymer-driven aggregation of bacteria, for which
aggregation increases with both bacteria and polymer concentration.?*® In depletion
interacting system, as bacteria concentration was increased aggregation was achieved at
relatively low polymer concentration whereas in bridging interaction systems, as bacteria
concentration was increased aggregation was achieved at relatively higher polymer

concentration.

of DOSS concentration (Y axis) and bacteria optical density (X axis). An OD of
1.0 is equivalent to 1.7 x 10° cells per mL. The scale is 20 pm.
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Figure 5.4. State diagraio}r:)r M. hydrocarbonoclasticus aggregation as a function of
DOSS concentration (C) and optical density (ODsoo). The colorbar represents the
variation in the aggregate number density.

The aggregate size also depends on OD and DOSS concentration (Fig. 5.5).
Generally, increasing the DOSS concentration leads to a broader distribution of
aggregation sizes. The average size of the aggregates also increases slightly as DOSS
concentration is increased. Surprisingly, at the highest optical density and 400 ppm
DOSS concentration the maximum size of aggregates is smaller compared to lower
optical density sample at 400 ppm DOSS concentration. An increase in cell concentration
reduces effective cell-cell distance and a higher DOSS concentration is likely causing an
increased production of EPS which leads to higher aggregation. A large variation in size
of aggregates has also been observed in systems of bacteria-polymer and bacteria-

leukocytes.?3%2¢7
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Figure 5.5. Aggregate size distribution as a function of DOSS concentration at optical
density of (a) 0.06, (b) 0.25, and (c) 1.0. Black lines represent average size and
red lines represent medians of size distributions.

5.3.3 Assays to test aggregation mechanisms
To understand the mechanisms driving aggregation of bacteria in the presence of

DOSS, we first examined the effect of calcium chloride on aggregation of bacteria.

Addition of divalent cation such as Ca** has shown increased aggregation of bacteria. No

aggregation was observed when calcium chloride is not present in the suspension (Fig.

5.6a). Likewise, when the DOSS concentration is 0 or 30 ppm, bacteria do not aggregate
even at the highest calcium chloride concentration of 3 g L', Therefore, both DOSS and
calcium chloride are essential for formation of bacteria aggregation. The number density
of aggregates is increased as DOSS concentration is increased (Fig. 5.6a) or as calcium
chloride concentration is increased (for DOSS concentrations of 100 and 400 ppm). Both
the average and maximum sizes of aggregates increase as calcium chloride concentration
is increased, for DOSS concentrations exceeding 100 ppm (Fig. 5.6a).

Because aggregation requires a sufficiently large concentration of DOSS, we
wanted to determine whether micelles were involved in the aggregation process. Micelles

can promote depletion-driven aggregation of colloidal droplets,?®® and the CMC of DOSS

is below 30 ppm in both SSW and NaCl (Fig. 5.1). We therefore examined the
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aggregation behavior of bacteria in 58 g L' NaCl as a function of DOSS (Fig. 5.1). The
ionic strength of solution is 991 mM which is close to the ionic strength of SSW (990
mM). Bacteria do not aggregate in this solution even at the highest DOSS concentration
of 600 ppm, well above the CMC concentration of DOSS. Thus, our results suggest that
aggregation in this system is not solely due to depletion from DOSS micelles.

That aggregation requires calcium chloride is consistent with previous studies
from other research groups that have shown the importance of divalent cations in

aggregation and adhesion of bacteria. bacteria.?*’-?6°272 Ca?*

is known as important
molecule in enhancing production of extracellular polymeric substances (EPS),2¢%%7
composed of proteins, enzymes, nucleic acids, lipids, polysaccharides, and other
compounds such as humic acids.?’*?”> Furthermore, divalent cations such as Ca*' and
Mg?* can form crosslinks between extracellular material and bacteria.??

One component of EPS is extracellular DNA (eDNA). In an earlier study, Ca®*
acted as a crosslink between eDNA on bacteria surface..?*° Thus, to determine whether
aggregation is due to eDNA, we examined the aggregation of M. hydrocarbonoclasticus
in the presence of an enzyme, DNasel, that can break phosphodiester bonds by
hydrolysis.?*® There was no significant change in aggregation of bacteria in presence and
absence of DNasel up to 600 ppm DOSS concentration (Fig 5.8). This result suggests
that aggregation is not due to eDNA specifically. Instead, we suggest that it is likely due
to bridging of other biopolymers in EPS by Ca?" .Other studies have shown, for example,
that Ca®" can form bridges between bacterial alginate component of EPS, for example.?’®

In another study of biofilm formation by M. hydrocarbonoclasticus at hexadecane-water

interface has shown that protein is major component of biofilm matrix and addition of
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proteinase K (PK) partially inhibited aggregation and biofilm formation on soild and

liquid hydrocarbons.?”’
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Figure 5.6. (a) Aggregate number density (p) and (b) aggregate size distribution as a
function of DOSS concentration at 0, 1.5, and 3 g L™! calcium chloride. bacteria
concentration was 10° cells per mL.

100 ppm

500 ppm

Figure 5.7. Fluorescence images of M. hydrocarbonoclasticus in NaCl (58 g L) at

different DOSS concentration. Bacteria concentration was 10° cells per mL. Scale
bar is 20 um.
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Figure 5.8. (a) Aggregation measured as percentage decrease in optical density as a
function of DOSS concentration in absence and in presence of DNasel 1. Bacteria
concentration was 10° cells per mL. (b) Confocal micrographs of aggregates in
absence and presence of DNasel. Scale bar is 20 um.

5.3.4 Effect of bacteria motility on aggregation
Finally, to examine the effect of motility on aggregation, we examined the

aggregation behavior of Halomonas titanicae. This bacterium can be rendered nonmotile

through mechanical shearing, which removes its flagella. Optical density measurements
reveal that motile bacteria aggregate more readily than nonmotile unsheared bacteria

(Fig. 5.9a). At a DOSS concentration of 600 ppm, where aggregation is most pronounced,

motile and nonmotile bacteria respectively show a 40% and 30% decrease in OD. The

number density of motile bacteria is slightly greater than that of nonmotile bacteria at

intermediate DOSS concentration, whereas at high DOSS concentration the number

density is within the error (Fig. 5.9b). The average size of aggregates is identical within
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error for motile and nonmotile bacteria, but the distribution of aggregate sizes is much
broader for motile bacteria. (Fig. 5.9¢). These results suggest that motility may enhance
bacteria aggregation. This result is consistent with another study that has shown that
278

motility and chemotaxis enhance aggregation of E. coli.

5.3 Conclusions

We investigated aggregation of M. hydrocarbonoclasticus and H. titanicae under
conditions that mimic oil-spill remediation. Aggregation, measured as percentage
decrease in optical density, increases linearly over time during first 150 min. Aggregation
of M. hydrocarbonoclasticus increases with increase in DOSS concentration. Bacteria at
lower OD aggregate at higher DOSS concentration compared to higher OD, however, a
broader distribution of aggregate size was observed at lower OD. Microscopic assays
reveal that the apparent increase in aggregation from the bulk assay reflects changes in
both the number density and size of aggregates. Calcium chloride is essential for
aggregation, and increasing its concentration increases both the number density and size
of aggregates. Likewise, a sufficiently high concentration of DOSS is essential for
aggregation. Addition of DNasel did not alter aggregation behavior, indicating that
aggregation is not solely dependent on eDNA. Finally, motile H. fitanicae exhibit greater
aggregation compared to nonmotile bacteria; the mean aggregate size of motile and
nonmotile bacteria are identical, but the breadth of the size distribution is greater for

motile bacteria.

92



[e))
o

(@)a  Motile | ' | |
80 A Nonmotile
401 g 4
RIEE } “
% 20 } .
S mi; ¢t

t°t %

10210° =
(b)
8t ]
" 6f i
£
o 4t -
2t i H é [ =
bid & . . . i + -

0 . N

0 100 200 300 400 500 600
C [ppm]

(c) N

150

Y
o
o

(&)
o

¢

S< Lé

600

Aggregate size [Mmz]

0 30

C [ppm]

Figure 5.9. (a) Percentage decrease in optical density of motile and nonmotile
H. titanicae as a function of DOSS concentration, (b) aggregate number density
(p) as a function of DOSS concentration, and (c) aggregate size distribution (blue)
as a function of DOSS concentration and calcium chloride concentration.
Horizontal red lines represent medians and horizontal black lines represent means
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of the distributions. Optical density of suspensions were 0.6 correspond to a
concentration of 1.6 x 10° cells per mL. This experiment was replicated for at
least three independent cultures.

Our results suggest that both DOSS and calcium chloride are essential for
aggregation of bacteria. Neither DOSS micelles nor eDNA alone are responsible for
aggregation in this system. Instead, aggregation is likely a result of a complex interaction
between divalent cations, the DOSS surfactant, and a variety of EPS constituents secreted
by bacteria. The aggregation formation is important in bioremediation processes and in
wastewater treatment. Aggregation properties could be used as a sorting method for

selection of adhering bacteria strains.>”?%
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Chapter 6: Summary and recommendations for future works
6.1 Summary

In this study, we developed a method to make oil in water emulsion using a glass-
based microfluidics technique. We developed the design of experiments in imaging and
various tracking methods to be able to quantify the cells on droplet surface. We
investigated the effect of surfactant chemistry, surfactant concentration, bacteria motility,
and droplets size on adhesion of bacteria on oil droplets. Broadly, we investigated the
effect of surfactant on cell-cell interaction, and cell-substrate interactions.

In the first part of our research, we designed and fabricated glass-based coflow
microfluidic device to produce dodecane in water emulsion stabilized with various
surfactants (dioctyl sodium sulfosuccinate, dicyclohexyl sodium sulfosuccinate, dibutyl
sodium sulfosuccinate, cetyltrimethylammonium bromide, Tween 20). We employed a
confocal microscope to acquire 3D image of adhering cells on droplet surface. We used
single-cell tracking algorithms to track location of each bacterium and its orientation. We
investigated the effect of droplet size and surfactant type and concentration on bacterial
adhesion at dodecane/water interfaces. Adhesion of nonmotile bacteria to oil droplet
followed the first-order Langmuir adsorption kinetics. Bacteria interfacial density was
highest for the smallest droplet and it reaches equilibrium faster than larger droplets. We
found that bacteria preferentially align parallel to the local oil/water interface, in
agreement with thermodynamics principle to maximize the displaced interfacial area and
minimize energy, but the distribution of orientation angle suggests that bacteria can
become kinetically trapped in nonequilibrium orientations. Equilibrium interfacial

density of bacteria decreases with increasing the surfactant concentration. This result is
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consistent with an increase in the free energy of adhesion because of the decrease in the
oil/water interfacial tension as the surfactant concentration is increased. Adhesion results
and zeta potential data for droplets suggest that electrostatic interactions also play a role
in bacterial adhesion on droplets.

In the second part of our work, we explored the droplet rotation driven by
adhering motile bacteria on the droplets. We found that droplets start to rotate in
clockwise direction when certain number of motile bacteria adhered to the droplets. The
angular speed of droplets decreases with increase in droplet diameter and with decrease
in optical density of the cell suspension. The speed of rotation can be altered by changing
the bacteria species which may alter the angular speed of droplets by means of having
different adhesion density on the droplet or by weaker interfacial adhesion. The angular
speed of oil droplets decreases with increase in surfactant concentration due to reduced
cell density on surface and due to weaker interfacial adhesion. This droplet rotation may
provide a route to enhance mixing in a bacteria suspension.

In the third part of our work, we investigated the effect of motility on adhesion of
bacteria to DOSS-stabilized hexadecane droplets suspended in artificial seawater. The
adhesion of nonmotile and motile bacteria follow first-order Langmuir kinetics with
motile bacteria having lower time constant, indicating that bacterial motility speeds
adhesion kinetics. Equilibrium interfacial density of motile bacteria is higher than
nonmotile bacteria over a wide range of surfactant concentration which suggests that
motility may enable bacteria to pack more efficiently on the droplet interface. The
interfacial density of bacteria decreases with increase in surfactant concentration for both

motile and nonmotile bacteria. In addition, the interfacial density of nonmotile bacteria
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approaches zero at high surfactant concentration whereas, it remains nonzero for motile
cells for all concentrations examined. Thus, motility may aid bacteria to colonize
interfaces with very low interfacial tension. Our results suggest that improved adhesion
due to motility may benefit biodegradation during marine oil spills.

In the final part of our research, we investigated the effect of dioctyl sodium
sulfosuccinate and calcium chloride concentrations on aggregation of nonmotile M.
hydrocarbonoclasticus SP17 and Halomonas titanicae Bead 10BA. We found that
bacteria aggregation, measured as a percentage decrease in optical density, increased
linearly over time for first 150 min. The aggregation of bacteria increases with increase in
DOSS concentration. Analysis of confocal micrographs reveal that number of aggregate
and size of aggregates increase with increase in DOSS concentration. We found that
presence of Ca®" is important in aggregation and aggregation is enhanced with increase in
Ca?" concentration. Motile Halomonas titanicae shows higher aggregation compared to
nonmotile bacteria.

Our previous works drive the motivation to future work to study the velocity field
created by bacteria-driven droplets, and effect of chemotaxis on bacterial adhesion on oil
droplets.

6.2 Future Work
Based on the observations in our previous work of drop rotation and work on effect of
bacteria motility on adhesion to droplets, the following recommendations are proposed

for future work:
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6.2.1 Flow field generated by the bacteria-driven oil droplets

In our previous work, we explored the bacteria-driven rotation of oil droplets in
aqueous suspension. The oil droplets rotated in clockwise direction when viewed from
the liquid side, due to symmetry-breaking hydrodynamic interaction of adhered bacteria
with the interface. From the principle of fluid mechanics, the rotation of droplet generates
a flow field around inside and outside of the droplets. The flow field would eventually
vanish due to viscous dissipation and due to wall shear stress at the wall of the capillary
channel. Therefore, the velocity vector will be the highest at the droplet interface and
decrease monotonically with the distance from the droplet surface. The velocity would be
highest on rotational plane of highest cross-sectional area of the droplet and would
decrease as we move towards the rotational axis and away from the droplet.

Experimental evidence has suggested that the rotational field are indeed generated
due to these bacteria-driven oil droplets. The existence of velocity field outside of the
droplet was confirmed by circular trajectory of a small droplets and a particle (acting as
tracer) around the droplet. In the Fig. 6.1, a small droplet outside the rotating droplet
follows circular trajectory around a 40 pm dodecane droplets. It covers nearly % of a
complete revolution around the rotating droplet. However, the circular trajectory is noisy
and changes its distance from the droplet surface due to swimming bacteria in the bulk
solution, and likely also due to the hydrodynamic interaction with the rotating droplets.
This complicates the estimation of velocity vector as a function of distance from the

surface of the droplet (r) and as a function of distance along the rotational axis (z).
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Figure 6.1. Clockwise circular trajectory of a smaller droplet (tracer) away from a
rotating 40 pm dodecane droplet. The tracer travels roughly % of the one
complete revolution.

In future experiments, we recommend using lower concentration of cells in the
suspension. This way we can minimize the noisy motion of tracers. If this method does
not work then another possible solution to this problem is that to allow the cells to adhere
to the droplets and remove the remaining cells in the bulk solution by diluting the
suspension with a medium without cells or by size-dependent sorting technique using
microfluidics. To trace the velocity field inside of the droplet, we can introduce
hydrophobic particles to the emulsion so that few particles reside inside of the droplets.
The rest of the experimental method, imaging method, and tracking method remain the
same as mentioned in the drop rotation experiments. With these experiments, we aim to
predict the velocity vector function ¢(r,z) for droplets of different sizes and rotation
speed.

Bacteria-driven droplet rotation may provide a route to enhanced mixing and

thereby promote mass transport in multiphase microbial reactors or drive cells to
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agglomerate at the droplet surface through hydrodynamic interactions. Thus, the ability to
actively drive droplet rotation may be useful in a variety of practical settings involving
microbes.
6.2.2 Transformation of M. hydrocarbonoclasticus to study the effect of chemotaxis
in adhesion of bacteria on oil droplets

In our previous work, we examined the effect of bacteria motility on bacterial
adhesion on oil droplets.?®! For this, motile H. titanicae Bead 10BA and non-motile M.
hydrocarbonoclasticus SP17 were used to study the effect of motility on bacterial
adhesion on hexadecane droplets. H. titanicae is chemotactic towards hexadecane,
studied by Ford group at the University of Virginia. We made this bacteria species
nonmotile by mechanically shearing off the flagella, and by blocking the proton transfer
responsible for driving the flagella motor using CCCP. We want to investigate the effect
of bacteria chemotaxis on adhesion of bacteria to oil droplets. For this, we attempted to
transform the nonmotile M. hydrocarbnoclasticus bacteria into inducible motile bacteria.
With inducible motile bacteria we can further compare the effect of motility on bacterial
adhesion when bacteria were genetically modified. In addition, we want to delete the
genes responsible for chemotactic towards certain hydrocarbons. This way, we will have
three bacteria strains and its mutants; nonmotile, motile with defects in chemotaxis, and
motile with chemotaxis.

In our previous trials, we attempted to introduce plasmid using commonly used
method of electroporation and chemical method. Both methods failed to introduce the
plasmid into the bacteria. Conjugation method was previously used for this strain by

other research group.®® Conjugation is a unidirectional transfer of gene from one
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bacterium to another bacterium. For this, we are using E. coli S17-1 Apir (ATCC 47055)
as a donor bacteria strain to transfer pPBBR1MCS-2 plasmid into the SP17.

After successful transformation of nonmotile Marinobacter hydrocarbonocla-
sticus into motile Marinobacter mutants with and without chemotaxis, we aim to
compare the effect of chemotaxis, and bacteria motility on bacteria adhesion on oil
droplets. Because transformation of marine bacteria is known to be relatively more
complex, this work would also contribute to the molecular biology methods. Because this
bacteria strain is an alkane degrader, transforming this into a motile strain would further
enhance adhesion to oil droplet and biofilm formation and this would likely enhance the

biodegradation of oil.
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